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As an organism develops, it undergoes dramatic changes in shape as tissues and organs 

form. Changes in tissue morphology are driven at the cellular level by the coordinated 

movement, division, and shape change of constituent cells. These processes in turn are 

regulated by dynamic subcellular networks of actin and myosin. Rho Kinase (Rock) is a 

cytoskeletal regulator that phosphorylates non-muscle myosin II to drive remodeling of 

cellular architecture. Rock can be recruited to distinct subcellular locales via interaction 

with the Shroom (Shrm) family of proteins. Shrm proteins harbor several regulatory 

domains including an N-terminal PDZ that is used for localization, an SD1 that binds F-

actin, and a C-terminal SD2 responsible for association with Rock. My thesis is focused 

on understanding the molecular mechanisms employed by these domains to contribute 

to Shrm function. To this end, I crystallized and determined the structure of the complex 

between SD2 and the Shrm binding domain (SBD) of Rock. This structure provides 

detailed insight into the interface between the two domains and motivated biochemical 

and in vivo probing to pinpoint residues that contribute to SD2-SBD recognition. Kinase 

activity assays indicate that Shrm proteins can stimulate Rock catalytic activity, 

demonstrating for the first time that Shrm proteins function directly as Rock activators. 

Additionally, I used structural and biochemical techniques to dissect the function of the 

Shrm2 PDZ domain and determined its binding partner and binding mechanism. These 
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data enhance our understanding of how the Shrm protein family contributes to 

development. 
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1.0 INTRODUCTION 

How does an organism form? This fundamental question has piqued the curiosity of 

humans for centuries. Scientists have long wondered how an organism can progress from 

a ball of dividing cells into a complex assembly of specialized tissues. Early observational 

experiments performed by Aristotle revealed stages of development that were dependent 

on unknown factors – mysterious forces driving morphological changes in a developing 

embryo. A long history of developmental research has propelled forward our 

understanding of these processes on many levels. Tissue development and function is 

driven by coordinated activities of constituent cells. Operations performed at the cellular 

level are the fundamental driving force for the progression of development and the 

maintenance of a healthy organism. If the execution of cellular processes is faulty, 

developmental abnormalities, cancers, and diseases can manifest. One cellular process 

that is absolutely critical to organism health is the ability for cells to change shape in 

response to intra- and extracellular cues. One of the master regulators of cellular 

morphology is the actomyosin cytoskeleton, a piece of subcellular machinery that can 

rearrange and generate force to facilitate movement, division, and morphological change. 

As such an important governor of cellular activity, the cytoskeleton is tightly regulated by 

many factors. Our lab is interested in the Shroom (Shrm) family of cytoskeletal proteins 

and the mechanisms by which individual members contribute to developmental 

processes. Shrm proteins have been implicated in the development of a large number of 

organs ranging from the neural tube1-3 to vasculature4,5, and interact directly with many 
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cytoskeletal regulators, most notably Rho Kinase6,7. The contributions of the Shrm 

proteins are far-reaching, and understanding their role in development has implications 

for the prevention of birth defects and treatment of human disease. 

In the following introduction, I first present a review of the actin cytoskeleton and 

the proteins that use it to drive cellular processes like motility, adhesion, and shape 

change. From there, I narrow my focus to Rho Kinase, finally leading to a discussion 

about the Shrm family of proteins. Following the introduction, I present several of the 

projects I have worked on investigating protein-protein interactions made by both Shrm 

and Rock. Each of these chapters contains its own specific discussion and conclusion 

section. 

1.1 THE CYTOSKELETON AND CELL SHAPE CHANGE 

Beneath a cell’s plasma membrane lay a wealth of architectural features that support 

cellular structure, much like a skeleton supports the structure of the human body. This 

cytoskeleton consists of three major components: microtubules, intermediate filaments, 

and actin filaments. Microtubules facilitate intracellular transport by providing tracks on 

which to move components within the cell. Intermediate filaments provide strength and 

support across the cytoplasm. Actin filaments support the plasma membrane and 

facilitate cell motility. These major structural supports are each polymers of smaller 

protein units that can rearrange and rapidly assemble or disassemble in response to 

internal or external stimuli. As each cell is an integrated network of coordinated signals, 

these structural components do not function in isolation. Hundreds of accessory 
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proteins associate with the cytoskeleton and connect it to molecular motors, tethering 

complexes, and signaling networks that facilitate responses to cellular needs. These 

pathways regulate changes in the cytoskeleton that alter cell morphology to drive both 

development and normal cellular function.  

1.1.1 The resident actin cytoskeleton proteins 

The shape of a cell is a dynamic feature that can change in response to a variety of 

signals. To drive shape changes, cells must effectively remodel the actin cytoskeleton at 

the appropriate spatial and temporal location. Coordinated morphological change within 

a population of cells, for example, a flat epithelial sheet, can drive dramatic changes in 

morphology on the tissue level that are required for development (Figure 1). The 

cytoskeletal proteins actin and non-muscle myosin II work together generate forces that 

change the shape of a cell, and together are referred to as the actomyosin cytoskeleton. 

Figure 1: The actin cytoskeleton controls cell shape and behavior 
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1.1.1.1 Actin 

The simplest unit of the actin cytoskeleton is the monomeric protein, actin. Actin 

was discovered in 1942 bound to myosin in an extract prepared from muscle tissue, and 

at first was thought to only play a role in muscle contraction8. More than 20 years later, 

Howard Holtzer’s laboratory determined that all eukaryotic cells use actin for cellular 

architecture9. Depending on the organism, actin exists in several isoforms. Among these 

are α, β, and γ actin, the first of which is found exclusively in muscle cells, while β and γ  

can be found in other cells. Actin is a 42 kD protein that can exist as a monomer (G-actin) 

in the absence of salt, but as salt concentration increases, can polymerize into long, two-

stranded, helical polymers called filaments (F-actin)10. F-actin is the form of actin that 

provides support and shape to the cell, and changes in shape are facilitated via the 

addition or removal of individual G-actin monomers.  

Polymerization of actin has been a barrier to crystallization and structure 

determination, but co-crystallization with binding partners that hinder polymerization is 

possible11,12, and mutations and modifications have been found that block polymerization 

and have facilitated crystallization13-18. These structural studies revealed that actin adopts 

a globular fold, with two domains (called large and small) that form a binding cleft that 

binds ATP/ADP and a divalent cation (Figure 2A). Each of the two domains is broken 

down into two smaller subdomains, numbered 1 and 2 (small) and 3 and 4 (large)13. 

Nucleotide coordination and electrostatic interactions hold each of the subdomains in 

place11. It is clear from structural data that the adenine base fits into a pocket within the 

binding cleft, but the exact molecular mechanism of nucleotide hydrolysis is not fully 

understood. One hypothesis, based on the observed conformation of actin within a 
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filament, suggests that opening and closing of the binding cleft facilitates nucleotide 

exchange. Other studies suggest different types of conformational change, while others 

suggest no changes at all (reviewed in 19). Further research is needed to identify the exact 

molecular mechanism responsible for ATP hydrolysis, and how these conformational 

changes contribute to filament formation. Other functional regions of the actin monomer 

include the DNase I binding loop responsible for interaction with DNase I, and the 

hydrophobic plug, or H-plug, that is thought to interact with a hydrophobic pocket of an 

actin monomer in the neighboring strand of an actin filament20 (Figure 2A). 

 Actin polymerization is linked to ATP hydrolysis; however, hydrolysis occurs after 

the monomeric actin has bound to a growing filament. Polymerization occurs in a head-

to-tail manner to generate a polarized filament with a plus end and a minus end. ATP-

bound G-actin monomers are preferentially added to both ends of a growing filament, 

although at a much faster rate to the plus end over the minus end. ADP-actin preferentially 

dissociates from filaments and facilitates the process of treadmilling, an equilibrium state 

where actin polymerizes in one direction and depolymerizes from the other. Actin 

filaments are long and flexible, and have a diameter around 5-9 nm. F-actin is not 

amenable to crystallography, and most filament structural information has come from 

electron microscopy studies21,22. One notable study, however, collected X-ray fiber 

diffraction data from an F-actin gel20. Regions on the actin monomer C-terminus, D-loop, 

and H-plug have all been shown to mediate the monomer-monomer interactions within a 

filament23. 

Actin filaments are found all over the cell, but the highest concentration of F-actin 

can be found right below the plasma membrane, at the cell cortex, both providing support 
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and dictating cell shape. Other populations of F-actin are responsible for the formation of 

projections like filopodia that facilitate cell migration, and still other F-actin structures 

contribute to cell division and moving molecules around the cell. Many accessory proteins 

associate with actin and contribute to its polymerization, disassembly, organization, and 

reorganization within the cell, and will be discussed below.  

Figure 2: Structural features of actin and myosin 

A. Structure of nucleotide-bound G-actin, PDB ID 1J6Z. teal, Ca2+ ions; pink, ADP;  lime green,

important structural features; brackets indicate each subdomain.

B. Molecular model of F-actin dynamics. Green, ATP-actin; Grey, ADP-actin. PDB ID 5JLH

C. Cartoon diagram of myosin dimer. Important structural features are indicated.

D. Ribbon diagram of the myosin motor domain with important structural and functional features

indicated. PDB ID 2MYS.
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1.1.1.2 Myosin 

The most well-known of the actin binding proteins are the myosins. The myosins 

are a diverse family of motor proteins that can be broken up into at least 35 different 

classes with abundant functional diversity24. Myosins typically consist of heavy and light 

chain components. The 230 kD heavy chains contain an N-terminal motor domain, a 

region harboring IQ motifs that bind to light chain proteins, a coiled-coil dimerization 

domain, and a C-terminal non-helical tail (NHT) that facilitates dimerization and protein-

protein interactions. (Figure 2C). The largest class of myosins is the myosin II class; these 

myosins are considered conventional25. Non-muscle myosin II (NM II) harbors two 

calmodulin-related light chain proteins, termed regulatory (RLC) and essential (ELC); and 

as the names imply, RLC controls myosin activity, while ELC contributes to myosin 

stability. Two heavy chains and four light chains form a complete myosin assembly. This 

complex then dimerizes in an antiparallel manner with another myosin assembly to form 

a bridge between two actin filaments.  

The myosin motor domain binds to ATP and actin and is the basis for the 

classification of myosin subfamilies24. This motor domain, also called the head domain, 

is flexible relative to the rod-shaped coiled-coil region of the protein, and this feature is 

critical to the ability of NM II to generate force via ATP hydrolysis. Several crystal 

structures of a myosin motor domain have been determined in the presence26-28 and 

absence29,30 of nucleotides, and these have helped describe the molecular mechanisms 

used by myosin to convert chemical energy into movement (reviewed in 31). The myosin 

motor domain contains a large “50-kDa” cleft that harbors binding sites for both ATP and 

actin. To execute movement, ATP-bound myosin hydrolyzes the bound nucleotide to bind 
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to actin. The ADP and Pi remain bound to the motor domain, which then swings as the Pi 

is discharged, and remains tightly attached to actin. ADP is then released, and as a new 

ATP enters the binding cleft, the motor domain loses affinity for actin. This allows myosin 

to detach from the filament to initiate the swinging event again. All myosins except class 

VI harness this energy to move toward the plus-end of actin filaments32.  

1.1.1.3 Actin organization 

There are many types of actin binding proteins (ABPs) that help organize F-actin 

into higher-order structures and contribute to its deconstruction. These proteins perform 

a variety of functions including promoting F-actin assembly, stability, or disassembly, 

crosslinking filaments, and forming branches or bundles. The diversity of ABPs 

contributes to the broad roles they play in cell function, from cell motility to apoptosis. 

The first step in the formation of an actin filament is nucleation – when three or 

more actin monomers bind together in a way that facilitates polymerization. This is a 

process that can happen spontaneously, however, in some cases assembly must be 

executed in a fast and reliable manner, or negative polymerization factors may need to 

be overcome. Actin-nucleating proteins include Arp 2/3, the formin protein family, and 

Spire, and stimulate actin polymerization by generating a nucleation point that initiates 

filament extension (Figure 3A). Different ABPs can form different types of nuclei. For 

example, the Arp 2/3 complex binds G-actin and forms branches off of existing filaments. 

The Arp proteins are structurally similar to actin, and when bound together in a complex 

of proteins called the actin related protein complex 1 (ARPC1), mimic a nucleation event 

that resembles the plus end of a filament and encourage rapid polymerization from the 

nucleation point at a 70° angle off of the parent filament33. The branched networks formed 
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by the Arp2/3 protein complex are important for processes like lamellopodium protrusion 

during cell crawling (discussed further below), and endo- and exocytosis (reviewed in 34). 

In contrast, formins work by nucleating filaments and remain bound to the plus end 

to prevent negative regulators from hindering actin polymerization (reviewed in 35). Much 

of the free cytoplasmic actin is bound to a protein called profilin that prevents G-actin from 

polymerizing (Figure 3A) (discussed below)36. Formins, however, stimulate the rapid 

addition of profilin-bound actin to filaments, making use of otherwise monomeric pools of 

free actin37. Two Formin Homology (FH1 and FH2) domains bind to either actin or profilin, 

and form a ring around the filament that helps drive polymerization38,39. Formins allow the 

cell to quickly tap into its store of free actin in processes where a large cytoskeletal 

structure must be assembled rapidly, for example during the formation of the contractile 

ring during cell division40.  

The Drosophila protein Spire has four separate actin-binding sites, and also 

remains bound to the plus end of filaments but does not prevent nucleation. The four 

binding sites on Spire are all WH2 domains and are connected by a short 15-amino acid 

linker. These domains bind four actin monomers in a cooperative manner, and initiate 

rapid polymerization (Figure 3A). In an interesting interplay, Spire prevents profilin-bound 

actin from binding to the filaments it is bound to, and the increase in local concentration 

due to this association has been shown to increase formin-mediated filament growth41. 

Crosslinking proteins can bundle F-actin into stronger, more rigid structures. A 

functional requirement of an actin-bundling protein is its ability to oligomerize actin, or the 

presence of two or more actin-binding domains (ABDs) on one protein; this allows the 

crosslinking protein to form connections between filaments and assemble them into 
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bundles. For example, α-actinin proteins are long, dimeric proteins that form actin 

crosslinks. This protein family harbors three functional domains: an actin-binding domain, 

an EF motif, and four Spectrin repeat (SR) motifs. α-actinin is hypothesized to be the 

ancestral protein of the Spectrin superfamily of actin crosslinking proteins, and each 

member of this family contains these domains in different number and arrangements and 

uses them for distinct purposes (Reviewed in 42). For the purposes of this introduction, 

only α-actinin will be discussed. The N-terminal actin binding domain of α-actinin consists 

of two calponin-homology (CH) domains. CH1 and CH2 work together to bind to actin, 

primarily through actin-CH1 interactions that are strengthened by the CH2 domain43,44. 

The SR domain consists of four repeats and is hypothesized to serve as a spacer for the 

protein. SRs are three-helical bundles that connect to each other through an additional 

helical linker. These bundles form long, semi-rigid rods that can serve as docking sites 

for other proteins. Functionally, the length of the SR domain dictates the gap between 

actin filaments in a bundle, as α-actinins dimerize through anti-parallel interactions via 

these domains. This dimerization facilitates simultaneous binding to two actin filaments 

and thus bundling (Figure 3B). The EF motif consists of two alpha helices arranged in a 

hand-like shape that binds to calcium and changes conformation. Calcium-induced EF 

conformational change influences actin binding by the cytoskeletal α-actinins45,46. α-

actinin is associated with stress fibers in cultured cells, ultimately making connections 

with adhesion complexes that keep cells attached to surfaces. α-actinins have also been 

shown to interact with cadherins and catenins at adherens junctions mediating cell-cell 

contacts, linking these junctions and the actin cytoskeleton47. 
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Another family of crosslinking proteins includes Fimbrins, which contain two ABDs 

and two EF hands. Due to the close proximity of the ABDs, Fimbrins form very tight, dense 

bundles (Figure 3B). These dense bundles are key to rigid structures such as the cilia 

that sense sound in the inner ear48,49.   

In stark contrast, Filamins have actin binding domains that are very far apart, and 

form disorganized, web-like structures that can form 3D gels50,51. Filamins have an N-

terminal ABS, and 24 repeated β-sheet modules that contain two flexible hinges52. 

Filamins dimerize through their C-terminal tail regions to form a V-shape that allows the 

ABDs to extend outward. The V-shape creates space between the ABDs that forms a 

mesh with large spaces between filaments (Figure 3B)53,54. These structures are 

important for cell motility and have been implicated in bone development and neuron 

function55. 

The Shrm family of cytoskeletal proteins has been shown to have unique actin 

bundling activity, the structural details of which remain unclear. A seemingly natively 

unfolded domain called Shrm domain 1 (SD1) binds to actin and bears in vitro bundling 

activity. A more thorough discussion of this domain can be found in section 1.2.6.1. The 

architecture of the bundles formed by Shrm family proteins also remains to be 

determined, but the binding and bundling activity appears to play a role in stress fiber 

formation and actin rearrangement that facilitates the formation of a contractile 

actomyosin network4.  

It is imperative that there are also negative regulators of actin polymerization as 

the concentration of actin in cells is between 50-200 µM, roughly half of which is un-

polymerized. Pure actin in vitro would quickly polymerize at this concentration. Different 
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proteins regulate this by binding to actin and prevent its assembly, as well as by 

contributing to filament disassembly. Negative regulators include profilin, which binds to 

the actin-actin interface and contributes to blocking polymerization, and cofilin, which 

shears actin filaments and facilitates rapid disassembly of cytoskeletal structures (Figure 

3A). Profilin selectively binds ATP-G-actin, and hinders actin monomer addition to capped 

fialments. In contrast, cofilin binds both F- and G-actin in the ADP-bound state.  Profilin 

and cofilin both work together to turn over the cytoskeleton to promote treadmilling56. The 

activities of these two proteins are important to processes that require rapid filament 

treadmiling, such as the formation of the leading edge in a crawling cell57. 

These examples represent just a few of the hundreds of different actin binding 

proteins. Actin binders help organize F- and G-actin into larger, stronger structures that 

scaffold and support large-scale cellular processes. The types of structures formed by 

these proteins contribute to phenomena ranging from cell movement to cell division, and 

include many more players that perform operations on the actin cytoskeleton to drive 

these events. The proteins that harness the cytoskeleton for cellular function and the 

processes that they drive will be discussed in the next section. 
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Figure 3: Actin binding proteins regulate F-actin architecture 

A. Actin binding proteins facilitate both polymerization and deconstruction of actin filaments. Formin,

ARPC1, and Spire are all nucleating factors, while Profilin and Cofilin contribute to filament

disassembly.

B. Actin crosslinkers form different types of bundles. α-actinin, Fimbrin, and Filamin all form bundles

that have varying amounts of space between filaments due to differences in the arrangement of

their ABDs.

1.1.2 Regulation of cytoskeletal dynamics 

Actin and myosin work together to regulate cellular functions that are critical to 

homeostasis and the progression of development. Hundreds of accessory proteins 

associate with actin, myosin, or both, to change the shape of a cell, provide strength to a 

sheet of tissue, facilitate cell attachment to the extracellular matrix, or drive cell migration. 

Each of these processes is mediated by complexes of different signaling molecules that 

directly or indirectly make contact with the actin cytoskeleton and stimulate 

rearrangement, assembly/disassembly, or contraction. These are fundamental processes 
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that generate functional organs, facilitate immune response, maintain tissue integrity, and 

support cellular function. 

1.1.2.1 Cell Adhesion 

An important feature of epithelial cells is their ability to attach to each other and 

adhere to surfaces. These connections are critical to the regulation of tissue shape, as 

cells tether their actin cytoskeletons to these cell-cell and cell-matrix attachments. As the 

cytoskeleton rearranges in one cell, for example if that cell apically constricts, its cell-cell 

and cell-matrix connections facilitate global tissue shape changes, for example the 

bending or invagination of a flat sheet of cells.  

There are a variety of classes of cell adhesions, each with a specific function. 

Anchoring junctions tether cells both to each other and to extracellular matrices, while 

occluding junctions form a seal between cells and create a physical barrier between them. 

Channel-forming junctions connect the cytoplasms of adjacent cells, and signal-relaying 

junctions can transmit signals between neighbors. While each of these types of junctions 

is critical to proper organism function, anchoring junctions are of particular interest to us 

because of their direct connection to the cytoskeleton (reviewed in 58).  

Anchoring junctions can be broken up into three categories based on the 

connections they make with their environment and the cytoskeletal components with 

which they associate. Adherens junctions tether the actomyosin cytoskeleton, while 

desmosome and hemidesmosome junctions serve as attachment points for intermediate 

filaments. Transmembrane proteins mediate both cell-cell and cell-matrix adhesions, and 

are composed of proteins from two families: cadherins and integrins. Cadherins tether 

cells to neighboring cells, and integrins form connections with extracellular matrix 
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components. Both cadherins (review:59) and integrins (review:60) specialize to interact 

with a variety of extracellular binding partners, and both can interact with either actin or 

intermediate filaments. Desmosome and hemidesmosome junctions employ cadherins 

and integrins, respectively, to interact with intermediate filaments, and adherens junctions 

employ both types of transmembrane proteins to connect the actin cytoskeleton to cell-

cell or cell-matrix attachments. 

The extracellular matrix (ECM) consists of two major divisions: the basement 

membrane and the interstitial matrix. Each contain various types of structural components 

including proteins and glycoproteins, polysaccharides, and proteoglycans, some of which 

are conserved from sponges to humans61. Integrins are the most well-studied of the cell 

adhesion molecule, and span the plasma membrane to mediate connections between the 

ECM and cytoplasmic proteins. Clusters of integrins in the cell membrane tether to actin 

filaments in what are known as focal adhesions (FAs), dynamic protein complexes that 

serve as both a point of attachment and a signaling hub. More than 50 different proteins 

associate with FAs, connecting them to many regulatory pathways62. As they help 

regulate actin organization within the cell, FAs are important for cell migration and cell 

spreading, and have been implicated in cancers, and musculoskeletal, gastrointestinal, 

dermatological, and hematological diseases63. 

Focal adhesions consist of membrane clusters of heterodimers of α and β integrin 

subunits that are specialized to bind different ECM components. In vertebrates, 18 α and 

8 β subunits come together to form at least 24 different heterodimers62. These 

transmembrane proteins are broken into three functional regions: an extracellular ligand-

binding region that directly contacts the ECM, a single transmembrane domain, and a 
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cytoplasmic tail that associates with kinases, phosphatases, and other enzymes; 

cytoskeletal components, and GTP-ase associated proteins62,64. Signals from both inside 

and outside the cell can stimulate conformational changes in integrins that affect ECM 

adhesion and cell behavior, including cytoskeletal remodeling65.  

The cytoplasmic region of most integrins is small, only 20-70 amino acids long, 

and is where cytoplasmic focal adhesion complexes assemble. Despite its size, 

interactions mediated by this tail can trigger dramatic conformational changes within the 

integrin’s large ligand-binding regions that alter how tightly a cell associates with the 

ECM65. Signals from outside the cell, in turn, alter the proteins associated with the tail.  

Structural data describing the cytoplasmic tail of integrins is conflicting, due to the 

flexibility of the domain66. FRET experiments indicate that the cytoplasmic domains of 

dimerized integrins remain in close contact until an ECM ligand binds, then separate65. 

This is referred to as outside-in signaling, and the signal is then passed to one of the >20 

proteins that binds to the tail. Many of the diverse integrin tail protein binding partners, 

including talin, filamin, and α-actinin, interact directly with the actin cytoskeleton67 (Figure 

4). Evidence also supports direct interactions between integrins and actin and myosin68,69. 

Conformational changes allow the assembly of focal adhesion proteins, which can 

stimulate changes in the cytoskeleton via the formation of actin stress fibers through α-

actinin and formins70-74. These stress fibers then transmit contraction across the cell. 

Interestingly, myosin-driven actin contraction also plays a role in clustering integrins 

together into focal adhesion attachment points71. Tension on focal adhesions has an 

effect on how rapidly the protein complex dissociates, but the molecular mechanisms 

governing this process are unknown75. Integrins mediate signaling from inside or outside 
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the cell, connecting the cytoskeleton to external events while simultaneously allowing the 

cytoskeleton to influence surface adhesion. 

Figure 4: Anchoring Junctions 

The actin cytoskeleton is tethered to cell-cell and cell-matrix junctions. Cell-matrix attachments are 

mediated by integrins and focal adhesions, while cell-cell attachments are mediated by E-cadherin. The 

proteins that make up each of these adhesion complexes are shown. 

Cadherins are trans-membrane proteins that mediate cell-cell contacts. There are 

over 20 types of cadherins76, and like integrins, they undergo conformational changes to 

facilitate binding. Proteins in this family contain extracellular domains, a transmembrane 

domain, and a cytoplasmic domain. Cadherin conformational change is mediated by the 

extracellular domains, which bind calcium ions to activate the domain to drive interactions 

with cadherins on neighboring cells77. NMR experiments revealed that calcium-binding is 
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mediated via a short helix, and the domain adopts a globular fold similar to an IGG 

domain, another cell-cell contact mediating module78. The two extracellular domains bind 

to each other via an induced-fit interaction to create a 15-30 nm space between cells79. 

The cytoplasmic domain of cadherin proteins interacts with β-catenin and p120 catenin. 

p120 catenin functions to regulate turnover of adhesions (reviewed in 80), and β-catenin 

attaches to the cytoskeleton mainly via α-catenin, although it has been hypothesized that 

another unknown player also mediates actin interactions (Figure 4)81. Phosphorylation of 

a conserved serine in the cytoplasmic tail is required for β-catenin binding82. Three 

arginines in β-catenin coordinate the phosphate, and mutation of these arginines or the 

catenin serine results in developmental defects in a C. elegans model82. The junctions 

formed by cadherins and their attachment to the cytoskeleton are necessary for 

morphogenesis, as they maintain tissue integrity, and facilitate coordinated events across 

groups of cells to drive dramatic morphological processes like tissue bending83.  

Cellular attachment to both the ECM and to neighboring cells is an important 

cytoskeleton-mediated process. Actin directly and indirectly interacts with 

transmembrane adhesion proteins to transmit signals from inside to outside the cell. This 

actin-mediated signaling has effects on how tightly cells adhere to surfaces and each 

other, and how resistant a tissue is to applied forces84. These cytoskeletal features are 

absolutely required for the proper formation and function of tissues. 

1.1.2.2 Cell migration 

Immune cells must travel to the location of a threat in order to destroy it85. 

Primordial germ cells move across an entire embryo to develop into gametes86. Cellular 
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motility is critical to many stages of development as well as to normal organism function, 

and the most aggressive cancers harness this process to spread via invasive migration 

of tumor cells. Tightly coordinated projectile and contractile forces push and pull cells as 

they travel. Changes within cytoskeletal architecture generate these forces, in 

coordination with the cell membrane and adhesion complexes. 

To move in one direction, cells orient their actin filaments with the plus ends in the 

direction of migration, and the filaments quickly polymerize to generate thin, cylindrical 

protrusions called filopodia, and thin, cross-woven sheets called lamellopodia87 (Figure 

5). This rapid treadmilling is facilitated via the activity of depolymerizers like profilin and 

cofilin56, and the cross-woven sheets are connected by the crosslinking protein filamin88. 

In the lamellopodium, as actin filament growth at the plus end pushes the leading edge 

forward, Arp2/3 complexes nucleate new filaments off of the sides of existing ones, 

forming a branched network as the cell extends outward33. This rapid growth of the actin 

cytoskeleton pushes the cell membrane forward.  

Once this extension has formed, the cell forms new adhesions to connect to the 

matrix it is crawling across, and breaks adhesions as it retracts its rear. Construction and 

disassembly of adhesive structures play an important role in the speed of cell migration. 

Cells that adhere tightly to a surface take longer to move across it, as forces generated 

by the actin cytoskeleton must overcome the cell’s adhesive strength in order to generate 

movement. Once a protrusion has formed, however, it contacts a new extracellular 

surface and assembles new adhesive structures that remain in place until the body of the 

cell passes over. New attachment points serve as anchors that the cell uses to pull itself 

forward via motor proteins, particularly myosin II (reviewed in 25). In addition to 
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generating contraction to push the cell forward, myosin II drives contraction to pull in the 

rear of the cell, breaking adhesions as it contracts to net forward motion. 

Figure 5: Cell motility and the actin cytoskeleton 

Cell motility is dependent on the interplay between polymerization of actin filaments, and the 

assembly and disassembly of adhesive structures. Actin polymerizes in the direction of movement and new 

adhesions form as the cell contacts new surfaces. As the back of the cell retracts, adhesions disassemble 

to release the matrix. 

1.1.2.3 Myosin contractility 

The repeated binding, swinging, and release of the myosin heads against an actin 

filament allow it to move toward the filament’s plus end. When this motion is performed 

by a myosin dimer bound to filaments in opposite orientations, the filaments will contract 

inward (Figure 6). Conversely, if the myosin heads and filaments are oriented in the 

opposite direction they can expand outward. This myosin contractility can have dramatic 

effects on the shape of a cell, and is required for the morphogenesis of essentially all 

tissues, and normal cellular events including membrane blebbing, cell motility, and 

cytokinesis (reviewed in 89). 
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As myosins have a dramatic effect on the shape and function of a cell, contractile 

activity is under tight control and is linked to many signaling pathways. These pathways 

ultimately result in the activating phosphorylation of NM II. Phosphorylation of the RLC at 

serine-19 stimulates ATPase activity and actin binding by changing the conformation of 

the myosin heads90. An additional phosphorylation event occurs on threonine-18 that 

increases the affinity for ATP even more, but does not increase the vmax of hydrolysis91,92. 

Many factors regulate this phosphorylation mark, both kinases and phosphatases, for 

example myosin light chain kinase93, Citron kinase94, Calcium/Calmodulin dependent 

protein kinase95, myosin phosphatase (MYPT)96, and Rho kinase97-99. Each of these 

kinases is regulated by upstream signaling pathways that dictate the correct spatial and 

temporal activation of contractile actomyosin networks to drive changes in cell shape. 
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Figure 6: The actin cytoskeleton and cell shape change 

Phosphorylation of NM II drives contraction of F-actin. In this example, contraction is localized to 

the apical surface of the cell, and drives apical constriction. This results in the cell assuming a wedge-

shaped morphology. This process is critical to the development of many tissues. 

1.1.3 Rho Kinase 

Rho-Kinase (Rock) is a 160 kDa serine/threonine kinase that is a member of the AGC 

family of protein kinases99-103. This protein exists in two isoforms, Rock I and Rock II, that 

are 65% similar overall and 92% similar within their kinase domains104. Initially the 

isoforms were assumed to perform the same functions, however more recent research 

has revealed functional differences between the two. For example, Rock I expression is 

detected in the lungs and testes, while Rock II is expressed mainly in the brain and 

heart103,104. The Rho kinases are obligate dimers that consist of an N-terminal kinase 
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domain, a long, centrally located coiled-coil region harboring several protein binding sites, 

and a C-terminal PH domain that is split in half by a C1 domain (Figure 7) (reviewed in 

105). 

Rock drives changes in the cytoskeleton by phosphorylating the RLC of NM II99. In 

addition to directly activating NM II, Rock indirectly regulates myosin activity by 

phosphorylating and inactivating myosin phosphatase (MYPT)98. This phosphorylation 

prevents MYPT from removing the activating phosphorylation mark from RLC, and 

increases the population of active, contractile myosin in the cell97. Through these two 

substrates, active Rock elicits dramatic changes within the cytoskeleton. These broad 

functions have made Rock an attractive target for therapeutics that alter cytoskeletal 

contractility, particularly vasoconstriction inhibitors and anti-metastatic agents106-110. 

Figure 7: Rock domain diagram 

A box domain of each of the known Rock functional domains, with crystal or NMR structures of 

each solved domain. PDB ID from left to right: 2ETR, 3O0Z, 4L2W, 1UIX, 2ROV, 2ROW 

1.1.3.1 Regulation of Rock activity 

As Rock elicits major constrictive events within a cell, its activity must be tightly 

regulated. When kinase activity is not required, Rock adopts an autoinhibited 

conformation facilitated by direct contact between the kinase and C-terminal 

domains111,112. Autoinhibition was first proposed as a mechanism of Rock regulation when 
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observations indicated that a C-terminally truncated version of the protein is constitutively 

active111,112. Additional experiments revealed that ectopic expression of Rock’s C-terminal 

domains has a dominant negative effect on kinase activity. Pull-down experiments 

indicated a direct interaction between the catalytic domain and two different regions of 

Rock that are within the coiled-coil region of the protein (Figure 8)112. Additionally, it has 

been shown that the C-terminus of Rock I is cleaved by caspases for activation during 

apoptosis113,114 and similarly, Rock II is cleaved by granzyme B115. All lines of evidence 

support a model in which a physical interaction between Rock’s C-terminal PH-C1 domain 

and catalytic domain inhibit kinase activity, however the molecular mechanism driving this 

interaction is poorly understood. 

Figure 8: Rock autoinhibition and activation 

Interactions between the kinase and C-terminal domains inhibit the enzymatic activity of the kinase 

domain. This inhibition can be relieved via the binding of various activating proteins, however the 

mechanisms of activation and inhibition are not understood.  
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The mechanism of autoinhibition is of particular interest because Rock inhibitors 

have been shown to successfully treat human ailments; for example, the Rock inhibitor 

Fasudil is clinically used to treat cerebral vasospasm116. Because of its usefulness as a 

drug target and research tool, efforts are being made to determine the mechanism of 

autoinhibition to guide the design of potent and specific Rock inhibitors. Craft et al. 

attempted to understand the molecular basis of interaction between Rock’s kinase 

domain and PH/C1 domains – Rock’s natural inhibitor. These authors computationally 

docked the PH/C1 domain to the kinase domain and found several regions in the kinase 

domain for C1 docking and one for PH domain docking117. Their docking experiments 

indicate that the PH-C1 domain binding could occlude the ATP binding site, which is the 

same mode of action used by many existing Rock inhibitors118. Understanding the 

mechanism by which the C-terminal domains associate with the kinase domain will be a 

significant step in understanding how Rock is regulated. 

1.1.3.2 Rock Kinase domain 

The most well-studied domain of Rock is the kinase domain. Rock is a 

serine/threonine kinase that belongs to the AGC family of protein kinases. The crystal 

structure of Rock’s kinase domain has been determined numerous times (Figure 

7)107,108,119-122. The catalytic domain is a typical bi-lobed kinase domain with active site

residues that are very similar to that of protein kinase A. Two kinase domains form a 

head-to-head homodimer through interactions between a dimerization domain and a C-

terminal kinase tail118. Dimerization significantly increases the kinase domain’s affinity for 

ATP123. Many kinases are phosphorylated in an activation loop that stabilizes an active 

conformation, but evidence for this in Rock’s activation loop has not been found118. 
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Additionally, Rock appears to be capable of autophosphorylation112,123, but the effect of 

this phosphorylation mark remains unclear.  

Several groups have designed inhibitors that bind to the kinase domain106-

108,121,122,124,125. All published inhibitors function by binding to and occluding the nucleotide 

binding pocket within the kinase domain118. Currently, no published inhibitors are able to 

discriminate between the Rock1 and Rock2 kinase domains.  

1.1.3.3 Rho-binding domain 

RhoA was identified to interact with Rock in ligand-overlay assays searching for 

RhoA-binding proteins111,126. Since this discovery, cell-based, biochemical, and structural 

experiments have pinpointed the location on each protein for its binding partner. The Rho-

binding domain (RBD) of Rock1 spans amino acids 998-1010, and resides within the 

predicted coiled-coil region of the protein (Figure 7). Structural studies support the coiled-

coil conformation of this region, and the RhoA-bound structure of the RBD reveals the 

ability of the Rock1 dimer to simultaneously bind two RhoA molecules on opposing faces 

of the coiled-coil (Figure 9)127-129. 
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Figure 9: RhoA bound to the RBD 

Two RhoA monomers (blue) bind to opposing faces of the Rock coiled-coil RBD (green and purple). 

PDB ID: 1S1C 

RhoA is a small, 37 kD, globular GTPase that is one of twenty-two (in human) Rho 

family members. Rho GTPases function as molecular switches that bind GTP and 

hydrolyze it to regulate the cytoskeleton, including roles in actin polymerization to stress 

fiber formation to cell crawling (reviewed in 130). RhoA is activated by guanine nucleotide 

exchange factors (GEFs) that replace GDP with GTP131.  Activating (Q63L or G14V) and 

stabilizing mutations (F25N) have been generated that permit bacterial overexpression of 

RhoA and its use in biochemical assays132.    

The crystal structure of RhoA revealed a Ras-like fold with a 14-amino acid helical 

insert similar to other Rho family members133. Two loops called Switch I and Switch II 

change conformation depending on the protein’s activation status. Interestingly, these 

switch regions are also the sites that interact with the coiled-coil domain of Rock. 

Structural information describing the RhoA-Rock interaction revealed an interface made 

up of mostly hydrophobic residues, flanked by residues mediating electrostatic 
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interactions129. Both helices of the coiled-coil make contact with a single RhoA molecule, 

but two RhoA modules bind to opposing faces of the RBD coiled coil dimer. It has not 

been determined whether this 1:1 binding arrangement is biologically relevant or an 

artifact of crystallization. 

GTP-bound RhoA is capable of stimulating Rock kinase activity anywhere from 2-

5 fold over basal levels126. The mechanism by which this activation occurs is not 

understood, but somehow, GTP-RhoA binding to the coiled-coil domain is capable of 

transmitting information down the protein to the kinase domain and increases its activity. 

Fully understanding Rock function and regulation will require further insight into the 

mechanisms that transmit activator-binding information. 

1.1.3.4 PH/C1 domain 

Rock has a unique pleckstrin homology (PH) domain at its C-terminus. This 

domain is split into N- and C- halves, with a cysteine-rich C1 domain situated in the 

middle. The PHN and PHC halves fold back onto each other to form a complete PH 

domain. A single NMR structure of a Rock PH domain exists in the PDB (Figure 7). This 

structure and the accompanying experiments revealed that the Rock PH domain adopts 

a canonical fold, but lacks the typical diacylglycerol/phorbol ester binding pocket found in 

most PH domains134. Additional NMR experiments indicated that the PH and C1 domains 

fold independently, but work together to bind to membrane bilayers. These domains have 

been shown to bind to several types of lipid molecules, most notably the Rock activator 

arachidonic acid135. 

A construct containing the PH-C1 domain has been shown by several groups to 

directly interact with the kinase domain, as discussed above. However, no structural 
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information exists that describes the mechanism by which the PH/C1 domain contributes 

to Rock inhibition and subsequent activation. Experiments in our laboratory and others134 

indicate that a tandem PH-C1 construct can be expressed and purified from bacteria, but 

is not very soluble, and degrades rather quickly. This hurdle has contributed to the current 

lack of molecular information describing the domains and their interaction with the kinase 

domain. Future studies will provide insight into this important regulatory role of the PH-

C1. 

1.1.3.5 Shrm-binding domain 

In addition to RhoA, Rock proteins harbor another protein-protein interaction site 

within the coiled-coil that mediates interaction with the Shrm family of cytoskeleton-

associated proteins6 (Figure 7). This region spans amino acids 834-913 of human Rock1, 

and is called the Shrm Binding Domain (SBD)7,136. Interestingly, the Leung lab has shown 

that a direct interaction between a construct containing the SBD and lacking the PH-C1 

also makes direct contact with and has an inhibitory effect on Rock’s kinase domain112. 

Shrm-mediated recruitment of Rock has been implicated in important developmental 

processes including formation of the eye137, vasculature5, and the neural tube1. A small 

molecule that inhibits Shrm-Rock binding has been shown to prevent Nogo66-mediated 

inhibition of axon outgrowth, and has been proposed as a potential therapy to aid 

neuronal damage repair138.  

Our group has determined the only structural information available describing a 

Rock SBD136. The SBD adopts a parallel coiled-coil conformation, consistent with the 

known structures of the surrounding coiled-coil and RBD regions (Figure 7). Patches of 

amino acids have been identified that mediate the interaction between Shrm and Rock 
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(discussed further in section 2.1), but the exact molecular mechanism driving Shrm-Rock 

recognition is not well understood, and the effect that Shrm binding has on Rock activity 

has not been directly evaluated. As this domain has the potential to mediate an activating 

interaction as significant as GTP-RhoA binding, detailed insight into Shrm SD2 binding is 

absolutely critical to understanding Rock function and regulation.  

It is thought that interaction with Shrm family proteins recruits Rock to specific 

regions of the cytoskeleton, where active Rock stimulates contraction of the cytoskeleton 

to facilitate the aforementioned processes. The Shrm-Rock interaction is critical to 

morphogenesis and continues to emerge as an important occurrence for normal cellular 

function. As such a far-reaching binding event, it should be thoroughly studied and well 

understood. 

1.2 SHROOM FAMILY OF CYTOSKELETAL PROTEINS 

The Shroom (Shrm) family of proteins were initially discovered in Xenopus laevis as 

ENaC-associated proteins139. Shortly after this discovery, Shrms were implicated as 

critical players in the signaling pathways that contribute to mouse neural tube 

development2. Shrm proteins interact with many cytoskeletal components including 

Spectrin, myosin VIIa and F-actin. All Shrm proteins have the ability to stimulate a 

contractile actomyosin network, and harness this activity to drive changes in cell shape.  

There are four Shrm family members in humans (Shrms 1-4), and each Shrm 

family member regulates the cytoskeleton for distinct purposes ranging from cell migration 

to apical constriction5,140. Shrm family proteins can harbor several regulatory domains 
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including a PDZ domain and Shrm Domain 1 (SD1), however, different Shrms have 

variable combinations of these domains141. Every Shrm family member contains a Shrm 

Domain 2 (SD2) that mediates a direct interaction with Rock (Figure 10). We hypothesize 

that the N-terminal regulatory domains drive the spatial and temporal localization of the 

Shrm family members, and this localization brings the SD2 domain to specific subcellular 

locales where it recruits Rock to drive changes in the cytoskeleton. 

Figure 10: The Shrm family of proteins 

Shrm family members all contain a SD2 domain, and vary in the presence of N-terminal PDZ and 

SD1 domains. Amino acid numbers correspond to the human versions of the proteins. 

1.2.1 Shrm1 

In 1992, a 130 kD protein was discovered that directly interacts with the apical epithelial 

amiloride-sensitive sodium channel ENaC. This protein was named Apx for apical protein 

Xenopus, and was found to be strongly expressed in Xenopus laevis kidney, proximal 
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intestine, and oocytes, and low expression levels were detected in the distal intestine, 

stomach, and eyes141,142. 

Early attempts to determine the effect Apx had on epithelial sodium channel 

(ENaC)-driven cell current showed no changes with Apx expression. The Cantiello lab 

claims that cells stably expressing Apx show dramatic increases in Na+ current, but this 

effect varies greatly between stable clones143. This group suggested that the Apx protein 

itself can function as an ion channel in melanoma cells143. Further investigation revealed 

an interaction between ENaC, Apx, and the cytoskeletal protein Spectrin, and showed 

that knockdown of Apx resulted in a dramatic decrease in ENaC channel function144. 

These studies suggest a role for the Apx protein in regulating epithelial sodium channel 

function. Additional studies identified an interaction with human Apx and melanoma cell 

surface adhesion molecule (MCAM)145. This interaction is suggested to be important for 

bridging the interaction of MCAM and the actin cytoskeleton145. Other studies have found 

a role for Apx in regulation of γ-tubulin distribution140. In 2006, to generate a standard for 

the Shrm field, Apx was renamed Shrm1146. 

1.2.2 Shrm2 

Shrm2 was identified in humans through a screen to identify genes that contribute to the 

development of Ocular Albinism Type 1139. Originally named Apxl, Shrm2 was thought to 

be the human homolog of Xenopus Shrm1. Further investigation revealed that it was a 

distinct protein, and it was subsequently named Shrm2146. 

Shrm2 expression has been detected in the neural plate, eye, vasculature, and 

kidney5,141. Shrm2 negatively regulates angiogenesis, as stable knockdown cell-lines 
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display both increased branching in a vasculogenesis assay and faster motility when 

compared to wild-type cells. This activity has been attributed to a requirement for Shrm2 

contribution to membrane integrity via maintaining tension at the cell cortex.  In agreement 

with this, in cell culture, Shrm2 associates with cortical actin at the cell membrane4. Shrm2 

knockdown in Xenopus embryos severely disrupts development of the Retinal Pigment 

Epithelium (RPE), and this appears to depend on the function of the Rab27a GTPase137. 

Past research has determined a conserved role for the Shrm2 SD2 domain in 

mediating Rock signaling4,5, but this protein also contains a central actin-binding domain 

and an N-terminal PDZ domain that are not well-characterized. It is not clear what drives 

Shrm2 localization to the cell cortex, but we hypothesize that interactions mediated by 

either the PDZ or SD1, or both in coordination, drive specific localization of Shrm2. Further 

biochemical characterization of these two domains will be critical to understanding the 

unique role of Shrm2. 

1.2.3 Shrm3 

Shrm3 was discovered in 1999 using a mouse gene trap mutagenesis screen looking for 

new players in neural tube development. Disruption of the Shrm3 gene causes a dramatic 

phenotype in which the neural folds fail to form hingepoints or fuse to form the neural 

tube, instead spilling outward in a shape that resembles a mushroom2. This phenotype is 

the origin for the gene name, originally Shrm, before later being re-named to Shrm3146. 

In mice, the Shrm3 protein exists in two isoforms: mShrm3L and mShrm3S, the only 

difference being the presence of a PDZ domain in mShrm3L. In-situ hybridization 

experiments indicate that both isoforms are expressed in the same cells2. In Xenopus, 



34 

Shrm3 has been implicated in neural tube development, and xShrm3 causes apical 

constriction in polarized epithelial cells, but not in non-polarized cells3.  In the developing 

Xenopus embryo, in addition to the neural plate, Shrm3 transcripts have been detected 

by in-situ hybridization in the eye, brain, heart, and kidneys141. In cell culture, Shrm3 is 

localized to adherens junctions and stress fibers, and contributes to the apical distribution 

of actin in polarized cells2. mShrm3 is localized to apical adhesion complexes, and 

overexpression triggers apical constriction of polarized cells in culture6.  

This ability to trigger shape change in cells is attributed to the recruitment of an 

apically-localized contractile actomyosin network via Rock signaling through the 

conserved SD2 domain. In addition to the PDZ and SD2, Shrm3 also harbors an actin-

binding SD1 domain that is largely uncharacterized. Shrm3 recruitment of Rock has been 

implicated in development of the kidney147, eye148,149 and gut150,151, and inhibition of the 

Shrm3-Rock binding event inhibits axon outgrowth in culture138. 

While Shrm family proteins are predominantly thought to regulate cell shape 

through interactions with the actin cytoskeleton, Shrm3 has also been shown to interact 

with microtubules. The Wallingford lab found that disruption of Shrm3 expression not only 

affected apical constriction in a developing embryo, but also cell elongation that 

accompanies the constriction event. In an effort to determine how Shrm3 affects cell 

elongation, the lab found that Shrm3 re-distributes γ-tubulin, and loss of this ability renders 

the cells unable to elongate140. The mechanisms by which Shrm3 executes this 

rearrangement have yet to be elucidated. 

Shrm3 is the best-characterized of the Shrm family members, and has been 

implicated in human ailments including kidney disease147 and heterotaxy152. Shrm3 plays 
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a wide range of roles in regulating cellular architecture, and the list of binding partners 

continues to grow.  

1.2.4 Shrm4 

Shrm4 is the least studied family member. The Shrm4 gene was discovered through an 

attempt to identify genes that are disrupted in patients with impaired cognitive function, 

and was named KIAA1202153. Shrm4 expression has been detected in neural tissue, 

somites, and eye tissue141,153; and the protein localizes to a distinct population of actin 

when expressed in mammalian cells, despite lacking the Shrm family actin binding 

domain (SD1, discussed below)153,154. More research is needed to understand how 

Shrm4 functions in order to more clearly understand the roles it plays in development. 

1.2.5 Drosophila Shrm 

Drosophila has only one Shrm protein, dShrm. dShrm (Drosophila gene CG8603) was 

identified by the presence of the highly conserved SD2 domain, and exists in three 

isoforms, dShrmA, B, and C4,155. dShrm expression can be detected in Drosophila 

embryos at adherens junctions in the developing ectoderm155. dShrmA is most similar to 

the vertebrate Shrm3 variant, and is the most highly expressed of the three. This variant 

has an N-terminal region that has some conservation with vertebrate Shrm PDZs, an SD1 

domain that can bind actin, and an SD2 domain. DShrmB and C contain only the C-

terminal 669 amino acids of the dShrmA variant, including the SD2 domain. The SD2 

domain induces apical constriction in polarized MDCK cell culture when targeted to the 
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apical surface of the cell4. At the beginning of this thesis work, the only structural data 

describing a Shrm SD2 domain was that of Drosophila Shrm; this is discussed in more 

detail in section 2.1. The sequence differences between dShrmA and dShrmB dictate 

distinct subcellular localization to adherens junctions and the apical surface of the cell, 

respectively. The molecular mechanism and the binding partners driving this differential 

localization have yet to be elucidated155. 

dShrm appears to function through the same pathways as the vertebrate 

homologs, as it retains the ability to interact with the Drosophila Rock, dRok, and is able 

to interact with F-actin4. This indicates that Shrm-mediated pathways of cell shape 

change are conserved across the animal kingdom.  

1.2.6 Shrm regulatory domains 

Shrm proteins are very long, roughly 1600-amino acid proteins that contain several 

protein-protein interaction domains. The defining feature of a Shrm family member is the 

presence of the Shrm Domain 2, or SD2, at the C-terminus of the protein. This domain is 

the most well-studied domain across all Shrm family members, and it is through this 

domain that Shrm proteins stimulate cell shape changes via recruitment of Rock1,6,7. The 

central and N-terminally located domains are thought to perform regulatory roles by 

recruiting Shrm proteins to subcellular locales that differ for each of the family members. 

Once recruited, Shrms stimulate cytoskeletal changes via Rock signaling. Our work and 

data from others has contributed to this understanding of Shrm function (Figure 11)1-7,136-

138,140,145,147,148,150,153-161. Our work continues to inform on the function of each of these 
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domains in an effort to gain insight into the mechanisms of Shrm-Rock module 

deployment for the regulation of cytoskeletal dynamics. 

Figure 11: Summary of Shrm family expression and domain function 

1.2.6.1 Shrm Domain 1 

Shrm proteins harbor a conserved domain named Shrm Domain 1 (SD1) that 

directly binds to actin. In vivo, the SD1 domains from different Shrms colocalize with 

distinct populations of actin, and expression of Shrm2 SD1 protects actin filaments from 

destruction by cytochalaisin-D156. In vitro, the SD1 domain alone is sufficient to induce 
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bundling of F-actin filaments4. SD1 domains from different Shrms appear to generate 

actin bundles that are structurally distinguishable from each other (Hildebrand lab, 

unpublished data), but the mechanisms by which different SD1s recognize actin and 

induce bundling are not known.  

Some families of ABPs contain motifs responsible for interacting with actin38,162-164, 

but as ABPs are such a large group, there are many different types of actin-binding motifs 

that have evolved. Some effort has been made to identify a single conserved sequence 

motif that mediates actin-binding, but have done so with limited success165. Notably, there 

is no recognizable actin-binding motif detected within the Shrm SD1 domains, other than 

conservation of the domain within Shrm2 and Shrm3. Notably, Shrm4 is also an actin-

binding protein, and the region that binds to actin is contained in the center of the protein, 

but Shrm4 does not contain a conserved SD1 domain154. Additional experiments will be 

necessary to understand how these domains are used by each Shrm family member to 

interact with actin and if these domains are capable of discriminating between different 

populations of actin.  

In addition to the lack of conserved actin-binding sequences, secondary-structure 

predictions are unable to detect any sort of secondary structure elements within the SD1. 

Data presented in chapter 5.2 supports these predictions, and suggests that this domain 

may be natively unfolded. Additional discussion of SD1 domains can be found in section 

5.2.1. 

1.2.6.2 Shrm Domain 2 

The defining feature of Shrm family members is the Shrm Domain 2 (SD2) (Figure 

10). This highly conserved C-terminal domain is required for Shrm-induced cytoskeletal 
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remodeling, yet has no sequence homology to any other known protein domains. The 

SD2 directly binds to the Rock SBD to recruit the kinase to distinct populations of actin6,7. 

The SD2 domain is critical for proper signaling during development, as in mice, a single 

point mutation within the Shrm3 SD2 causes dramatic developmental abnormalities that 

phenocopy a Shrm3 null mutant1. 

Significant biochemical and structural work have attempted to understand the 

function of the SD2 domain on a molecular basis. The crystal structure of the SD2 from 

Drosophila Shrm revealed a surprising dimeric alpha-helical fold consisting of a long 

coiled coil “body” segment with two coiled-coil “arm” segments on either side166. Prior to 

this thesis, no other structural information was available for an SD2 domain. Biochemical 

and cell-based assays have helped map regions of the SD2 that are important for 

interacting with Rock (discussed below), but the exact mechanisms governing SD2-SBD 

recognition were not apparent. In order to understand the how this domain stimulates 

changes within the cytoskeleton through Rock, it is critical to obtain detailed molecular 

insight into the interface between the two proteins. A more detailed description of current 

Shrm-Rock interaction data can be found in section 2.1. 

Another SD2-mediated Shrm interaction that needs to be investigated more closely 

is that between Shrm and Scribble. Scribble is a protein involved in the planar cell polarity 

(PCP) pathway (reviewed in 167).  In an attempt to determine new substrates for Rho-

Kinase, the Kaibuchi lab discovered a phosphorylation-dependent binding event that 

occurred between Scribble and the Shrm SD2 domain168. Because Scrib-knockdown 

mice show similar neural tube defects to Shrm knockdowns, and Shrm-Scrib-Rock 
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colocalization can be detected at the cell cortex, it is possible that this interaction helps 

assemble a stable complex that regulates NM II phosphorylation. 

1.2.6.3 PDZ 

PDZ (Post synaptic density protein, Drosophila disc large tumor suppressor, 

Zonula occludens-1) domains are 80-100 amino acids long and are found in hundreds of 

proteins across the human genome169. PDZ domains can exist as a single domain or in 

multiple copies within a protein170. These domains are typically used to mediate protein-

protein interactions via a short stretch of amino acids (typically 4-6) at the binding 

partner’s C-terminus171. The PDZ domain fold is highly conserved, consisting of two α-

helices (αA and B) and six β-strands (βA-F).  Additionally, the carboxylate binding loop is 

a highly conserved feature (R/K-XXX-G-φ-G-φ, where X is any residue and φ is 

hydrophobic) that helps create the hydrophobic environment responsible for ligand 

recognition171-173. This motif is historically known as the GLGF motif, however as new 

members of the domain family are discovered, new carboxylate binding motifs are 

emerging169,173,174. 

Shrm2, 3, and 4 all have conserved N-terminal PDZ domains, yet the function of 

this domain has not been determined for any family member. An NMR structure has been 

deposited in the PDB of the PDZ domain of Shrm4 (PDB ID 2EDP), but no further analysis 

has been published to accompany it. It is clear from this structure, however, that Shrm4 

utilizes a typical PDZ fold, and contains a carboxylate binding loop with the sequence 

PWGF. Interestingly, this sequence motif is also conserved within Shrm3 and Shrm2, but 

homology models indicate slight amino acid differences within the predicted binding 
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pocket that could confer differential substrate binding (Figure 12). This PWGF motif is 

also found in PDLIM protein175s174, and this point is discussed in further detail in section 

3.2.2. 

Figure 12: Shrm family PDZ homology models have slight binding pocket differences. 

Shrm2 (red) and Shrm3 (blue) homology models were generated using SWISSMODEL176, and 

were based on the Shrm4 structure (PDB ID: 2EDP). The inset shows a zoomed-in version of the indicated 

section of the model.  

Mutations within the PDZ have been linked to heterotaxia152, but there is no 

molecular mechanism or binding partner to explain this disease association. More 

research must be done in order to identify PDZ-mediated Shrm interactions to understand 

the role this domain plays in the regulation of Shrm proteins. As with the SD1, it will be of 

interest to determine the role of the PDZ domain within each of the Shrm family members, 
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as it is not known whether this domain contributes to differential localization of the Shrm 

proteins. 

1.2.6.4 Additional Shrm functional regions 

There are several regions of Shrms that have been implicated in interactions with 

other proteins but have not been deemed independent domains (Figure 10, 11). For 

example, the El-Amraoui lab used a yeast two-hybrid to identify an interaction between 

Shrm2 and Myosin VIIa, with a Shrm2 region termed the “myosin-binding region,” or MBR 

(AA 350 – 721)156. Myosin VIIa is an unconventional myosin that is thought to play a role 

in cell adhesion177. This interaction has only been shown by the El-Amraoui lab, but has 

been suggested to be important for tethering actin to tight junctions. This group also 

showed that Shrm2 interacts directly with ZO-1, an important tight-junction protein. The 

authors showed by pull-down that the SPR region of Shrm2 is responsible for mediating 

an interaction with the ZO-1 GuK domain. It is known that Shrm2 localizes to cortical actin, 

and it is possible that binding to ZO-1 contributes to driving that localization, and binding 

to MyosinVIIa helps stabilize the interaction. 

Plently of SH3s (POSH) is a scaffolding protein that plays broad roles in cell 

membrane dynamics and shape change. As its name suggest, POSH harbors three SH3 

domains, a Rac-binding domain, and a RING domain. The Vojtek lab discovered a role 

for the third SH3 domain in neurite outgrowth, and implicated an interaction with Shrm3 

for this process157. The Shrm-POSH interaction was supported by in vitro pull-downs with 

purified protein and CO-IP experiments from mouse embryonic brain extracts and human 

neuroblastoma cells. The region of Shrm responsible for the interaction is within amino 

acids 225-444, between the PDZ and SD1 domains. The authors generated a model from 
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their data that suggests that Shrm3, POSH, and Rock work together to inhibit neurite 

outgrowth. This is interesting, as the Hildebrand lab has also shown that Shrm2 works to 

negatively regulate cell motility and vascular sprouting5. It appears that the Shrm family 

of proteins may contribute to the maintenance of tension at cell membranes that prevents 

the formation of protrusions. 

Our collaborators in the Hildebrand lab have identified an interaction between 

Shrm3 and the PCP pathway protein Dishevelled (Dvl)160. Dvl interacts with the Wnt 

signaling receptor VanGogh (Vang) to drive convergent extension via the PCP 

pathway178. Experiments in mice indicated genetic interactions between Shrm3 and Vang, 

and Shrm3 and Wnt5a, that led to the identification of a direct binding event between the 

Dvl DEP domain and Shrm3 amino acids 286-776160. Shrm3, Dvl, and Rock all co-localize 

in cytoplasmic puncta160. The interaction between Shrm3 and Dvl was also confirmed by 

co-IP from Dvl-expressing Cos7 cells160. The interaction between Shrm3 and Dvl is 

hypothesized to be responsible for the asymmetric distribution of Rock that is required for 

rosette formation during convergent extension in a developing embryo160.  

It is clear that Shrm proteins mediate many interactions. We hypothesize that these 

interactions mainly serve to recruit Shrm to specific areas of the cell, or stabilize Shrm 

complexes once they are in place. Ultimately, recruitment of Shrm brings Rock and a 

contractile network of actin and myosin, and it is this contractile network that contributes 

to cell behavior.  
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1.3 DISSERTATION AIMS 

Shrm proteins play broad roles in cell shape change. These long, multi-domain proteins 

function by localizing active Rock to specific regions of the cytoskeleton to drive 

contractile events that facilitate processes like cell migration or changes in cell 

morphology. Shrm function can be broken down into two categories: protein localization 

and Rock-binding. While it is well-established that the highly conserved C-terminal SD2 

domain is required for interaction with Rock, we hypothesize that the N-terminal and 

central domains serve to localize the protein to specific subcellular locations to drive 

localized Rock-mediated cytoskeletal events. To understand how Shrm proteins 

contribute to development and normal cell function, we must learn the details of each of 

these functions and how they contribute to the structure of the cytoskeleton. 

1.3.1 Molecular mechanism of the Shrm-Rock Interaction 

The SD2 domain of Shrm proteins is present in every family member characterized to 

date, and is required for interaction with Rock SBD. The individual structures of SD2 and 

SBD have been determined, however the mechanism by which the two domains come 

together to form an interaction is not clear. In this aim, I use structural biology to gain 

molecular insight into the SD2-SBD binding mechanism. The molecular model generated 

from this data fueled hypotheses about the amino acids driving the Shrm-Rock 

interaction, and we tested the importance of these binding-interface residues in both in 

vitro binding experiments and in vivo cytoskeletal remodeling assays. Additionally, 

activation of Rock catalytic activity requires release of the autoinhibitory interactions 
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between the kinase and C-terminal regions of the protein. While it is well established that 

binding of other activators, particularly RhoA, can stimulate Rock activity, kinase 

activation in the presence of Shrm SD2 had not been tested directly. I performed in vitro 

kinase activity assays in the presence and absence of Shrm SD2 to evaluate its role as 

a Rock activating protein. In these studies, I determined a Shrm-Rock binding interface 

that is critical to Shrm-mediated cell shape change, and showed that the SD2 is capable 

of directly stimulating Rock kinase activity.  

1.3.2 Structural and biochemical basis for PDZ-mediated Shrm regulation 

Some Shrm family members contain a PDZ domain with unknown function at the N-

terminus of the protein. We hypothesize that this PDZ domain contributes to the 

localization of the protein via interaction with the C-terminus of its binding partner. To 

initiate an investigation of the role of the Shrm2 protein, I performed a pull-down 

experiment in combination of mass-spectrometry analysis. This experiment revealed a 

list of several interacting proteins that appeared to be enriched for proteins associated 

with focal adhesions. I used another pull-down assay in combination with a yeast two-

hybrid assay to identify direct interactors, and determined a direct interaction between the 

Shrm2 PDZ domain and α-actinin. To understand how the PDZ is being used to deploy 

Shrm proteins to α-actinin, I crystallized and determined the structure of the PDZ domain 

in the presence and absence of an α-actinin peptide. We have used this structure to 

design point mutants to probe the PDZ binding pocket in an effort to learn which residues 
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are the most important for PDZ-α-actinin interactions. These data revealed a novel 

interaction for Shrm proteins that will be an exciting target of future research. 
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2.0  ATOMIC-LEVEL INSIGHT INTO THE SHRM-ROCK INTERFACE 

Shrm proteins stimulate changes in cellular architecture via Rock signaling6,7,148. The 

interaction between Shrm and Rock is critical for an organism to survive the early stages 

of development1, and plays important roles in normal cell function5. Prior to this study, 

structural data from our lab revealed surfaces on both Shrm and Rock that are required 

for their interaction both in vivo and in vitro, but the exact residues driving this interaction 

were not known, and the conformational changes required of either protein for binding 

were unclear. Additionally, existing data suggest that Shrm could play a role as a Rock 

activating protein136,179, but this ability had never been tested directly. I used structural 

biology, biochemistry, cell biology, and enzymatic assays to pinpoint the amino acids 

mediating Shrm – Rock binding, and for the first time provided evidence that Shrm can 

directly activate Rho Kinase. 

This insight into the Shrm-Rock recognition surface has moved forward our 

understanding of the processes governing formation of the neural tube, kidneys, and 

other organs, and implicated Shrms as a new class of Rock activating proteins. Future 

studies will evaluate the interplay between Shrm and other Rock activators, particularly 

RhoA. The following chapter is an expanded version of work that has been published 

elsewhere161. 
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2.1 INTRODUCTION 

The interaction between the actin-binding protein Shrm and the myosin-activating protein 

Rock is critical for an organism to form properly1. In an effort to gain insight into the 

molecular mechanism driving this important binding event, our lab crystallized and 

determined the structures of the Shrm and Rock interacting domains individually136,166. 

Using this structural data, our lab identified conserved surfaces on each of the domains 

that were hypothesized to be important for complex formation. Three patches were 

identified on the Shrm SD2, and were named Surface Clusters (SC) 1-3, and one large 

patch on the Rock SBD was broken into two smaller sections named 850QYF852 and 

857KTQ859. These patches were mutated and tested in in vitro Shrm-Rock binding assays, 

then were evaluated for the ability to stimulate cytoskeletal events within a cellular 

context. These experiments narrowed down the important regions to SC2 and 3 on Shrm, 

and a stretch of ~10 residues on Rock (Figure 13). These data provided insight into the 

domains on their own, but also led to more questions regarding the mechanism of 

complex formation between them. 

The resulting data, when mapped to the surface of the Drosophila Shrm SD2, 

revealed Rock binding surfaces on opposite ends of a very long dimer, roughly 65 Å away 

from each other. In contrast, the parallel coiled-coil structure of the Rock SBD harbored 

adjacent binding sites on either side of the coil (Figure 13). From these data alone, it is 

not possible to generate a single model for Shrm-Rock binding, as there are several 

possible ways these binding sites could be utilized by the proteins for an interaction. We 

generated several models describing potential modes of Shrm SD2-Rock SBD binding 

Figure 13). Because Rock must be a dimer to be active123, and because the regions N- 



49 

and C-terminal to the Rock SBD are coiled coils127,128, we hypothesized that Rock 

remained dimeric, and that the Shrm SD2 must either undergo a global conformational 

change to bind to Rock, or bind to Rock as a dimer. Two of our models require a 

rearrangement about a structural feature we have termed the “hinge point,” that we 

predict may be a flexible region of the protein. These models are supported by secondary 

structure analysis that predicts this middle region is unstructured, and that the sequences 

in this region are conserved in all vertebrate Shrm proteins but not in Drosophila Shrm 

(Figure 13C). For various technical reasons, biochemical and cell-based studies alone 

are not sufficient to identify the most accurate of these three models. Because this hinge 

point was predicted to be present in human Shrm2, we chose to pursue structural data of 

that homolog. 

We sought structural information that describes the Shrm-Rock binding module in 

an effort to understand how these proteins interact with each other in the cell, as well as 

to gain molecular insight into the interface residues on each domain driving the 

interaction. With this structural information in hand, we were able to generate hypotheses 

about which interface residues are the most critical to Shrm-Rock binding, and then tested 

the importance of those residues in in vitro binding assays and cellular cytoskeletal 

remodeling assays. We have captured a detailed glimpse into the SD2-SBD interface and 

identified amino acids that are required for the interaction.  
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Figure 13: Individual Shrm and Rock structures suggest several binding models 

A. Individual structures of Drosophila Shrm SD2 (grey) and human Rock1 SBD (Green). Both proteins

are dimers, and are shown with experimentally-determined binding residues highlighted in red.
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B. Three models for Shrm SD2 arrangement in the Shrm-Rock complex. Shrm SD2 is shown in grey,

with binding sites represented as red stars. Rock SBD is green and shown at a 90° angle from the

position in panel A.

C. An alignment of 23 Shrm SD2 sequences. Symmetry/Hinge point is highlighted in pink. Higher

conservation is indicated by a darker blue highlight.

In addition to understanding the molecular mechanism of the SD2-SBD interaction, 

we sought to understand the effect Shrm has on Rock catalytic activity. As Rock exists in 

an autoinhibited state111, and Shrm binds to a region very close to the canonical activator 

RhoA7, we hypothesized that Shrm proteins could also stimulate Rock kinase activity. We 

performed in vitro kinase assays and showed that Rock kinase activity is stimulated in the 

presence of the wild-type SD2, and not in the presence of a mutant SD2 that is unable to 

bind Rock. 

We also uncovered a new, monomeric fold that Shrm SD2 adopts. We determined 

that human Shrm2 SD2 exists as a monomer in solution and crystallizes as a monomer. 

This monomeric form of the protein is also the form that is bound to Rock in the structure 

of the SBD-SD2 complex. Curiously, this monomeric fold is virtually the same as one-half 

of the dimeric Drosophila version of the protein166. It remains to be determined whether 

Drosophila Shrm can also adopt this monomeric fold, if this ‘hinge-point’ formation is a 

regulatory step controlling Shrm binding, or if the two folds simply represent evolutionary 

differences. 

The information gained from these studies has provided critical insight into Shrm-

mediated Rock regulation, provided molecular details about Shrm-Rock binding, and 

revealed new differences between Drosophila and Human Shrm proteins. These insights 
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have pushed forward our understanding of the developmental processes that depend on 

successful deployment of the Shrm-Rock module. 

2.2 RESULTS 

2.2.1 Determination of minimal binding domains and crystallization 

To identify optimal constructs for crystallography, I expressed and purified human Shrm2 

SD2 consisting of residues 1427-1610, and human Rock1 SBD residues 707-946. SBD 

and SD2 were combined to form a complex, then treated with trace amounts of protease 

and evaluated by SDS-PAGE over the course of two hours. Protease-resistant species 

became apparent, evidenced by the persistence of a species on the gel that was larger 

than either SBD or SD2 alone, and appeared to be a form of the complex that traveled 

further into the gel over time. (Figure 14A). This band was excised and evaluated by mass 

spectrometry, which revealed a series of fragments spanning minimal regions of both the 

SBD and the SD2 (Figure 14B and C). These data were then used to design expression 

constructs for Rock (Figure 14B).  
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Figure 14: Determination of minimal SD2-SBD complex 

A. SD2-SBD complex was digested using trypsin, and timepoints were run on a 10% native acrylamide

gel. Stable complex bands could be seen up to 5 minutes after the addition of protease.

B. (Upper) Domain diagram describing the Rock SBD and a summary of the mass spec hits from the

proteolysis experiment. Fragments containing more than 10 peptide hits are colored blue, less than
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10 are colored grey. (Lower) Schematic describing the various constructs used to attempt to 

generate complex crystals, with an evaluation of their crystallographic performance.  

C. Domain diagram describing Shrm2 SD2 and summarizing mass spec hits. Fragments containing

more than 10 peptide hits are colored orange, less than 10 are colored grey.

Each of these new constructs was expressed in E. coli, purified, bound to Shrm 

SD2, and used to set up crystallization reactions. Constructs 707-946 and 746-906 

expressed and purified well, but did not result in crystals. Construct 788-906 crystallized 

readily, but crystals diffracted poorly (~3.9Å resolution). Construct 834-931 formed thin, 

needle-shaped crystals that were resistant to optimization, and were not pursued as 

better results were obtained with the 834-913 construct (Figure 14B). 

Of all of the constructs tested, the 834-913 variant generated the highest quality 

crystals. Interestingly, this was the same construct used to generate crystals of the Rock 

SBD alone136. This construct generated two crystal forms, one form that was thicker and 

more square-shaped, and one that resembled an envelope. Different crystal forms are 

shown in Figure 15. The thicker crystals yielded the highest quality data, and is the form 

that we used to generate our dataset.  
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Figure 15: SBD-SD2 crystal optimization 

Initial crystals were grown in the indicated conditions, and were then optimized for size, uniformity, 

and integrity. Final optimized crystals and their corresponding conditions are shown on the right. 

2.2.2 Crystal Structure of the Shrm-Rock Complex 

Diffraction data from crystals like those in Figure 13 was anisotropic, although not as 

severe as the data obtained for the SBD alone. I used molecular replacement to solve the 

phase problem, using a search model generated from a homology model of the elbow 

region of the Drosophila structure. Immediately following map generation, I removed 

several backbone atoms and re-refined my model using a simulated annealing step to 

ensure my map was free from bias. Once my map passed this initial test, I was confident 

moving forward and began placing atoms into the density. Low resolution made the 
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placement of some side chains difficult, but I found that the residues within the binding 

interface were well-resolved. The SD2-SBD structure was refined to 3.57 Å resolution 

with an Rwork/free=27.3/28.7% (Table 1). 

The asymmetric unit contains four copies of each protein, comprising two complete 

Shrm-Rock modules (module A and module B) (Figure 16). Overall, electron density and 

the resulting model was best for Module A (chains A-D), and because of this I chose this 

module for analysis and to generate figures. The two modules are similar to each other 

(r.m.s.d. of 0.7 Å over 926 Cα atoms), with each module containing one dimer of Rock 

SBD with two Shrm SD2 monomers bound on opposing faces (Figure 17).  Nearly all of 

the Shrm SD2 residues were observed in our structure with the exception of the hinge 

region where the quality of the electron density was variable. The dimeric, parallel coiled-

coil arrangement observed for the Rock SBD is in general agreement with other structures 

of the central region of Rock128,129. However, unlike our previous structure of the Rock 

SBD136, residues 895-913 were disordered.  

The SD2-SBD complex revealed a compact binding interface consisting of 

hydrophobic contacts flanked by electrostatic interactions. We pinpointed amino acids on 

each domain that are important for the binding interaction, and the interface observed in 

our structure is supported by existing data (Figure 18). 
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Table 1: Shrm SD2 and Rock SBD data collection and refinement statistics 

Human Shrm2 SD2 Human Shrm-Rock 
complex  

PDB ID 5F4Y 5F5P 
Data collection 

Space group C2221 P212121 
Cell dimensions a, b, c (Å) 90.89, 110.00, 118.86 97.59, 133.80, 135.87 

Reflections 
Total 280,990 1,327,044 

Unique 8,552 21,121 

Resolution (Å) 50.00 - 3.29 
(3.36 - 3.29)a 

50.00 - 3.57 
(3.63 - 3.57) 

Rmerge (%)b 8.0 8.0 
I / σI 23.7 (2.26) 24.5 (1.72) 

Completeness (%) 92.7 (91.8) 97.8 (97.9) 
Redundancy 5.6 5.3 

Wilson B-factor 115.4 130.0 
Refinement 

Resolution (Å) 14.93 – 3.29 
(3.46 – 3.29) 

20 – 3.57 
(3.74 – 3.57) 

Rworkc / Rfreed (%) 24.6 / 29.9 
(30.8 / 39.0)  

27.3 / 28.7 
(51.1 / 47.9) 

Number of. atoms 
Protein 5,198 15,406 

B-factors (Å2) 125.1 149.8 
R.m.s. deviations
Bond lengths (Å) 0.003 0.002 

Bond angles (°) 0.45 0.54 
Ramachandran

Favored (%) 98.1 98.68 
Allowed (%) 1.9 1.32 
Clash Score 1.54 1.49 

aValues in parentheses are for highest-resolution shell. 
bRmerge = (|(ΣI - <I>)|)/(ΣI), where <I> is the average intensity of multiple measurements. 
cRwork = Σhkl||Fobs(hkl)|| - Fcalc (hkl)||/Σhkl|Fobs(hkl)|. 
dRfree represents the cross-validation R factor for 10.1% (Shrm SD2) or 5.3% (Shrm-Rock 
complex) of the reflections against which the model was not refined.  
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Figure 16: Asymmetric Unit of the SBD-SD2 crystal 

 Two modules, A and B, pack together within the asymmetric unit of SBD-SD2 crystals. Rock SBD 

dimer is blue, Shrm2 SD2 monomers are orange. 
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Figure 17: Crystal structure of the SD2-SBD complex 

Ribbon diagram of the hShrm2 SD2 – hRock1 SBD binding module. Two views are shown, 

with a 90° rotation in between as indicated. Two SD2 monomers (orange) and one SBD dimer 

(blue) are shown with important regions within each indicated. 
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Figure 18: Summary of published Shrm-Rock interaction data 

Shrm (A) and Rock (B) multiple sequence alignments. Highlighted amino acids are invariant and 

have been evaluated in indicated studies. Green highlights are residues buried within coiled coils, and Red 

highlights are solvent-accessible. Indicated mutations or clusters of mutations indicate whether they do 

(filled) or do not (empty) affect Shrm-Rock binding. 
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2.2.3 Identification of residues that mediate Shrm-Rock binding 

The four Shrm-Rock interfaces within the asymmetric unit bury an average of 887.2 Å2 of 

surface area. Shape complementarity, a measurement that describes how well two 

binding surfaces fit each other, gives values for each interface that range from 0.54-0.61. 

This is consistent with values for the Rock SBD dimer interface (0.56), as well as other 

protein-protein interfaces180. Given that the Shrm-Rock interaction is conserved 

throughout metazoans, we hypothesized that the interface would be enriched in highly 

conserved and invariant residues. To test this, I generated multiple sequence alignments 

for the Shrm2 SD2 (23 sequences) and the Rock1 SBD (33 sequences). Mapping 

sequence conservation onto the surface of both proteins revealed a large patch of 

residues with >95% identity within our alignment that cluster near the N-terminus of the 

Rock SBD. This conserved patch also correlates with the location of the Shrm-Rock 

binding interface observed in our structure (Figure 19). Sequence conservation within the 

Shrm2 SD2 is more extended, with smaller patches existing on both faces of the 

molecule. The largest patch of residues with >95% identity, however, includes the Rock-

binding surface. It also includes residue R1508, a position which is conserved in all SD2s 

and when mutated in Shrm3, results in neural tube defects in a mouse model (Figure 

19)1.

To demonstrate that the Shrm-Rock interface we observe in our crystal is the 

biologically relevant binding surface, I designed several point mutations to probe the SD2-

SBD interface to identify residues critical to binding. An undergraduate student generated 

these mutant proteins as fluorescent fusions of Shrm SD2 (His10-mRuby2-1427-1610) 

and Rock SBD (His10-Clover-707-946)181. We chose to generate these constructs as 
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fusion proteins to aid in visualization of the proteins both during purification and in native 

PAGE binding assays. We evaluated the ability of purified Ruby-Shrm2 SD2 variants 

(L1501A, L1548A, and K1487A) to bind Clover-Rock1 SBD by native PAGE. L1501 and 

L1548 are both buried within the binding interface (Figures 20A, B), and alanine 

substitutions at those positions abolish binding (Figure 20E). K1487 is predicted to 

interact with Rock E862 at the periphery of the binding surface, where it makes one of a 

relatively small number of hydrogen bonds observed within the interface (Figure 20A). 

Despite its peripheral location, the K1487A mutant also abolishes binding (Figure 20E).  

We generated Rock interface mutations (Y851A, F852A, L855A, Q859A, or 

E862A) in a similar manner, once again testing binding ability via native PAGE. Here, we 

observed that F852A and L855A substitutions in the hydrophobic center of the interface 

cannot support complex formation, while substitutions of residues in the periphery 

(Y851A, Q859A, E862A) had little to no effect on binding in this assay (Figure 20C). The 

effect of substituting E862 in Rock was surprising as it was observed to be hydrogen 

bonding with the critical Shrm residue K1487 in our structure. Additionally, previous 

studies have demonstrated that an alanine triple mutant in Rock1, 857KTQ859, was unable 

to bind Shrm3136. These results indicate that either the hydrogen bond between Rock 

Q859 and Shrm N1551 is, on its own, not essential for the Shrm-Rock interaction in vitro, 

that K857 and T858 contribute significantly to binding, or that these three residues 

contribute more to Shrm3 binding than Shrm2. Each of the purified proteins used in this 

assay were subjected to limited proteolysis using 0.025% trypsin (Figures 20D, 20F), and 

in all cases were found to behave like wild-type, indicating that these substitutions had no 

effect on overall structure. Together, these data are consistent with previous biochemical 
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analysis performed in the absence of structural information on the binding 

interface1,7,136,166, and pinpoint residues within both Shrm and Rock that are critical for 

complex formation in vitro.  

Figure 19: The conserved SD2-SBD interface 

Conservation from a multiple sequence alignment of 23 Shrm or 33 Rock1 proteins was mapped 

on to a surface representation of each protein. Residues with over 95% identity within this alignment are 

colored orange for Shrm (left box) while residues over 85% identical (light blue) and over 95% identical 

(blue) are indicated on the Rock1 surface (lower right box). The boundaries of the observed binding 

interface are outlines for both proteins. A ribbon diagram of the complex is shown for reference. 
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Figure 20: Mutational analysis of the SD2-SBD interface 

A. Ribbon diagram of the Shrm-Rock interface featuring important residues as sticks. Residues

previously shown to mediate Shrm-Rock interactions are indicated in green, additional residues

shown to mediate interactions as a part of this study are colored yellow, and the position R1508

shown to mediate neural tube defects in mice is shown in magenta. Selected hydrogen bonding

interactions within the interface are indicated with black dotted lines.

B. Same as A.

C. Mutants in the Shrm-Rock interface block complex formation. Wild-type or mutant Shrm SD2

(mRuby-SD2) or Rock1 SBD (707-946 fused to Clover) were mixed as indicated and their ability

to form complex assayed by native PAGE and imaged at 460nm or 630nm, and presented as a

false colored overlay.

D. WT and mutant Rock1 (707-946) proteins were subjected to limited proteolysis using 0.025%

Trypsin and samples taken at the indicated time points. In this assay, the mutant proteins

behaved similarly to wild-type.

E. Same as C.

F. Limited proteolysis for Shrm SD2 (1427-1610) mutants, were performed as in D.
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2.2.4 The Shrm-Rock interface and epithelial cell shape change 

Figure 21: Endolyn tagging system for apical protein trafficking 

Endolyn-mouse Shrm3 (mShrm3) fusions were expressed with either mShrm3 SD2, and either 

wild-type or point mutant variants of hShrm2 SD2. The endolyn tag traffics these fusions to the apical 

surface of polarized epithelial cells.  

We next sought to determine whether single point mutants that did not support binding in 

vitro would be functional within a cellular context. To do this, we substituted human Shrm2 

SD2 or the SD2 with selected point mutants into a modified pCS2 vector containing an 

Endolyn targeting sequence (amino acids 1-187)182 fused to amino acids 1372-1572 of 

mShrm3). This endolyn-tagging system allows us to target the SD2 to the apical surface 

of cells, where we have previously shown that mouse Shrm2 and Shrm3 SD2 motifs are 

both necessary and sufficient to cause apical constriction in polarized epithelial cells 

(Figure 21)4,6. Using this system, I first determined that human Shrm2 SD2 can also elicit 

apical constriction similarly to mouse Shrm3 SD2 (Figure 22) and consistent with apical 

constriction assays using mouse Shrm2 SD24. I next performed this experiment using 

mutant versions of the SD2 that failed to bind Rock SBD in vitro. I found that SD2 variants 
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K1487A, L1501A, or L1548A are all stably expressed and targeted to the apical surface, 

but are unable to trigger apical constriction to any appreciable degree (Figure 22D-F). 

These cellular experiments in combination with in vitro analysis allow lead to the 

conclusion that the Shrm-Rock interface observed in the crystal structure is critical for 

both binding to Rock in vitro and for SD2-mediated changes in cellular morphology in cell 

culture. 

To ensure that the loss of apical constriction observed in our mutants is due to a 

defect in Shrm-mediated recruitment of Rock, I co-transfected MDCK cells with 

expression constructs for both the endolyn-tagged Shrm variants and a myc-tagged Rock 

SBD (681-942). We stained these transfected cells to determine the localization of both 

Shrm and Rock proteins. While wild-type mShrm3 SD2 and human Shrm2 SD2 can 

recruit Rock to the apical surface of MDCK cells (Figure 22H-I), Shrm mutants K1487A, 

L1501A, and L1548A, as well as a mShrm3 construct lacking the SD2 domain, cannot 

(Figure 22G, J-L). From these data I can conclude that the phenotype observed in Figure 

22D-F is due to the loss of Shrm-mediated Rock recruitment to the apical plasma 

membrane. 



67 

Figure 22: Shrm SD2 point mutants fail to recruit Rock and apically constrict 

A-F. MDCK cells were transiently transfected on Transwell filters with indicated constructs, and

stained to detect Shrm (green) and ZO-1 (red). Scale bars represent 10µM. Images are projections of .5µm 

confocal sections.  

G-L. MDCK cells were transiently co-transfected on Transwell filters with myc-Rock 681-942 and

indicated constructs, then stained to detect Shrm (green) or myc (red). Scale bars represent 10µM. Images 

are projections of 0.5µM confocal sections. 

2.2.5 hShrm2 SD2 can activate Rho Kinase 

Intramolecular inhibitory interactions between the N-terminal kinase domain and C-

terminal regions of Rock are believed to hold Rock in an inactive state in which only basal 

levels of activity can be measured111,112. It has been established that Shrm-binding 

localizes Rock to various subcellular locales, where Rock catalytic activity drives 

cytoskeletal remodeling4,6. However, it is unclear whether the primary role of the Shrm-

Rock interaction was to govern Rock localization or whether Shrm proteins also possess 

the ability to directly relieve Rock autoinhibition. To address whether human Shrm2 SD2 
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can function as a direct Rock activator, we performed an on-bead kinase assay183 using 

purified SD2 domains and His10-tagged full-length Rock1 protein expressed in and 

purified from Cos7 cells. In these experiments, His10-Rock1 was immobilized onto nickel 

beads and washed thoroughly to remove any potential co-purifying activating proteins183. 

I then assayed the ability of Rock1, in the presence and absence human Shrm2 SD2, to 

phosphorylate a purified substrate consisting of amino acids 658-714 of MYPT, which 

contains the Rock phosphorylation site at T69698. Rock activity was monitored via 

Western blotting using an α-pMYPT antibody, and was normalized to Rock1 signal. As 

shown in Figure 23, Rock1 kinase has basal activity for the MYPT substrate in the 

absence of activators, and is stimulated by the addition of the canonical Rock activator 

arachidonic acid (50 µM)135. This activity is nearly abolished in the presence of the Rock 

specific inhibitor Y-27632 as previously reported 110,184 (Figure 23A).  

We then asked if wild-type and mutant Shrm2 SD2 domains could also activate 

Rock. In this assay, the addition of wild-type Shrm2 SD2 at a concentration of 1.5µM 

resulted in a 3.5-fold stimulation of Rock activity over basal levels, consistent with RhoA-

mediated stimulation of Rock activity126. Addition of L1501A mutant Shrm2 SD2 reduced 

the levels of stimulation to 1.6-fold indicating that the Shrm-mediated stimulation we 

observe is specific for the Shrm-Rock binding interface visualized crystallographically. 

These data demonstrate that Shrm is a direct activator of Rock and thus its role in 

regulating changes to the actomyosin network extend beyond localization and recruitment 

of Rock. Together with the cellular assays described earlier, we conclude that the Shrm 

SD2, through the Shrm-Rock binding module, elevates pMYPT levels and thereby levels 

of active NM-II, at the apical surface. Through this mechanism, the Shrm SD2 domain 
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both regulates Rock activity but also positions it properly within the cell, generating 

localized forces that lead to changes in cellular morphology. 

Figure 23: Shrm SD2 can activate Rock in vitro 

A. Magnetic Ni-NTA resin coated in FL Rock1 were incubated in a kinase assay containing MYPT.

Samples were analyzed by Western blot using antibodies to p-MYPT and Rock1. 

B. The effect of the Shrm2 SD2 variant L1501A on Rock activation. p-MYPT levels were normalized

to Rock1 enzyme signal and Rock1 activity compared to the Rock1 alone basal level and reported as the 

mean with error bars representing the standard deviation from five independent replicates. 

2.2.6 dShrm and hShrm2 SD2 domains can adopt different conformations 

Prior to this study, the only structural data for a Shrm SD2 domain was that of the SD2 

domain from Drosophila Shrm166. In this structure, an extensive array of protein-protein 

interactions between Drosophila SD2 molecules supported the formation of a novel three-
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segmented antiparallel coiled-coil dimer with internal symmetry166 (Figure 24A). The 

structure of human Shrm2 SD2 observed in the SD2-SBD complex is, however, clearly 

monomeric (Figure 16, 17 and Figure 24A), forming four helices (A-D) which come 

together to form two segments of coiled-coil; one containing helices A and D, while helices 

B and C form the second coiled-coil segment. A region called the “elbow” forms a bend 

between the two segments, while an eight-residue stretch in the middle of the SD2, called 

the “hinge”, forms a turn that allows the protein to fold back on itself, forming the B/C 

segment. The resulting fold is similar to both halves of the Drosophila SD2 structure 

(average r.m.s.d. = 1.7 Å over 168 Cα atoms) (Figure 24A), but lacks significant structural 

similarity to any protein in the structural database. The positions of previously identified 

mutants that disrupted homodimerization in Drosophila Shrm SD2 are conserved in 

human Shrm2 SD2 where they now form interactions that stabilize the A/D and B/C 

segments. Electron density in the hinge region is of variable quality, however density for 

backbone residues can be observed for several of the SD2 molecules (Figure 24B). The 

hinge spans human Shrm2 SD2 residues L1519-P1525, a region previously termed the 

‘symmetry point’ as it was located directly in between the two structurally identical halves 

of Drosophila SD2166 (Figure 24A). The hinge sequence is absent in Drosophila Shrm, 

and may restrict its ability to form a B/C segment in the manner that human Shrm SD2 

does.  

One significant difference between the two Shrm structures is the presence of 

Rock SBD in the structure of our complex. We therefore sought to compare human Shrm2 

and Drosophila Shrm SD2 proteins in the absence of Rock. First, we subjected purified 

SD2 domain from Drosophila Shrm, human Shrm2, and the Shrm-Rock complex to size 
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exclusion chromatography (Figure 24C). As described previously, we observe two 

species when performing size exclusion chromatography with Drosophila SD2; a major 

species that we observed to be a dimer in our crystals166, and a second minor peak, which 

was presumed to be monomeric. We also observed two species for the Shrm-Rock 

complex, with the major species being significantly larger than the SD2 domain from 

either human or Drosophila. We observed only a single species for human Shrm2 SD2 

with a retention volume that indicates a smaller radius of gyration under the same 

conditions, consistent with a smaller monomeric species rather than the extended, 

dimeric conformation of Drosophila SD2. In all cases, the apparent molecular weights 

were significantly higher than expected, presumably due to the extended nature of these 

proteins. 

To ascertain whether there was a conformational change that resulted upon Rock 

binding and might explain the difference in SD2 conformation, we crystallized and 

determined the structure of human Shrm2 SD2 in the absence of Rock, refining against 

native data to 3.3Å resolution with Rwork/free=24.6/29.9% (Figure 24A, and Table1). We 

observed that in the absence of Rock, human Shrm2 SD2 adopts a monomeric fold, which 

is very similar to human SD2 in complex with Rock (r.m.s.d. of 0.9 Å over 147 Cα). While 

the electron density for the hinge region was once again of variable quality, we were able 

to fit the hinge sequence into the electron density in one of the two molecules in the 

asymmetric unit, demonstrating that this feature is characteristic of the human Shrm2 

SD2 fold. From these data we conclude that in contrast to Drosophila Shrm, the SD2 from 

human Shrm2 is a monomer and that formation of the 1:2:1 (Shrm-Rock2-Shrm) 
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arrangement we observe for the human Shrm-Rock complex does not require any 

dramatic conformational changes within the SD2. 

Figure 24: Structural similarities and oligomeric differences between the Drosophila Shrm and 

Human Shrm2 SD2 domains 

A. Crystal structures of Drosophila and human Shrm SD2 domain superposed over the SD2 domain

from the Shrm-Rock complex. Both human SD2 domains are highly similar to either half of the

Drosophila SD2 structure

B. Electron density (2Fo-Fc contoured at 1.0σ) of hinge region in human Shrm2 SD2 from the Shrm-

Rock complex.
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C. Indicated species of Shrm SD2 and Shrm-Rock complex were resolved by Size-exclusion

chromatography using a Sephacryl S200 column.  The elution of globular MW standards are

indicated for comparison. * indicates the peak that crystallized.

2.3 DISCUSSION 

2.3.1 The Shrm-Rock Complex 

The interaction between Shrm and Rock is required for proper organism development. 

Understanding the molecular mechanism driving this interaction is critical to 

understanding how cells rearrange the cytoskeleton during development of the neural 

tube, vasculature, and other important organs. To this end, we determined the structure 

of the complex between the Shrm SD2 and Rock SBD. The structure of the complex 

revealed an arrangement in which two monomeric Shrm SD2 domains bound to opposing 

faces of a Rock SBD coiled-coil dimer. The dimeric structure of the Rock SBD is 

consistent with existing structural data describing the domain136, and it does not appear 

to undergo any conformational changes to facilitate Shrm binding. The Shrm SD2, 

however, adopts a monomeric conformation alone as well as in the presence of the Rock 

SBD. 

Interestingly, our structure reveals a Shrm-Rock complex that consists of two Shrm 

proteins bound to a single Rock dimer. This arrangement of two proteins bound to either 

side of the coiled-coil is not unique for the Rock protein family. RhoA, the canonical Rock 

activator, has been crystallized bound to the RBD of Rock129. The RhoA-bound structure 

also consists of a coiled-coil dimer of Rock, with two RhoA proteins bound on opposing 
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faces of the coiled-coil. It has yet to be determined whether this double binding event is 

significant to Rock regulation, or if it is an artifact of two available binding sites being 

utilized in the high concentrations present in crystallization reactions. Notably, in the case 

of both RhoA and Shrm, there are no interactions between RhoA or Shrm monomers that 

suggest a cooperative binding mechanism. It remains to be determined, however, how 

Shrm SD2 and RhoA binding events may work together to regulate Rock activity and the 

cytoskeleton. 

We have shown that Shrm proteins can stimulate apical constriction through Rock 

signaling using a Rock mutant that is incapable of binding RhoA136. This data supports 

our finding that Shrm proteins are capable of stimulating Rock activity independently of 

RhoA. This does not rule out the possibility, however, of cooperative or additive effects of 

Shrm and RhoA binding simultaneously. This is another interesting avenue for research 

as data already exists that suggests that Shrm and RhoA may work together in some 

developmental pathways179. Kinase activity assays in the presence of both RhoA and 

Shrm SD2 will shed light onto the effects of these proteins working together, and will be 

very exciting to explore in the future. If it is found that Shrm and RhoA have additive 

effects on kinase activation, it will be interesting to ask whether there are direct contacts 

made between the two. Additionally, the biological relevance of the trimeric complex of 

Shrm-RhoA-Rock will have to be determined, as some events may rely on both activators 

while others may depend on the binding of only one. Information gained from these 

studies will expand our knowledge of how the Rocks are deployed and activated. 
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2.3.2 Structural Differences between Drosophila and Human Shrm 

Prior to this study, the only structural information describing an SD2 domain was the 

structure of the Drosophila Shrm variant (dSD2)166. dSD2 adopts a long, extended, anti-

parallel coiled-coil dimeric conformation. This version of the protein also appears to be 

capable of existing in multiple, discreet species as evidenced by its elution off of a sizing 

column. Curiously, our data showed that the human Shrm2 SD2 exists as a monomer in 

solution, and crystallizes as a monomer both independently as well as bound to Rock 

SBD161.  

This monomeric fold is facilitated by the existence of a flexible region right in the 

middle of the domain, which we have termed the “hinge point.” Whether this region 

actually functions as a hinge, allowing the SD2 to switch between extended and compact 

folds, or dimeric and monomeric arrangements, is not known. It is clear from our data, 

however, that this central portion of the domain is non-helical. This is in stark contrast to 

the alpha-helical fold adopted by dSD2. It is possible that this dimeric conformation is an 

“inactive” conformation of SD2 that does not facilitate Rock binding, and the switch 

between helix and loop occurs as a regulatory step. It is also possible that the dSD2 was 

captured in a dimeric conformation because of the unique stresses present in the 

crystallization reaction, and because of the nature of the monomeric fold, a similar surface 

on another SD2 could be recognized and bound to in trans. It is also possible that the 

difference between the two SD2 variants is evolutionary in origin, and because in either 

fold key Rock-binding residues are still conserved and solvent-accessible, both variants 

are capable of functioning in the same way. The purpose and relevance of these different 

oligomeric states will be the subject of future research questions, as many interesting 
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implications could come with a monomer-to-dimer regulatory transition in Shrm proteins. 

Importantly, however, the active, Rock-binding conformation in human Shrm2 is 

monomeric.  

Future experiments will focus on the human version of the SD2 and whether this 

“hinge point” is a means by which the SD2 is regulated. The Drosophila SD2 structure 

and accompanying biochemistry were the first pieces of data to suggest that the Shrm 

family proteins can dimerize, so future experiments must evaluate whether the human 

SD2 is also capable of this activity. Sizing column data suggests that the hShrm2 SD2 

exists as single species in solution, but the domain travels as a doublet on a native gel. 

Investigating the differences between these two species could have an impact on how we 

understand Shrm protein regulation.  

2.3.3 Shrm-mediated Rock activation 

Decades of research support the assertion that a direct interaction between the Rock 

kinase domain and C-terminal domains functions to inhibit catalytic activity. Activators 

including GTP-RhoA and arachidonic acid have been shown to stimulate kinase activity, 

but the molecular mechanisms of these activation events remains unknown. Because 

Shrm SD2 binds to Rho Kinase in a region that interacts with and inhibits the kinase 

domain112, it is feasible to believe that Shrm SD2 binding could stimulate kinase activity. 

This study represents the first direct evidence, to our knowledge, of Shrm SD2 stimulation 

of Rock activity. 

For years, scientists have speculated on how the Rock protein facilitates 

interactions between the N- and C-termini. Suggestions of hinges and bending have been 
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proposed183, but to date, no one has been able to capture an image of an autoinhibited 

Rock structure. Information describing this mechanism will also provide insight into how 

effector binding releases the inhibitory interaction. The Leonard lab has suggested that 

the protein exists in a long, extended conformation and is constitutively active, as 

observed in their electron microscopy experiments, but this has not been confirmed 

elsewhere185. Future EM experiments should observe full-length Rock in the presence 

and absence of arachidonic acid, RhoA, and Shrm SD2. It will be interesting to observe 

whether the mechanism of activation varies in the presence of different activators, and 

will be very informative with regards to how this important kinase is regulated. 

2.3.4 The Shrm-Rock complex and the design of therapeutics 

Many studies have aimed to understand the mechanisms of Rock activation and 

autoinhibition in an effort to design drugs to repress Rock activity. The widespread role 

Rock plays as a cytoskeletal regulator makes it both an attractive and challenging target 

for drug design, so information on the specific molecular mechanisms of Rock regulation 

is immensely valuable. As many kinases, especially AGC family kinases, have a very 

similar catalytic domain to Rock, it is difficult to design drugs that directly and specifically 

target it. Better inhibitors will target features unique to the Rocks, and even more specific 

compounds will be able to target either the Rock1 or Rock2 isoform. The Shrm-Rock 

interaction represents one such interaction that could be targeted for specific therapy. 

  One study has already shown the usefulness of an inhibitor of the Shrm3-Rock2 

interaction in stimulating axon outgrowth during repair of neural tissue138. We anticipate 

that the structural information provided by our investigation will inform on more targeted 
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drug development for this highly conserved interaction, and as we learn more about the 

pathways mediated by the Shrm protein family, we will continue to find applications for 

inhibitors. For example, the Hildebrand lab showed that knockdown of Shrm2 increases 

motility in cell culture5. Perhaps there is a use for a Shrm2 SD2 inhibitor as a wound 

healing stimulator. Preliminary experiments performed with the Durrant lab at Pitt 

revealed several hits for SD2 inhibitors, but so far none have been found to disrupt Shrm-

Rock binding (VanDemark lab – unpublished). Future experiments may lead to the 

identification of better ligands that could be used as experimental tools as well as potential 

therapeutics. 

2.4 CONCLUSIONS 

In this chapter, I used structural biology to obtain a molecular snapshot of the interactions 

driving the Shrm-Rock interaction, a key binding event that drives changes in the 

cytoskeleton required for the development of many important tissues. I next identified 

several residues on both Shrm and Rock that are important for complex formation. I used 

the structural data to design point mutations that I tested both for the ability to bind in an 

in vitro native PAGE assay, as well as within the context of a cell using an apical 

constriction assay. I identified the Shrm residues K1487, L1501, and L1548, and the Rock 

residues F852 and L855 as absolutely critical for binding. Additionally, I showed for the 

first time, using purified full-length Rock, that Shrm SD2 binding can activate Rock’s 

catalytic activity. This indicates that Shrm proteins can recruit Rock to specific subcellular 

locations via interactions through the Shrm N-terminus, and Rock will be activated at 
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those locations without need for an additional activating signal. In the future, it will be 

interesting to test if there is a synergistic effect from the binding of multiple Rock 

activators. The studies performed in this chapter have introduced a new class of Rock 

activators, and have moved forward our understanding of the molecular mechanisms 

driving cell shape change. 
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3.0  PDZ-MEDIATED REGULATION OF SHRM2 

3.1 INTRODUCTION 

The Shrm PDZ domain was one of the first features noted when the protein was 

discovered in mice2. Now, almost 20 years later, it is still not known how this domain 

contributes to Shrm function. When expressed in polarized MDCK cells, Shrm2 

associates with cortical actin just beneath the plasma membrane4,5. Expressed alone, the 

Shrm2 PDZ weakly associates with the cell cortex, and cytoplasmic staining is also 

detected. A construct lacking the PDZ and SPR domains, however, appears to lose all 

localization ability4. These data suggest a role for the PDZ in protein localization, however, 

this localization appears to require more than the PDZ alone. We hypothesize that to 

change a cell’s cytoskeleton, the N-terminal and central Shrm domains direct the 

subcellular location of the protein, and then the SD2 domain recruits and activates Rock 

to stimulate a contractile actomyosin network. In this model, proper localization is critical 

for effective deployment of the Shrm-Rock module. To understand how domains other 

than the SD2 contribute to Shrm function, we must understand with which proteins each 

domain interacts with. I sought to determine the binding partner(s) of the Shrm PDZ 

domain and to describe the molecular mechanism used by the PDZ for binding. This 

information could potentially implicate Shrm proteins in a new cellular role or supplement 

our understanding of an already-known Shrm-mediated process. Identifying the PDZ 

binding partner is a critical step toward understanding how Shrm proteins contribute to 

cellular function.  
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Despite a wealth of structural, biochemical, and computational data, it is still 

difficult to predict with any accuracy the identity of Shrm2 PDZ interaction partners. It is 

well-understood that PDZ domains are ~100-amino acid long domains that are used for 

protein-protein interactions, and that typical PDZ domains recognize a short, 4-6-amino 

acid long peptide at the C-terminus of their binding partners. A significant amount of work 

by several different groups has attempted to computationally predict what features on a 

PDZ domain contribute to its binding specificity and the sequences they recognize, but 

these models disagree and are biased by the test data used to generate the 

prediction172,186,187. I chose to approach this problem from a biochemical and structural 

standpoint, with the objective to identify PDZ binding partners, grant a direct look into the 

binding pocket of the PDZ, and provide a detailed mechanistic understanding of how this 

domain interacts with its protein target(s). 

Using biochemical techniques, herein I provide multiple lines of evidence to 

support a direct interaction between the Shrm2 PDZ and α-actinin. Using structural 

biology, I identified the Shrm2 PDZ binding pocket, and determined key amino acids used 

to recognize and bind the C-terminus of α-actinin. This study represents a novel 

interaction for the Shrm family of proteins and opens new avenues for research regarding 

the biological implications of this interaction. 
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3.2 RESULTS AND DISCUSSION 

3.2.1 Purification and crystallization of Shrm2 PDZ domain 

In an effort to generate protein crystals of the highest diffraction quality, we sought ideal 

domain boundaries for expression, purification, and crystallization. To this end, I cloned, 

expressed, purified, and performed crystallization experiments with two different PDZ 

constructs: amino acids 1-120, and 20-109. Both constructs were highly overexpressed, 

generated soluble protein, and purification was straightforward with each, although the 1-

120 construct proved to be less proteolytically stable over time. Both constructs were 

soluble up to >10mg/mL, which allowed me to set up crystallization trials with each.  

It became apparent after the first round of crystallization screens that the 20-109 

construct would be more amenable to crystallography. After optimization, rectangular 

crystals of hShrm2 20-109 grew overnight at room temperature (Figure 29). While we 

performed initial diffraction screening using mother liquor + 30% glycerol as a 

cryoprotectant, additional optimization indicated that these crystals cryoprotect best in 

mother liquor + 40% sucrose. Using these cryopreservation conditions, we collected a 

1.9Å resolution dataset. Data collection statistics can be found in Table 2. 
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Table 2: hShrm2 PDZ data collection and refinement statistics 

Human Shrm2 PDZ Human Shrm2 
PDZ +peptide 

 
PDB ID Not yet deposited Not yet deposited 

Data collection 
Space group P212121 P222 
Cell dimensions a, b, c (Å) 36.92, 55.28, 88.42 36.06, 56.76, 84.9 
Reflections 

Total 890,981 491,302 
Unique 14,883 2,694 

Resolution (Å) 90.00 – 1.90 
(1.93 – 1.90)a 

50.00 - 3.40 
(3.46 – 3.40)a 

Rmerge (%)b 6.3 9.3 
I / σI 57.6 (2.68) 26.9 (2.6) 
Completeness (%) 99.8 (100) 99.4 (97.3) 
Redundancy 9.2 (8.9) 5.1 (4.6) 
Wilson B-factor  38.74 98.99 

Refinement 

Resolution (Å) 50.00 – 1.94 
(3.46 – 3.29) 

50.00 – 3.4 

Rworkc / Rfreed (%) 21.5 / 24.2 
(25.3 / 34.1)  

34.1 / 34.8 
(38.1 / 32.1) 

Number of. atoms 
Protein 1263 2493 
B-factors (Å2) 51.3 

R.m.s. deviations
Bond lengths (Å) 0.003 .02 
Bond angles (°) 0.58 2.8 

Ramachandran
Favored (%) 97.6 95.8 
Allowed (%) 2.4 2.8 

Clash Score .76 89.83 
aValues in parentheses are for highest-resolution shell. 
bRmerge = (|(ΣI - <I>)|)/(ΣI), where <I> is the average intensity of 
multiple      measurements. 
cRwork = Σhkl||Fobs(hkl)|| - Fcalc (hkl)||/Σhkl|Fobs(hkl)|. 
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3.2.2 Crystal Structure of the hShrm2 PDZ domain 

I used molecular replacement to estimate phases for the PDZ dataset, using a search 

model generated from the LIM5 PDZ domain (PDBID: 2UZC)174. LIM5 was chosen 

because it was the closest sequence match to the Shrm2 PDZ in the PDB. Molecular 

replacement was successful and generated electron density maps that I was able to build 

into. Model building and refinement were straightforward and were facilitated by high-

quality diffraction data. Refinement statistics are presented in Table 2. 

The maps generated from this dataset allowed the placement of amino acids 24 – 

107, and the model was refined to an Rwork/Rfree of 25.3 / 34.1, and the bond/angle RMSD 

values are among the lowest in this structure’s resolution group, according to 

POLYGON188. 

The asymmetric unit of the PDZ crystals contains two copies of the PDZ domain, 

with minimal crystal contacts mainly mediated by I19 and D31 residues on one PDZ with 

L26 and the peptide backbone on the neighboring module. The Shrm2 PDZ adopts a 

canonical PDZ fold (Figure 25). This PDZ is globular, and consists of five β-strands (β1-

β5) and two α-helices (αA and αB), that form two β-sheets that twist into a β-sandwich. 

An extended β4 makes contacts with both β3 and β5, and holds both sheets in position 

relative to each other. A hydrophobic pocket is formed between the αB and βB features, 

beneath the predicted carboxylate-binding loop (PWGF).  The binding pocket consists of 

invariant residues R86, I90, and V93. Residues W37, F39, and V93 form a deep 

hydrophobic binding pocket that aligns with where the LIM5 PDZ binds to the C-terminal 

leucine of its binding partner, alpha actinin. Canonical PDZ-peptide interactions involve 



85 

the C-terminal peptide binding between the αB and β2 features and adding a strand to 

the β-sheet. Because of these structural features, we hypothesize that this pocket is the 

binding site for the C-terminus of the Shrm2 PDZ binding partner.  

Other hydrophobic patches can also be found on the surface of the PDZ, consisting 

mainly of residues L50, V74, G80, G83, and V101, and could be potential protein-protein 

interaction sites, however these other patches do not appear to be conserved (Figure 25). 

As with most other PDZ domains, the N and C termini of the domain are close to each 

other on the opposite face of the domain from the predicted binding pocket.  

The hShrm2 PDZ domain is most similar to the PDZ of the PDLIM7 family, and 

aligns to it with an RMSD of 1.1 Å.  Interestingly, this PDZ domain has been found to 

interact with the C-terminus of tropomyosin189. Of note, however, are the other top 4 hits 

from a DALI search for similar folds: PDLIM5, PDLIM3, and PDLIM4. Each of these PDZ 

domains bind to the actin-crosslinking protein α-actinin175,190-192. Classical PDZ domains 

contain a carboxylate-binding-loop motif consisting of residues GLGF, but the Shrm2 PDZ 

binding loop sequence is PWGF, consistent with the carboxylate-binding loop of the 

PDLIM family174. In the crystal structure of PDLIM5 bound to an α-actinin C-terminal 

sequence exists, however the peptide does not lie down in the binding pocket. Instead, 

only the very C-terminus of the peptide sits in the pocket, while the rest of the peptide 

shoots upward and makes no contact with the protein surface174; It is unlikely that this is 

biologically relevant. It will be interesting to evaluate whether the peptide-binding 

mechanism is conserved between the Shrms and PDLIM proteins.   
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Figure 25: Structure of the hShrm2 PDZ domain 

A. Structure of the Shrm2 PDZ domain, colored by secondary structure, with features labeled.

B. Surface representation of the Shrm2 PDZ, with hydrophobic residues highlighted in purple.

C. Same as in B, but with conservation across Shrm2s colored in pink. Invariant residues are colored

in pink, and residues that are greater than 90% conserved are light pink.
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3.2.3 Binding partner identification 

To begin to investigate the role the PDZ plays in regulating Shrm2 function, I sought to 

identify its binding partner(s). Identification of binding partners requires an experiment 

that allows screening through as many potential binding partners as possible, and 

identification of multiple binding partners if applicable. To this end, I chose to perform a 

pull-down assay using neural tissue lysate and purified His-tagged Ruby-PDZ. We chose 

neural tissue because of the size of the organ and the fact that the brain expresses large 

amounts of many proteins. I bound this His-tagged Ruby PDZ to magnetic nickel resin, 

incubated the resin in the neural tissue lysate, washed thoroughly, and evaluated the 

efficacy of the pulldown by silver-stain (Figure 26A). Once the pulldown was optimized, I 

performed short-gel fractionation, cut out the band containing every protein in the 

pulldown sample, and sent it to the University of Pittsburgh Bio-MS group for sequencing. 

I compared the PDZ co-purifying proteins to a control reaction performed using the Ruby 

tag alone, and generated a list of intracellular PDZ-specific binders (Figure 26B). This list 

contained many cytoskeletal-associated proteins, which is consistent with the known 

subcellular localization of Shrm2. Interestingly, this list contained several proteins 

involved in the formation of focal adhesions, a role for which Shrm proteins had not yet 

been implicated. 
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Figure 26: Identification of PDZ co-purifying proteins 

A. Ruby and Ruby-PDZ were bound to magnetic resin and incubated in neural tissue lysate. After

incubation, resin was washed thoroughly and eluted using SDS loading buffer. Resin before and

after incubation was run on an SDS-PAGE to evaluate co-purifying proteins.

B. Pull-down experiments were analyzed by mass spec. Data is presented as fold-change over

negative control (Ruby alone)

3.2.4 In vitro confirmation of binding partner candidates 

The information gained from the neural tissue pulldown resulted in a list of five candidates 

for PDZ-interacting proteins. It is possible that only one of these potential binding partners 

interacts with the Shrm2 PDZ directly, but that this interaction is sufficient to pull all of 

them down in our assay.  To follow up on these results, I wanted to identify which of the 

candidates is a true binding partner for the Shrm2 PDZ. To determine if any of these 
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proteins made direct contact with the PDZ domain, I needed an assay that would allow 

me to quickly screen through them for PDZ-binding ability. 

Typical PDZ domains recognize a short 4-6-residue peptide at the C-terminus of 

their binding partners, and I took advantage of this information to design two 

complementary approaches to evaluate potential binding interactions. First, I employed a 

pull down assay using Maltose Binding Protein (MBP)-peptide fusions. I designed these 

fusions to harbor a C-terminal 13-amino acid tail that mimics the C-terminus of each of 

the top hits identified by mass spec. I bound these MBP fusion proteins to amylose resin, 

and tested PDZ binding by pull-down. This assay identified a positive interaction with the 

α-actinin peptide, indicating a direct interaction between this protein and the hShrm2 PDZ 

(Figure 27). 

As a secondary assay, I employed a directed Yeast Two-Hybrid. I generated GAL4 

activating domain fusions to the same peptides used in the MBP pull down. I co-

transformed these fusion expression plasmids with a plasmid encoding the GAL binding 

domain (GBD) fused to the Shrm2 PDZ. In agreement with the results of my pull down, 

reporter gene expression in the Y2H occurring only when the WT PDZ and α-actinin 

peptides were co-transformed. Together these experiments indicate that hShrm2 PDZ 

directly interacts with α-actinin, an actin-crosslinking protein involved in focal adhesion 

stabilization. 
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Figure 27: MBP-peptide pulldown reveals direct interaction between Shrm2 PDZ and α-actinin 

MBP-peptide fusions were loaded onto amylose resin and added to a reaction containing hShrm2 

PDZ domain. After an incubation period, an input (I) sample was taken, and the resin was washed 

thoroughly. The resin pellet (P) was then resuspended in SDS-PAGE loading buffer and loaded onto an 

SDS-PAGE gel to evaluate co-purifying proteins.  

To further characterize the interaction between the C-terminus of α-actinin and the 

Shrm2 PDZ, I performed fluorescence anisotropy titrations. I measured the change in 

anisotropy of a fluorescently labeled α-actinin peptide as increasing concentrations of 

PDZ were added to the reaction. As a control, I used a point mutation, V93E, that is 

predicted from our structure to obscure the predicted peptide-binding pocket (Figure 28B). 

It is clear from the anisotropy data that this experiment will need to be performed again 

with higher concentrations of protein to obtain an accurate Kd measurement, but curve-

fitting software predicts a Kd in the 10’s of µM; less than 50 µM is typical for PDZ-ligand 

affinity193.  As predicted, the binding pocket mutant has lower affinity for the same peptide 

(Figure 28A). This experiment will have to be repeated with a new set of titration points 

to obtain a more accurate measurement, but is nonetheless an encouraging result. These 

data further support a direct binding event between α-actinin and the Shrm2 PDZ, and 
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indicate that this interaction is likely to be mediated by the binding pocket predicted by 

our crystal structure. 

Figure 28: PDZ binding pocket point mutant hinders actinin peptide binding 

A. Fluorescence anisotropy binding experiments indicate that the PDZ domain binds to the α-actinin

C-terminal peptide. The change in anisotropy is shown as protein concentration increases.

Compared to WT, the V93E binding pocket mutation appears to bind with lower affinity. 

B. A surface representation of the PDZ with the binding pocket mutation highlighted. Note that this

structure is in a different orientation than the others to provide a better view of the mutation.

3.2.5 Crystal structure of peptide-bound PDZ domain 

In an effort to gain mechanistic insight into how the PDZ domain interacts with α-actinin, 

I co-crystallized Shrm2 PDZ and a short peptide mimicking the α-actinin C-terminus. To 

obtain these crystals, I set up crystallization screens with PDZ protein in the presence of 

a non-fluorescent α-actinin C-terminal peptide. Crystals formed in several of the same 

conditions that the apo-PDZ crystallized in, but in one case, the peptide crystals appeared 

to have different morphology (Figure 29). This was intriguing and encouraging, 

suggesting the presence of the peptide had an impact on crystal packing, so we pursued 

these crystals in the hopes that they contained PDZ bound to peptide. 
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Figure 29: apo-PDZ crystals have a different morphology from peptide-bound PDZ crystals. 

Crystals of PDZ alone are square and long, whereas crystals grown in the presence of α-actinin 

peptide (AP) are diamond-shaped. 

Data collection was straightforward as with the apo-crystals, but diffraction was of 

low-quality. We were able to collect a dataset to 3.4 Å resolution (Table 2). I used the 

apo-structure of the PDZ domain as a search model for molecular replacement, and was 

able to generate maps using the phases estimated by this method. This data is much 

lower resolution than the apo-dataset and model building is more difficult. The maps have 

so far allowed the placement of residues 24-105, and may appear to have a small piece 

of electron density with positive difference density in the region of the peptide-binding 

pocket, but more refinement is needed to improve confidence in this assertion (data not 

shown). This is nevertheless encouraging, and suggests that these crystals may indeed 

have peptide-bound PDZ in them. Higher quality data will be necessary to confidently 

place peptide residues within this density, however. So far, I have refined the structure to 

an Rwork/Rfree of 34.1 / 34.8. I am in the process of generating more peptide-bound crystals 

in an effort to obtain higher quality data. 
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3.3 DISCUSSION 

3.3.1 Shrm family PDZ domains 

The structure of the PDZ domain revealed a canonical PDZ fold that has been adopted 

by the Shrm family members for localization interactions. We hypothesize that while 

several Shrm family members harbor PDZ domains at their N-terminus, these PDZs have 

been optimized for specialized use by each family member. This is supported by our 

structural data, as binding-pocket residues are conserved among Shrm2 orthologs, but 

not with the Shrm3 or 4 PDZ homologs.  

This study contains the second structural model generated for a Shrm family 

member PDZ domain, and the first time a binding partner has been identified for this 

module. One avenue for future research will be to identify the binding partners for the 

other Shrm PDZ domains, as well as the molecular mechanisms that facilitate recognition 

of cognate substrates. I hypothesize that small changes to the molecular environment of 

the PDZ binding pocket will dictate substrate specificity that contributes to the differential 

localization of the Shrm family proteins.  

3.3.2 The Shrm2 PDZ directly binds to α-actinin 

This study also represents the first evidence for an interaction between Shrm family 

proteins and α-actinin. α-actinin is a well-studied actin crosslinking protein that is involved 

in connecting the actin cytoskeleton to cell-cell and cell-surface adhesion complexes42. 

A binding interaction between Shrm2 and α-actinin may serve to specifically localize Shrm 
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to populations of actin at cell-cell and cell-matrix locations, which is in agreement with 

reports that Shrm2 localizes to cortical actin in cultured cells4,5. Localization of Shrm2 to 

these regions will then recruit and activate Rock, facilitating actin rearrangement at the 

cell cortex, and driving changes in cell shape. 

This binding must be investigated further to fully appreciate its biological 

significance. I am in the process of repeating the anisotropy titrations to be able to 

calculate a Kd for Shrm-α-actinin complex formation. Additionally, this interaction should 

be evaluated within a cellular context. I have designed myc-tagged constructs that drive 

expression of wild-type and V93E mutant versions of the PDZ and full-length Shrm2, as 

well as a construct lacking the PDZ domain. Future experiments will involve transfecting 

these constructs into cells along with a GFP-α-actinin construct to evaluate co-

localization. It will be interesting to observe what populations of α-actinin colocalize with 

Shrm2, as the GFP construct localizes to both stress fibers and the cell adhesions194. 

It remains to be determined with which isoform of α-actinin the Shrm proteins 

interact, or if there is no discrimination between them. α-actinin proteins have identical C-

termini, and if there are no contacts other than those between the binding pocket and the 

C-terminal peptide, then it is likely that interactions mediated by the SD1 domain also

contribute to correct localization of the protein. Shrm family PDZ domains are followed by 

a stretch of serine- and proline- rich sequences, termed the SPR. So far, the SPR has 

been implicated in MyosinVIIa binding, but a mechanism is not understood for this 

interaction. It is worth determining whether this sequence confers tighter binding to the α-

actinin in case there are multiple surfaces mediating contact. In the future, it will also be 
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useful to design inhibitors that block PDZ binding, to separate the function of the PDZ and 

SD1 to better understand how these domains contribute individually to Shrm function. 

3.3.3 The PDZ ligand-binding pocket 

Preliminary analysis of peptide-bound crystals is encouraging, but not yet enough to 

provide mechanistic insight into Shrm-α-actinin binding. The lack of electron density for 

the peptide in our structure could be due to poor diffraction quality, or poor occupancy of 

the binding site across the asymmetric units of the crystal. One way to increase the 

occupancy of the binding pocket would be to increase the concentration of peptide in our 

crystallization reactions to ensure pocket saturation. Additionally, it would be wise to 

include peptide in the cryoprotectant buffer, which was not done for this round of data 

collection. It is likely that ligand diffused away from the PDZ during the cryoprotection 

process. Both of these methods are simple fixes and should improve data quality.  

Once the peptide-bound PDZ crystal structure has been determined, it can be used 

for multiple purposes. First, this structure will reveal the most critical amino acids to PDZ 

function. These amino acids can be evaluated using anisotropy and cell biology to 

biochemically evaluate their importance to binding and the effect a non-functional PDZ 

could have on the cell. Additionally, this structural data could be used to inform on the 

design of specific PDZ-pocket inhibitors, as discussed above. Finally, this structure may 

reveal unique Shrm2 interaction surfaces that mediate other interactions, or confer 

specificity to α-actinin binding that is not present in other Shrm family members. It will 

also have to be determined whether other Shrm PDZ domains are capable of interacting 
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with α-actinin, as it is possible that the PDZ binding module has evolved for each Shrm 

family member to mediate a different type of interaction. 

3.4 CONCLUSIONS 

Using structural and biochemical, methods, I have shown that human Shrm2 uses its 

conserved N-terminal PDZ domain to interact with the actin crosslinking protein, α-actinin. 

The PDZ uses a conserved, canonical PDZ binding pocket to interact with the C-terminal 

residues of α-actinin, likely making mostly hydrophobic interactions. I have identified at 

least one binding pocket residue that is important for mediating the Shrm-α-actinin 

interaction, and anticipate using the structural data to identify more. 

This interaction represents a new class of Shrm-binding proteins, and has revealed 

the elusive role of the PDZ domain of a Shrm protein. I hypothesize that this binding event 

recruits Shrm to cell adhesions and contributes to the unique localization pattern seen for 

Shrm2. Future experiments will evaluate this interaction more thoroughly, generating 

higher-quality crystallographic data of the peptide-bound PDZ, determining co-

localization patterns, and obtaining a more accurate Kd for the interaction. 
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4.0  CHARACTERIZING RHO-KINASE AUTOINHIBITION 

4.1 INTRODUCTION 

Rock has been studied for over two decades, and has been identified as an important 

player in cell function with broad roles in the regulation of cellular architecture through 

activation of NM-II71,97,99-103,126,195. Because Rock can have such a dramatic effect on the 

cytoskeleton and cellular function, the activity of its kinase domain is kept under tight 

control. Decades of research have provided evidence for a direct interaction between the 

C-terminal domains and the N-terminal kinase domain that inhibits catalytic activity111,135.

It has been shown that binding of activating proteins including RhoA and now the Shrm 

family of proteins, can stimulate kinase activity102,161,196.  

It is hypothesized that interactions mediated by the coiled-coil and C-terminal 

regions of Rock transmit binding information to the kinase domain to stimulate activity111. 

This activation could occur via dissociation of the C-terminal domains from the kinase 

domain, or through a conformational change that allows kinase domain function. The 

molecular mechanisms of both activation and inhibition must be elucidated to understand 

how Rock proteins contribute to cell function and the treatment of disease. Overactive 

Rock has been shown to play a role in many diseases including diabetes197, cancer198 

and hypertension110, and one Rock inhibitor, Fasudil, is already used in clinical 

applications to treat vasospasm116. Understanding Rock function will facilitate more 

effective therapy design that will ultimately improve human health. 
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In an effort to gain insight into the molecular mechanism of Rock autoinhibition, I 

began a structural investigation of the C-terminal – kinase domain interaction. Ultimately, 

we aim to generate crystals of a complex between the C-terminus and kinase domain to 

gain molecular insight into how the domains interact to inhibit kinase activity. I used a 

baculovirus expression system to generate active Rock1 kinase domain, and E. coli to 

express various C-terminal constructs. I piloted kinase assays using a western-blot to 

detect phosphorylation and evaluate the ability of the C-terminus to inhibit catalytic 

activity. Future studies will improve kinase domain expression and purification, and will 

aim to show C-terminus – kinase domain binding in vitro, as preparation for co-

crystallization experiments. 

4.2 RESULTS 

4.2.1 Expression of Rock1 kinase domain 

All groups but one that have produced active recombinant Rock1 kinase domain have 

used a baculovirus expression system to generate protein107,108,119-122. The Yan lab claims 

to have been able to express and purify the kinase domain from E. coli in denaturing 

conditions, and then re-fold it to obtain active enzyme199. While the ease and cost of E. 

coli expression are appealing, attempts to re-fold this insoluble but highly expressed 

domain were unsuccessful in my hands (data not shown). Because of this we elected to 

use a baculoviral expression system to generate recombinant human Rock1 kinase 

domain, while using traditional bacterial expression systems to express the C-terminal 
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inhibitory domains (Figure 30A, B, C). pFastBac plasmids containing the coding sequence 

for hRock1 6-415 were used to generate recombinant virus for expression in Sf9 insect 

cells. A high-titer viral stock was used to infect two T75 flasks, and infections were allowed 

to progress for 72 hours before lysis. Upon lysis and subsequent nickel-affinity 

purification, approximately 1mg of highly pure (>99% by SDS-PAGE) hRock1 kinase 

domain was obtained (Figure 30C). It was observed, however, that repeated usage of the 

same P3 viral stock resulted in decreased expression levels over time.   

Continued attempts to generate high-titer viral stocks were unsuccessful. Further 

attempts to scale-up this expression system and move it into suspension culture were 

also unsuccessful. Factors including high passage number, unstable incubator 

conditions, and variable DNA quality may have significantly influenced this outcome. I 

attempted transfections using calcium-phosphate precipitation, lipofectamine (Thermo 

Fisher), XtremeGene HP transfection reagent (Roche), and BaculoGold (BD); and only 

transfection using BaculoGold resulted in the high-titer viral stocks I used at the very 

beginning of these studies. Unfortunately, BD has discontinued production of this reagent. 
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Figure 30: Expression of the hRock1 Kinase and C-terminal domains 

A. Schematic describing the purification scheme of the different Rock1 domains

B. SDS-PAGE gel of the hRock1 C-terminal domain purification. The C-terminal domains bound to an ion
exchange

(Q) column in low salt and eluted as salt concentrations increased.

C. SDS-PAGE of the hRock1 kinase domain purification. The kinase domain bound to the nickel column

and eluted in high imidazole.
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4.2.2 Rock1 recombinant kinase domain is catalytically active 

Once I generated purified kinase domain, I needed to ensure the protein I purified was 

catalytically active. Many groups have demonstrated the constitutive activity of Rock1 

kinase domain purified from insect cells using in vitro kinase assays, so I used these as 

a model to test my protein. I cloned, expressed, and purified a MYPT construct containing 

the Rock1 phosphorylation site at T696, and used this as a phosphorylation substrate for 

my kinase assays. MYPT is a natural Rock phosphorylation substrate and has been well-

established as an in vitro substrate135,200. I tried both radioactive kinase assays using γ-

32P-ATP, as well as Western Blot analysis using an antibody to P-MYPT as readouts for 

phosphorylation (Figure 31A, B). Western blots proved to be the cleaner assay of the two, 

so I moved forward with this method for more biochemical characterization of the kinase 

domain. 

These in vitro kinase activity assays indicated phosphorylation of the MYPT 

fragment in the presence of kinase domain, and showed no observable signal if the kinase 

was not added. This phosphorylation activity was inhibited by the specific Rock inhibitor, 

Y-27632, and was dramatically decreased when a catalytically inactive version of the

kinase domain, point mutant K105A, was used110 (Figure 31B).  These data indicate to 

me that in my hands, the recombinant hRock1 purified from Sf9 cells is catalytically active. 

The production of pure, active enzyme is the first step toward learning the 

molecular mechanisms governing Rock autoinhibition. I determined that this enzyme was 

of sufficient quality to move forward with further biochemical characterization of the 

kinase-C-terminal interactions.  
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Figure 31: Recombinant hRock1 kinase domain is catalytically active 

A. Protein purified from Sf9 cells was subjected to in vitro kinase assays using recombinant, purified

MYPT as a substrate. Assays were evaluated both by incorporation of 32P into the substrate, and

by western blot, using an anti-phospho-MYPT antibody.

B. Western blot analysis of kinase assays performed with indicated reagents. The purified kinase

domain showed phosphorylation activity that was ATP-dependent, and could be inhibited by the

well-characterized Rock inhibitor, Y27632.

4.2.3 Expression and Optimization of hRock1 C-terminal constructs 

The C-terminus of Rock proteins harbor a split PH/C1 domain. These domains have been 

shown to directly interact with the kinase domain in a way that prevents it from 

phosphorylating its targets111. The PH and C1 have been purified separately and in 

tandem using E. coli expression systems, and NMR experiments indicate that each 

domain folds independently of the other134. It has not been determined, however, which 

of these domains makes direct contact with the kinase domain. One group performed 
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docking simulations and predicted that both domains interact directly with a surface of the 

kinase domain, and showed an interaction via SPR but did not explore the interaction any 

further, or test the results of their binding model biochemically117. To begin to ask this 

question, I designed several expression constructs encompassing either the PH, C1, or 

PH-C1 regions of the human Rock1 protein. I cloned these constructs and optimized their 

purification and expression (Table 3). Notably, PH-C1 tandem construct with amino acid 

boundaries 947-1354 proved to be the most stable and amenable to purification. Also, we 

found that the addition of 100 µM ZnCl2 to the media during expression and purification 

greatly improved expression of C1 domain containing constructs, as the C1 is a zinc-

binding domain134. 947-1354 was used for all subsequent optimization of kinase activity 

assays. 
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Table 3: Summary of human Rock1 C-terminal construct expression and purification 

Expression Plasmid Domain Boundaries Expression and 
Purification 

pLC3 918-1354 (PH-C1) Rapidly degraded 

pXH2 1120-1315 (PH-C1) Readily precipitated during 
TEV cleavage. Must 

always have Zinc present 
in buffer at 20µM, and 

cannot take NaCl below 
75mM 

pXH2 1205-1288 (C1) 20µM Zinc required, 
expresses, freezes, and 

purifies. 
pXH2 1120-1204, 1289-1315 

(PHN-PHC) 
Expresses and purifies 

readily. 
pRuby 1120-1315 (PH-C1) Insoluble when expressed 

at 18, 25, and 30°C 
pRuby 20µM Zinc required, 

expresses, freezes, and 
purifies. 

20µM Zinc required, 
expresses, freezes, and 

purifies. 
pRuby 1120-1204, 1289-1315 

(PHN-PHC) 
Expresses and purifies 

readily. 
pQlinkH 947-1354 Purifies readily, breaks 

down after ~2 weeks 
pQlinkH 1112-1320 Expresses and purifies 

readily. 
pXH2 933-1081 Expresses well, solubility 

not tested 
pXH2 1026-1081 Expresses well, solubility 

not tested 

4.2.4 In vitro binding of Rock1 kinase and C-terminal domains 

Once I was able to produce both kinase domain and C-terminal fragments of the Rock1 

protein, my next aim was to show a direct interaction between the two domains. At this 

point, I did not have enough purified kinase domain to perform assays that I could 

evaluate by SDS-PAGE, and had run into problems generating more virus. I was, 
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however, able to perform a preliminary titration of the C-terminal domains into kinase 

activity assays as much lower amounts of protein are needed to perform enzymatic 

assays.  

As I titrated the C-terminal domains into kinase activity assays, I observed a 

decrease in the ability of the kinase domain to phosphorylate MYPT. This experiment 

needs to be repeated and quantified, but to my knowledge, this is the first time anyone 

has shown inhibition of the kinase domain using purified components in an in vitro kinase 

assay (Figure 32). This assay alone is not enough to support a direct interaction between 

the two domains, but it is an encouraging result. 

Figure 32: The inhibitory effect of Rock C-terminal domains on kinase activity 

Purified Rock1 947-1354 was titrated into the same kinase assays as shown in (Figure 31). The 

decrease in signal from the phosphorylated MYPT substrate indicates an inhibitory effect as the C-terminal 

domain concentration increases. 
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4.3 DISCUSSION 

4.3.1 Expression of the hRock1 kinase domain 

The protein that I generated with the first rounds of expression allowed me to pilot and 

optimize kinase activity assays for our lab, but were never enough to perform 

crystallographic experiments. In the future, I would like to move into a different expression 

system that does not rely on the generation of recombinant virus. ThermoFisher has 

recently developed a HEK 293 cell line called Expi293 that may be better at kinase 

expression. Expi293 cells grow in suspension culture and express crystallographic 

amounts of protein in 30mL transient transfections. As Rock is a human kinase, I expect 

this system will work very well for expression. Additionally, early attempts by our lab to 

generate full-length Rock in this system appear to have been successful (data not shown), 

so I would be optimistic testing this expression system.  

Once sufficient amounts of kinase domain can be generated and purified, we can 

perform crystallographic experiments and additional enzymatic assays. In addition to a 

kinase – PH/C1 co-crystal structure, it would be informative to co-crystallize the kinase 

domain in the presence of a substrate peptide. No structural data exists regarding a 

substrate-bound Rock kinase domain, and this would shed light onto the mechanism used 

by this kinase to recognize either MYPT or MLC. 
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4.3.2 Rock1 inhibition via the C-terminus 

I have shown that in vitro kinase activity decreases in the presence of the Rock1 C-

terminal domains. This assay must be repeated and quantified, but nevertheless seems 

to agree with other published observations111,112. The construct I used for this assay 

contained both the PH and C1 domains, but in the future I would like to ask which of these 

two domains mediates inhibition because it will be important to understand which 

domain(s) contribute to autoinhibition biologically. From a crystallographic standpoint, it 

will be extremely useful to know if only one domain makes contact with the kinase domain, 

as it will likely improve the chances of obtaining a co-crystal if the non-interacting domain 

is removed from the construct. Fortunately, each of these domains can be purified from 

E. coli with relative ease and remains stable enough to enable use in other assays.

In addition to pursuing a co-crystal structure of the interacting kinase and C-

terminal domains, it will also be useful to use electron microscopy in an effort to observe 

the autoinhibited state. The Leonard lab has made an attempt at this, but did not observe 

an interaction between the Rock N- and C-termini, suggesting that the full-length protein 

is constitutively active185. This is in contrast to what our lab and others have found, and 

may be due to the method used to generate TEM grids, or how the protein was purified 

or expressed. Initial attempts at expressing full-length Rock in Expi293 cells in our lab are 

encouraging and could facilitate analysis of the protein via electron microscopy. 

Reconstructions generated from these experiments could be used on their own or in 

conjunction with crystallographic data to shed light on the mechanisms driving Rock 

autoinhibition and should be pursued in the future. 
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4.4 CONCLUSIONS 

Over the past two decades, many studies have focused on understanding the structural 

and biochemical features of the Rock kinase domain in its active state and how it interacts 

with activators. The focus of this chapter has been on the negative regulation of Rock 

function. It is equally useful to understand the mechanisms that Rock uses to naturally 

regulate its function, and I hypothesize that years of evolution have led to a very specific 

mechanism of autoinhibition that could be much more informative to drug design than just 

information of the kinase domain on its own.  

I have successfully used a baculovirus expression system to generate recombinant 

human Rock1 kinase domain. I purified this kinase domain with a yield of 0.5 mg of protein 

per T75 flask of infected adherent Sf9 cells. Using in vitro kinase activity assays, I showed 

that the kinase purified from this system is active against one of Rock’s biological 

substrates, and that the activity can be specifically inhibited by a point mutation in the 

kinase domain, or by the addition of Rock inhibitor. These efforts have laid the groundwork 

for future biochemical evaluation of the Rock C-terminal – kinase domain interaction. 

Future studies will optimize expression of the kinase domain, and generate enough of it 

to perform co-crystallization experiments with the C-terminal domains.  
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5.0  OTHER SHRM INTERACTIONS 

To understand how Shrm proteins function, it is important to know how and where they 

localize within the cell. We hypothesize that Shrm domains other than the SD2 are 

responsible for localizing the protein to the correct subcellular areas, where the SD2 then 

stimulates Rock-mediated cytoskeletal remodeling. In an effort to gain insight into Shrm 

localization, our lab together with the Hildebrand lab are looking closely at each Shrm 

domain and the proteins it interacts with in order to understand how the domains 

contribute to Shrm localization and function. To this end, over the course of my thesis 

work I performed experiments characterizing two regions of Shrm in addition to the PDZ 

and SD2: the Dvl-binding domain and the SD1 domain. Gaining a more thorough 

understanding of the interactions these domains make, the mechanisms behind the 

binding events, and the consequences to cellular architecture help us draw a more 

complete picture of how Shrm proteins regulate the cytoskeleton. 

5.1 SHRM3 –DVL INTERACTION 

5.1.1 Introduction 

The Hildebrand lab identified an interaction between Shrm3 and Dvl that is important for 

the correct execution of convergent extension during mouse development160. This 

interaction mapped to the DEP domain of Dvl, and amino acids 286-776. Experiments 
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performed in Cos7 cells revealed that Shrm3 co-localizes with Dvl in cytoplasmic puncta, 

a classic Dvl expression pattern160. Pull down experiments from cells overexpressing Dvl 

using a GST-mShrm3 protein as bait confirmed that these proteins Co-IP. This 

experiment does not, however, show a direct interaction between Shrm and Dvl, because 

in all cases it is possible that an unidentified third player could be bridging the interaction 

between the two proteins. To determine if the Shrm-Dvl interaction is in fact direct, in vitro 

binding experiments must be performed using purified proteins. This is what I sought to 

accomplish. 

5.1.2 Results and Discussion 

5.1.2.1 Shrm3 and Dvl2 directly bind in vitro 

To evaluate whether Shrm2 and Dvl bind directly, I chose to perform in vitro pull 

down assays. To execute these experiments, I used protein purified from E. coli. I 

expressed mDvl2 as a Ruby fusion protein, cleaved off the Ruby tag, and stored the 

protein for use as the bait protein in my pull downs. I used GST-mShrm3 286-881 as my 

prey protein. For GST-Shrm3, I lysed 1g of E. coli cell pellet, and bound it to GST resin. I 

washed this resin thoroughly before using it in my assays. 

To execute these experiments, I took saturated glutathione sepharose resin coated 

with either GST alone as a negative control, or GST-mShrm3, and added it to a reaction 

buffer containing purified mDvl2. I allowed the reactions to sit at room temperature for 5 

minutes before washing the resin thoroughly. Then, I evaluated the results of my pulldown 

by SDS-PAGE. I found that Dvl is enriched in the pulldown fraction of the GST-mShrm3 
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reaction, and not in the GST-alone control (Figure 33). Therefore, in this system, mShrm3 

and Dvl are capable of interacting directly.  

Figure 33: Shrm3 and Dvl interact in vitro. 

GST-alone or GST-mShrm3 was loaded onto GSH resin, then incubated in a reaction with purified 

mDvl2. After incubation, a reaction sample was taken, then the GSH resin was washed thoroughly and 

resuspended in SDS-PAGE loading buffer. 

Interestingly, the region on Shrm3 responsible for interacting with Dvl has also 

been implicated in binding to POSH in Shrm3157, and MyosinVIIa in Shrm2156. It will also 

be informative to evaluate whether this region is a general protein-docking site for Shrm 

proteins, and what features dictate which proteins it binds to. Interestingly, POSH and Dvl 

have both been implicated in regulation of neural cell architecture157,201. Interplay between 

these two Shrm3 interactions will have to be investigated further. Sequence analysis 

should indicate conserved residues within this region, and structural techniques will 

elucidate the exact mechanisms mediating each individual interaction.  Dvl-binding has 

not been tested for other Shrm family members. 
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Dvl is known to signal through Rho, which is another Rock activator201. Future 

experiments will need to determine the effect RhoA has on Dvl-Shrm-Rock interactions. 

A Rock point mutation that is incapable of binding to RhoA, I1009A101, as well as a point 

mutation that obliterates binding to Shrm SD2, F852A161, will be helpful in piecing together 

the intricacies of this system.  

In the future, it will be informative to obtain structural information describing the 

Shrm3-Dvl interaction. It is clear from my pulldown experiments that GST-Shrm3 286-881 

is not stable for even short periods of time, so before any structural techniques can be 

explored, a more stable construct must be designed.  A rotation student in our lab, Elaine 

Nguyen, designed and cloned deletion constructs that make truncations from both the N 

and C terminus. Screening these constructs by pulldown will be useful to identify a 

minimal binding region within Shrm3, and will provide preliminary analysis for domain 

boundaries to be tested for crystallography. Once a minimal domain has been defined, 

attempts at co-crystallization can be made. This structural data will be used to understand 

the mechanism by which Shrm3 recognizes Dvl, and will aid in the design of future 

experiments. 

5.1.3 Conclusions 

In 2014, the Hildebrand lab discovered an interaction between Dvl and Shrm3. However, 

it was not clear whether this interaction was direct or mediated by a third complex 

member. In order to answer this question, I performed in vitro pulldown assays using 

purified components. These experiments revealed that Shrm3 and Dvl interact directly, 

with no other factors needed. This result confirms that Shrm3 and Dvl are capable of 
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making direct contact. This supports the hypothesis that Dvl-Shrm3 interactions function 

to distribute activated Rock to the apical surface of cells during convergent extension. 

This asymmetric distribution allows certain cells to constrict, forming rosettes that allow 

for cell rearrangement. Future research will work to understand the molecular 

mechanisms driving this complex formation, and how Dvl and Shrm3 work together to 

regulate cell shape. 

5.2 SHRM3 SD1 – ACTIN BUNDLING 

The Shrm SD1 domain is responsible for tethering Shrm to actin, and has the ability to 

both bind to and bundle actin filaments4. The mechanism used by the SD1 to interact with 

actin, and how the protein tethers filaments together into a bundle is not understood. The 

architecture of the bundles formed by the SD1 is also not clear. While not all Shrms 

contain an SD1, they all maintain the ability to interact with different populations of actin4. 

As actin binding is a central feature to the function of the Shrm family proteins, it is critical 

to understand how they interact with it to drive architectural changes. 

5.2.1 Introduction 

The actin-binding domains from Shrm2, Shrm3,  Shrm4, and dShrm have been expressed 

and purified from bacteria to be used for actin bundling assays4,154,155. All four domains 

can bundle actin in vitro. Studies of F-actin architecture are typically performed using 

electron microscopy, and EM studies of Shrm3- and Shrm2-induced actin bundles 
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revealed tightly packed bundles (~4.5-5nm between filaments (H. Cleveland-Rubeor-

unpublished observations)), but a true reconstruction has not been possible to identify 

where Shrm binds these bundles. Additionally, no structural information exists that 

describes the fold of a Shrm actin-binding domain, so it is not clear how the surfaces of 

this domain could be engaging two filaments at once, or if they dimerize to facilitate 

bundling. In this section, I describe my work using biochemical structure-probing assays, 

analysis of sequence conservation, and electron microscopy experiments to characterize 

the actin binding activity of Shrm2. These studies are early steps toward uncovering the 

molecular mechanisms driving Shrm-actin interactions, and may add to our 

understanding of how different Shrms are localized to distinct populations of actin. 

5.2.2 Results and Discussion 

5.2.2.1 Shrm3 SD1 is sensitive to proteases 

To bundle actin, a given protein must make connections between two actin 

filaments. This can be done through dimerization, as is the case for α-actinin46, or through 

the presence of two actin-binding domains within a single monomer, as fimbrins do49. It 

is unclear which of these mechanisms Shrm proteins employ to induce bundling. I 

hypothesized that if the SD1 contained more than one actin binding site within a 

monomer, then perhaps these binding sites were contained within separate domains, and 

I may be able to detect those two domains via proteolysis. Additionally, if the SD1 adopted 

a single, globular fold that either contained two actin binding sites or the ability to dimerize, 

perhaps I could identify a minimal construct that would be more amenable to 

crystallography or other structural methods. In an effort to gain insight into the structural 
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features of an SD1 domain, I used limited proteolysis to probe the domain for protease 

sensitivity. I chose to perform these limited proteolysis experiments in the presence of 

both G-actin and F-actin, as it is has not been tested which form, if any, Shrm has a 

preference for. 

To perform these experiments, I pre-bound SD1 to either F- or G-actin, then 

treated actin-SD1 constructs with increasing concentrations of trypsin. I evaluated the 

progression of proteolysis via SDS-PAGE. As a control for the amount and activity of 

trypsin, I used full-length Cdc73, a protein that has a well-established protease digestion 

pattern. Compared to the control, the SD1 domain is degraded very rapidly (Figure 34). 

Additionally, when either F- or G- actin is added to the reaction, there is no obvious 

stabilization of the SD1 domain (Figure 34). I did observe, however, that F-actin is more 

protease-resistant than G-actin. This is likely due to the actin-actin interactions that occur 

when the monomers are bound into a filament.   

Figure 34: The Shrm3 SD1 domain is readily digested by protease 

mShrm3 1000-1100 was mixed with actin and treated with .94% trypsin (final). Cdc73 serves as a 

control for the activity of the protease, and breaks down into two stable domains. The SD1 is almost 

completely degraded after 10 minutes, and does not persist any longer in the presence of either F- or G- 

actin. 
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These data indicate that the SD1 domain is sensitive to digestion by trypsin. This 

sensitivity could be due to a transient or unstable fold adopted by the SD1, or perhaps 

because this domain is natively unfolded. In all cases, this is a novel feature for an actin-

bundling protein. Unfortunately, the unstable nature of the SD1 will make crystallization 

attempts extremely difficult. More binding experiments need to be performed to determine 

whether the SD1 is capable of binding to G-actin. It is still possible that the SD1 folds 

upon actin-binding, and that I was unable to detect that folded domain using this method. 

If this is the case, and if the SD1 is able to bind G-actin, it might be possible to co-

crystallize the two bound to each other.  Otherwise, EM and biochemistry will have to be 

the methods used to gain insight into this domain’s mechanism.  

5.2.2.2 Generation of SD1 point mutations 

Preliminary experiments performed by the Hildebrand lab revealed that Shrm 

SD1s trigger the formation of tightly packed bundles (Hildebrand lab - unpublished). 

These bundles have regions of order and symmetry, but overall are too irregular to obtain 

a reconstruction from EM experiments. We hypothesized that if we could identify a point 

mutation that binds to actin but does not induce the formation of bundles, not only would 

we gain important insight into the residues required for actin-bundling, but we would 

generate a construct that we could use to coat F-actin filaments. A coated filament would 

be much easier to obtain uniform samples for imaging that would be much more amenable 

to the generation of a reconstruction. 

In an effort to gain insight into the important functional regions of the SD1, we used 

sequence conservation to generate clusters of mutations named A-G. Because there is 

no secondary structure information available regarding an SD1, the only information that 
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could guide this mutagenesis was conservation. These six patches are highlighted in 

Figure 35. We designed mutations that substituted each of the highlighted patches with 

stretches of alanines, to remove side-chain atoms that may be mediating interactions with 

actin or SD1. I cloned, expressed, and purified these constructs, and handed them to the 

Hildebrand lab for analysis of binding and bundling. I reserved some of the protein to 

perform EM analysis that will be discussed in the next section.  

Figure 35: Sequence anaylsis of Shrm SD1 reveales patches of conservation 

An alignment of Shrm2 and Shrm3 SD1 domains revealed several patches of amino acids that are 

conserved across species. Some of these patches are only conserved within Shrm3, and are of particular 

interest as they may dictate some level of binding discrimination that could account for differential actin 

localization.  

5.2.2.3 EM evaluation of actin-bundling by mutant SD1 proteins 

To help identify which of these conserved regions is important for mediating SD1 

function, I wanted to evaluate the effect each of these mutations has on the formation of 

actin bundles. I added each of these purified mutant proteins into bundling reactions with 

F-actin, and spotted the reactions onto EM grids (Figure 36). Compared to F-actin alone,

which looks like thin, wispy strands, the SD1 induces the formation of very large bundles. 

Mutants B, E, and G appear to form similar structures, while D and F generated much 
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more loosely-associated actin aggregates. Mutant A appears to have no bundling activity 

and seems to disrupt filament architecture, and as compared with F-actin, the filaments 

seen in mutant A grids appear much shorter. Mutant C has the most interesting 

phenotype; we have been referring to it as a “hot dog” effect. It appears that the bundles 

formed by this mutant are susceptible to fracture across the long part of the filaments. 

Literature searches have revealed little about this bundle architecture, leaving us to 

speculate on its significance. 

It is very interesting that the bundles created by mutants C and D are so drastically 

different from one another, as the disrupted regions for each of these mutants reside in 

the same conserved patch of residues. This indicates that the region between mShrm3 

993-1025 plays an important role in mediating bundling. What is also interesting is that

mutant A appears to disrupt bundling, but past experiments (Hildebrand lab - 

unpublished) have shown that a truncation construct containing only amino acids 1000-

1100 is capable of forming bundles that look similar to the 900-1100 bundles shown in 

Figure 36. During purification of this mutated protein, we noticed issues with stability, and 

it is possible that the resulting bundles are an artifact of degraded SD1. These 

experiments will need to be repeated again with more stable protein, to reaffirm my initial 

observations. 

After these assays are repeated, the EM data can be combined with the in-

progress binding and bundling experiments that are being executed in the Hildebrand lab. 

Ideally, analysis of these data will reveal a separation of function mutation that is able to 

bind to actin without inducing bundling. If the SD1 domain is capable of dimerization, then 

mutations within the SD1-SD1 interface should disrupt bundling activity. If the SD1 does 
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not dimerize and rather contains two actin binding domains, then obliterating actin-binding 

activity of one domain should achieve the same result. If a single patch on the SD1 

mediates interactions with two actin monomers, it is possible that the mutations we made 

could disrupt both binding and bundling at the same time, and once this patch has been 

identified, single point mutations can be designed in an effort to de-couple binding and 

bundling activities. Removal of the actin-bundling activity will greatly facilitate obtaining 

cryo-EM reconstructions of actin filaments coated with SD1. Alternatively, perhaps a very 

careful titration of SD1 into F-actin could generate smaller, more uniform bundles that can 

be resolved by cryo-EM. A graduate student in the Hildebrand Lab, Hillary Cleveland-

Rubeor, made several attempts at this and was able to obtain some images, but many 

more are needed to perform a reconstruction. These two strategies should aid in moving 

this analysis forward.  
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Figure 36: SD1 mutations disrupt actin bundling 

Mutant proteins described in Figure 35 were added to bundling reactions containing F-actin, then 

spotted on EM grids and observed under TEM. Labels indicate which mutant protein was added to the 

bundling reaction, and scale bars at bottom right are 50nm. 
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5.2.3 Conclusions 

In this section, I discuss biochemical and structural analysis of the mShrm3 SD1 domain. 

Limited proteolysis experiments revealed that this domain is either unstable or unfolded. 

If there is an induced folding event that occurs upon actin binding/bundling, it is either 

within an incredibly small piece that has not been detected by SDS-PAGE, or is not 

resistant to protease in this assay. If this domain is natively unfolded, the likelihood of 

crystallization is very low. In this case, the best hope for structural information describing 

this domain is via electron microscopy. 

Preliminary EM analysis of patches of alanine mutations on the SD1 indicate that 

some of the conserved regions are important for actin bundling. In particular, the region 

between residues 993-1025 already stands out as important for SD1 function. Future 

experiments will repeat these bundling and EM assays to confirm my observations, and 

will then evaluate these mutations within a cellular context. Ultimately these analyses will 

lead to the identification of a mutation or construct of SD1 that facilitates coating a filament 

without triggering bundling. This mutant will be key to generating an EM reconstruction 

that will inform on exactly how SD1 domains regulate actin architecture.  
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6.0  CRYSTALLIZATION OF COILED-COIL PROTEINS 

6.1 INTRODUCTION 

Our study of the Shrm-Rock interaction involved a lot of work with coiled-coil proteins, 

and over the course of this research we developed methods for optimizing crystallization 

of these more challenging folds. There are unique setbacks one encounters when trying 

to work with coiled-coil proteins including being off register and having highly anisotropic 

data, so it is in one’s best interest to generate the highest possible quality diffraction data 

to make overcoming these obstacles as easy as possible. With this in mind, we generated 

a JoVE manuscript and video detailing strategies for optimization and evaluation of the 

crystallization of coiled-coil proteins. The following sections are being re-printed in this 

thesis, but have been published in the journal JoVE. The video accompanying this work 

can be found at the JoVE website, at https://www.jove.com/video/54886/combining-wet-

dry-lab-techniques-to-guide-crystallization-large. 

6.1.1 Introduction 

Structure determination via x-ray crystallography has made fundamental contributions to 

every field of modern biology; providing an atomic view of the macromolecules that 

support life and how they interact with one another in a variety of contexts; allowing us 

to understand the mechanisms that cause disease and providing opportunities to 

rationally design drugs to treat disease. Crystallography has long been the dominant 
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experimental technique for determining macromolecular structure, and currently 

accounts for 89.3% of the structural database (www.rcsb.org). This technique has many 

advantages, including the potential for very high resolution, the ability to visualize 

macromolecules with a broad range of sizes, relatively easy data collection, and the 

opportunity to visualize how the macromolecule interacts with solvent as well as ligands. 

Despite numerous technological improvements in recombinant protein 

expression202,203, purification204, and molecular biology used to generate these 

systems205, the single biggest obstacle in the crystallographic process remains the 

ability to grow diffraction quality crystals. This has been especially true for proteins 

which contain large coiled-coil domains. It has been estimated that as much as 5% of all 

amino acids are found within coiled-coils 206,207, making this a very common structural 

feature208, yet these proteins are often more difficult to purify and crystallize than 

globular proteins209-211. This is further compounded by the fact that coiled-coil domains 

are often found within the context of a larger protein, therefore correctly predicting the 

boundaries of these domains is critical to avoid the inclusion of unstructured or flexible 

sequence that is often detrimental to crystallization. 

Here we present a conceptual framework combining web-based computational 

analyses with experimental data from the bench, to help guide users through the initial 

stages of the crystallographic process including: how to select protein fragment(s) for 

structural studies, and how to prepare and characterize protein samples prior to 

crystallization attempts. We focus our analysis on two proteins containing large coiled-

coil domains, Shroom (Shrm) and Rho-kinase (Rock). These proteins were chosen as 

they both contain coiled-coil domains and are known to form a biologically relevant 
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complex1,3-6,155. Shrm and Rho-kinase (Rock) are predicted to contain ~200 and 680 

residues of coiled-coil respectively, many portions of which have been characterized 

structurally128,129,136,166. The method described here provides a streamlined workflow to 

quickly identify fragments of coiled-coil containing protein that will be amenable for 

crystallization, however, the techniques described can easily be adapted for most 

protein or protein-complexes or modified to incorporate high-throughput approaches 

as available. Lastly, these methods are generally inexpensive and can be performed 

by users at nearly all experience levels.  

6.1.2 Protocol 

Note: A diagram of our conceptual framework or workflow is described in Figure 37 for 

reference. The protocol can be broken down into four stages: Computational or 

sequence based predictions, protein expression and purification, biochemical 

characterization, and crystallization. The examples shown analyze Shrm SD2 domains 

and/or Shrm-Rock complexes, but can be utilized with any protein. 
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Figure 37: Workflow Diagram 

A generalized diagram depicting the integration of computational sequence analysis and 

biochemical and other wet lab techniques into a comprehensive strategy for delineating domain boundaries 

and identifying protein fragments for crystallization. 
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6.1.2.1 Use established Web-based tools to generate computational 

predictions of coiled-coil domain boundaries. 

1.1. Collect an evolutionarily diverse set of sequence homologs. 

1.1.1. Go to www.uniprot.org and type in Shrm in the upper search bar.  

1.1.2. Select sequences to download by checking the box next to their accession 

number. Sequences with a star indicate sequences reviewed by Uniprot and are 

generally more reliable. Take care to ensure that all sequences are complete and 

accurate. 

1.1.3. Save the selected sequences by clicking the Download button. 

1.1.4. Align the collection of Shrm sequences using Clustal-Omega212 

(http://www.ebi.ac.uk/Tools/msa/clustalo/). Click the “Browse” button to select the file 

with the Shrm sequences and then push Submit. 

1.1.5. After the alignment is complete, click the “Download Alignment File” 

button. 

1.1.6. Open the multiple sequence alignment generated in 1.1.5 using Jalview 

(File|Input Alignment|From file). Within the new alignment window, color by identity 

(Colour|Percent Identity) 

1.2. Calculate predictions of secondary structure, predictions of flexible or 

disordered sequence, and predicted coiled-coil regions within the protein(s) of interest. 

1.2.1. Go to http://bioinf.cs.ucl.ac.uk/psipred/. Copy and Paste the Shrm 

sequence into the Input sequence box. Click on the DISOPRED3 check box to include 

this analysis. Input an identifier and press “Predict”.  

http://www.ebi.ac.uk/Tools/msa/clustalo/
http://bioinf.cs.ucl.ac.uk/psipred/
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Note: This analysis may take a couple of hours to complete. Since Shrm 

sequences are quite large, the sequences may need to be split into blocks of less that 

1,000 amino acids to fit within the size constraint of the webserver.  When analyzing 

Shrm2, it is recommended that the C-terminal 1,000 amino acids are used as this 

section contains the Shrm SD2 domain which is known to contain coiled-coil regions. 

When repeating this analysis with other proteins, it is recommended that you use the 

full-length protein sequences when possible. If that is not an option, use the largest 

fragment possible or dissect the sequence based on known biochemical or functional 

data. 

1.2.2. Go to http://gpcr.biocomp.unibo.it/cgi/predictors/cc/pred_cchmm.cgi, to 

calculate Coiled-Coil predictions. Copy and Paste the sequence into the Sequence Box 

and click Submit. 

1.3. Combine the results of steps 1.1 to 1.2.2. into a single comprehensive 

annotation of the Shrm sequence.  

Note: It is highly encouraged to also include any and all relevant information that 

can be gleaned from the literature or other sources about protein function or purification 

at this stage. 

1.4. Using this comprehensive annotated sequence, predict domain 

boundaries (or a series of possible boundaries) for the protein, trying to maximize 

conservation and predicted structural features while minimizing the amount of 

disordered or flexible sequence. If known, the resulting protein should retain the 

functional properties of interest (Figure 38). 

http://gpcr.biocomp.unibo.it/cgi/predictors/cc/pred_cchmm.cgi
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Figure 38: Annotated sequence analysis for the coiled-coil SD2 domain from Shrm 

An overlay of computational analyses for the Shrm SD2 domain, including a multiple sequence 

alignment generated by CLUSTAL omega and colored by sequence identity within Jalview (Step 1.1.). Also 

included are predicted secondary structure, disordered sequence predictions, and coiled-coil predictions of 

the Shrm SD2 domain (Step 1.2). Hypothetical domain boundaries (Step 1.3) are indicated as are the 

observed boundaries and secondary structure elements as revealed by subsequent crystallographic 

analysis 
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Figure 39: Diagram of the His10-mRuby2-expression system 

A) Schematic of the expression vector His10-mRuby2-XH2 vector used in this study. B) Diagram of

the multiple cloning site from this vector. Protein coding sequences are typically inserted into this vector via 

BamHI and EcoRI cloning sites. The extreme C-terminus of the mRuby2 protein is shown in red, the TEV 

protease cleavage site is indicated with brackets and with the site of cleavage shown as a red triangle. A 

linker sequence between the mRuby2 and the TEV site is shown in cyan. 
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6.1.2.2 Express and purify proteins with the domain boundaries identified in 

Section 6.1.2.1 

Note: The goal of this section is to use a series of quick and easily quantifiable 

assays to screen hypothetical domain boundaries generated in Section 1. 

2.1. Using standard molecular biology techniques, generate an expression 

plasmid with the desired coding sequence in frame within the His10-mRuby2-XH2 

plasmid (See Figure 39 for the vector map and additional details).  

2.2. Test expression levels for each expression plasmid using BL21(DE3) E. 

coli or other suitable expression strain in autoinduction media202 at room temperature for 

18-24 hours.

2.2.1. Transform expression plasmids as well as an empty plasmid control into 

BL21(DE3) following the instructions that came with the cells or using robust 

transformation protocol, such as the one here (https://www.addgene.org/plasmid-

protocols/bacterial-transformation/) 

2.2.2. From the freshly transformed plate, pick a single colony and grow a 5 mL 

starter culture at 37 °C overnight in Lysogeny Broth (LB) media with 34 µg/mL 

kanamycin. 

2.2.3. The following day, pellet the culture and wash the pellet with fresh LB. 

2.2.4. Add the starter culture to 50 mL of autoinduction media with 34 µg/mL 

kanamycin. Allow the culture to grow to saturation at either room temperature or 37 °C. 

Typically this is grown for ~18-24 hours.  

2.2.5. Pellet cells and freeze the resulting cell pellets at -80° C indefinitely prior 

to purification. 

https://www.addgene.org/plasmid-protocols/bacterial-transformation/
https://www.addgene.org/plasmid-protocols/bacterial-transformation/
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2.2.6. Compare whole cell extracts from each expression strain and the empty 

vector control by SDS-PAGE to determine the strain that most efficiently produces the 

desired fusion protein. For His10-mRuby2-Shrm SD2 fusion proteins, run 10% SDS-

PAGE gels at 180V for ~50 minutes or until the dye front reaches the bottom of the 

gel213. 

2.2.7. Stain gel with Coomassie Blue to visualize total cellular proteins within 

each strain214. 

2.3. Perform an initial affinity chromatography step on each strain that 

successfully expressed mRuby2-fusion protein. Typically, purification steps 2.3.2-2.3.7 

are performed at room temperature, unless it is felt that the protein will benefit from 

altered conditions such as purification at 4 °C. 

2.3.1. Thaw cell pellets from step 2.2.5. 

2.3.2. Resuspend each cell pellet in 1.5 mL of lysis buffer (10% glycerol, 500 mM 

NaCl, 40 mM imidazole, 20 mM Tris pH8.0, 1 mM beta-mercaptoethanol). Supplement 

the lysis buffer with protease inhibitors as appropriate. 

2.3.3. Add 30 µL of 10 mg/mL lysozyme and incubate at room temperature for 

20 minutes. Sonicate following the instructions for the instrument being used. 

2.3.4. Transfer into a 1.5 mL tube and centrifuge in a table top centrifuge for 30 

minutes at 14,000 x g to pellet insoluble material or unlysed cells. Save both 

supernatant and pellet for subsequent analysis via SDS-PAGE. 

2.3.5. Perform nickel affinity purification, incubating the soluble fraction with 

100 µL of Ni-NTA beads. Incubate the beads with soluble lysate for 5-10 minutes, 

inverting several times to mix beads. 
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2.3.6. Centrifuge at 800 x g for 30 seconds in a tabletop centrifuge to pellet the 

beads. Follow this by washing the pellet 3-5 times with lysis buffer to clean off non-

specific contaminants.  

2.3.7. Elute Ruby fusion protein from the beads with lysis buffer supplemented 

with 1 M imidazole (Figure 40). 

2.3.8. Use SDS-PAGE to compare the behavior of His-mRuby2-Shrm proteins 

in the “quick and dirty” purification above.  
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Figure 40: Representative small-scale purifications of two mRuby2 tagged fusion proteins 

A) An image of samples of bacterial culture expression Ruby Shrm SD2 or an unrelated Ruby

fusion protein known to be insoluble are pictured. A separate culture expressing a protein without a Ruby-

tag is shown for comparison,  
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B) The soluble fraction from the cultures above were imaged following lysis and centrifugation at

30,000, x g for 30 minutes, demonstrating the visualization of soluble Ruby-Shrm SD2 

C) Image of the Ni-NTA beads after binding and subsequent washing steps indicating that Ruby-

Shrm SD2 is being immobilized onto the beads. 

D) Samples of washing and elution steps as described in steps 2.3.6 and 2.3.7 demonstrate that

the Ruby-Shrm SD2 fusion remains bound to the resin while in the presence of up to 80 mM Imidazole and 

is effectively eluted off the column with 1 M Imidazole elution buffer. 

6.1.2.3 Characterize protein sample to identify those with advantageous 

properties 

3.1. Use a spectrophotometer set at 280 nm to measure the concentration of 

your Ruby fusion protein, then assess the homogeneity of the sample by loading 1-5 µg 

of fusion protein onto a native PAGE gel215. Run the 10% Native PAGE gel at 4°C for 

140 minutes at 175 V. 

3.1.1. Image the native PAGE using an imager equipped to visualize 

fluorescence, observing where the mRuby-tagged fusion migrates in this assay. 

Note: Be careful to observe fusion protein that is stuck in the well as this protein 

is likely aggregated. If a fluorescence imager is not available, one can often visualize 

and image concentrated samples of Ruby tagged protein under a black light or with a 

UV light box. 

3.2. Perform limited proteolysis to identify stably folded domains. Incubate 95 

µL of Ruby-Shrm SD2 fusion at ~ 1 mg/mL with 5 µL of 0.025% Subtilsin A.  

3.2.1. Sample the reaction at time points of 0, 0.5, 2, 5, 15, 60, and 120 minutes, 

removing 10 µL from the reaction for each time point and visualizing the progress of the 

reaction via SDS-PAGE using a 15% acrylamide gel.  
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3.2.2. Stain with Coomassie as in step 2.2.7 and evaluate whether a protease 

resistant species can be identified. 

3.3. Integrate data from the purification efficiency, behavior in Native PAGE, 

and limited proteolysis on the partially purified mRuby2-Shrm fusion proteins into a 

comprehensive assessment of the overall behavior of these proteins in solution 

(Figure 41, 42).  

3.3.1. (Optional) If a suitable functional assay is available, then it is strongly 

encouraged to check for activity at this point. 
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Figure 41: Limited proteolysis of candidate SD2 domains from different Shrm proteins 
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A) SDS-PAGE analysis of limited proteolytic digestion of His10-mRuby2-Shrm SD2 fusion protein.

Digestion of the linker between Ruby and Shrm SD2 is rapid and serves as an internal control. A presumed 

degradation product that co-purifies with the His10-mRuby2-Shrm SD2 fusion protein is indicated (*). 

B) A comparison of three SD2 domains from various Shrm proteins. In this example, the alternative

method using a concentration gradient of trypsin is employed. 

C) Limited proteolysis performed within the context of the Ruby-fusions.  In this case, the linker

sequence between Ruby and the SD2 domain was rapidly cleaved as expected but the resulting Ruby and 

SD2 fragments remained largely stable.  
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Figure 42: Observing changes in protein behavior using native gel 

A) 10% Native PAGE demonstrating the effect of a mutant that changes the properties of mRuby2-

Shrm SD2. Under these conditions Shrm SD2 runs as two discrete bands, while selected mutants within 

the SD2 display a range of aberrant migration patterns.  
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B) A comparison of Shrm SD2-Rock complexes formed using different versions of Rock and

analyzed by native PAGE. Complexes between Shrm SD2 and the indicated fragments of Rock kinase 

(both coiled-coil proteins) were resolved by native PAGE. Crystals were obtained for the indicated 

fragments. 

6.1.2.4 Producing high quality crystals of the coiled-coil SD2 domain from 

Shrm 

Note: All steps within section 4.1 are performed at room temperature unless the 

protein would benefit from purification at a different temperature, usually 4 °C. 

4.1. Using the 50 mL growths as a rough estimate of expression and 

purification potential, perform large scale expressions of mRuby2-Shrm SD2 with the 

goal of achieving 5-20 mg of completely purified sample. Typically, 2 L of culture 

provides adequate starting material. After growth pellet cells by centrifugation at 8,000 

x g for 10 minutes. 

4.1.1. Resuspend the pellet from the 2 L growth in lysis buffer as before, using 

~2 mL of lysis per gram of frozen cell pellet if using lysozyme for lysis. Alternatively, 

resuspend at ~8 mL/g of pellet if using a homogenizer or French press. Pellet cellular 

debris via centrifugation at 30,000 x g for 30 minutes. 

4.1.2. Batch bind the soluble fraction from 4.1.1 using 10 mL of Ni-NTA resin. 

Pour into appropriate gravity column and allow unbound proteins to drain off. 

4.1.3. Wash resin 3-5 times with 40 mL of lysis buffer, followed by a wash with 

lysis buffer supplemented to 1 M NaCl. 

4.1.4. Wash resin with 40 mL of lysis buffer supplemented with 80 mM 

imidazole. 
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4.1.5. Elute the Ruby-Shrm fusion protein with 40 mL of lysis buffer 

supplemented to 1 M imidazole. Manually fractionate the eluted protein into 4-10 mL 

fractions. 

4.1.6. Confirm fractions containing Ruby-Shrm fusion protein using 10% SDS-

PAGE.  

4.1.7. Dialyze appropriate fractions (typically fractions 2-4) into 8% glycerol, 250 

mM NaCl, 15 mM imidazole, 20 mM Tris pH8.0, 1 mM β-ME, using 6-8K MWCO 

dialysis tubing. Add 1 mg of TEV protease for every 25-50 mg of fusion protein. Dialyze 

overnight at room temperature with slow stirring. 

4.1.8. Repeat nickel affinity purification steps 4.1.2. to 4.1.6. The Shrm SD2 

domain should now remain in the unbound fraction while the His10-mRuby2 will remain 

bound to the resin and will be found in the elution fractions. Confirm this using 12% 

SDS-PAGE staining with Coomassie Blue. 

4.1.9. Dialyze fractions containing Shrm SD2 domain into 8% glycerol, 100mM 

NaCl, 20mM Tris pH 8.0, 5mM beta-mercaptoethanol buffer overnight. 

4.1.10. Perform Anion Exchange Chromatography216 using an FPLC , and 

eluting with a NaCl gradient from 0.1 M to 1 M NaCl. Analyze fractions using 12% SDS-

PAGE. 

4.1.11. Using a spin concentrator (MWCO of 10kDa or greater depending 

on the protein being studied), concentrate peak fractions to ~ 10 mg/mL, then perform 

size exclusion chromatography217, analyzing peak fractions via 12% SDS-PAGE. 

4.1.12. Pool peak fractions and dialyze into 20 mM Tris pH 8.0, 50 mM NaCl, 2% 

glycerol, 1 mM β-ME, and concentrate to 10 mg/mL prior to crystallization. 
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Optional: During this step, remove 5 µL samples at concentrations of 1, 2, 5, and 

10 mg/mL during the course of concentrating the sample. Run a native PAGE loading 

2-5 µL of each sample to look at the behavior of the sample during this step.

4.2. Screen a small array of 12 conditions to identify an optimal protein 

concentration for crystallization trials. The composition of these conditions is described 

in Figure 43. 

4.2.1. Using 24-well sitting drop crystallization trays, perform crystallization trials 

using the vapor diffusion method, pipetting 500 µL of each of the 12 conditions into 

separate wells followed by drops that initially contain 1 µL of well solution and 1 µL of 

protein sample. Please see218 for additional information on this technique. 

4.2.2. Quickly seal the tray with clear tape and move the tray to a suitable 

temperature controlled environment that is vibration free. The temperature used can 

vary, but 4 °C, 16 °C, and 20°C are quite common. 

4.2.3. Examine the drops in the trays over the next 3 days using a microscope at 

up to 100X magnification. At the end of the 3-day period, score each drop as containing 

no precipitation (clear), light precipitation, heavy precipitation (brown), or crystals. A 

suitable protein concentration should contain no more than 6 heavy precipitations. 

4.3. Using the protein concentration identified in 4.2, screen a broad range of 

commercially available crystallization screens. The use of a liquid handling or 

crystallization robot greatly speeds up this process while also minimizing error in the 

drops. It requires far less protein as well, allowing the user to screen more conditions 

with a single sample. 
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4.4. Improve initial conditions identified from broad screens by systematically 

varying each of the variables within the crystallization drop using 24-well screening trays 

as before.  

Figure 43: Quick primary screen for crystallization 

A) A quick screen of common crystallization conditions is used to assess the behavior of the protein

sample in crystallization trials. 

B) Examples of the simple scoring matrix to assess crystallization drops.



143 

6.1.3 Representative Results 

A diagram depicting the workflow utilized in this system is shown in Figure 40 and 

includes three main stages. Computational analysis of the sequence is utilized to 

develop hypotheses about the domain boundaries of the coiled-coil protein of interest. 

An example of an annotated analysis of the Shrm2 SD2 domain is shown in Figure 38. 

In this diagram, the goal was to identify possible domain boundaries for a conserved 

domain at the C-terminus of the cytoskeletal regulator Shrm called SD2. From this 

analysis was three distinct sets of hypothetical domain boundaries were generated 

containing coiled-coil fragments that spanning the entire conserved SD2 or minimal 

fragments near the C-terminus which ended up as the best candidates for 

crystallization. Candidates identified from the sequence analysis are then quickly tested 

in small scale using a protein fusion with mRuby2 (Figure 39) for efficient analysis. 

Representative small scale (50 mL of culture) purifications from two His10-mRuby2-

tagged proteins are shown in Figure 40. In this figure, the behavior of an insoluble 

protein is readily apparent as compared to its soluble counterpart. Poorly expressing or 

insoluble protein fusions are easily and quickly identified in this manner. Biochemical 

analyses of protein fragments by limited proteolysis are shown in Figure 40 for a variety 

of fragments using wither the Ruby system described or with isolated and purified Shrm 

SD2 domains. In Figure 41A, two variants of mouse Shrm SD2 corresponding to 

hypothetical domain boundaries #2 and #1 in Figure 37 were digested using a gradient 

of protease concentration from (0 to 1.0 %) for 30 minutes at room temperature. Both 

of these were effectively degraded into a host of smaller products at moderate enzyme 

concentrations. Figure 41B shows the same experiment performed using hypothetical 



boundary #3 from Drosophila Shrm SD2. This protein did crystallize and its structure 

has been described166. Proteolytic analysis can also be useful when examining Ruby-

fusions as generated from the protocol above. As shown in Figure 41C, a Ruby fusion 

protein with human Shrm2 SD2 (1427-1610) was digested with a high concentration 

(0.025 %) of the non-specific protease Subtilsin at room temperature for the indicated 

time points. Here the linker between Ruby and Shrm was immediately cleaved as would 

be expected.  Additionally, minor products were formed indicating this protein has two 

other protease sensitive regions, however, the products of degradation which were 

produced within 2 minutes remained largely intact throughout the rest of the experiment 

indicating the protein is actually quite stable.  A complimentary approach is shown 

using native PAGE analysis in Figure 42. In Figure 42A, Ruby-tagged human Shrm 

SD2 (1427-1610) as well as protein containing the indicated point mutations within 

Shrm are analyzed by native PAGE. In this experiment, the wild-type protein 

(which forms crystals) runs as two distinct bands, while the three mutants which do 

not crystallize have dramatically different behavior.  To demonstrate that the 

system can also be useful on protein complexes, a variety of Shrm-Rock 

complexes were analyzed by native PAGE in Figure 42B. In this case, the same 

fragment of human Shrm2 SD2 (1427-1610) was used to help clarify the analysis, 

while different fragments of human Rock were utilized. This approach suggested 

that complexes formed using Rock 700-906 and 746-906 had multiple species, 

were smeary, and less homogenous. Complexes utilizing 788-906 were improved, 

albeit not dramatically, and this species was able to crystallize, although crystals 

took many weeks to form and contained degraded Rock protein. Complexes 

generated using Rock 834-913 formed a single and more uniform species on the gel

144 
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and readily crystallized overnight.  Figure 43 shows a set of common crystallization 

conditions that are used to inform on the behavior of the protein sample in 

crystallization trials, and could be used generally with any protein. Ideally, a mix of 

clear and precipitating conditions will be obtained. Proteins that do not form 

precipitates require high concentrations or more stringent buffering conditions 

while those that precipitate in many conditions should be used at a lower protein 

concentration or with buffering conditions that promote protein solubility. 

6.1.4 Discussion 

The protocol described here is designed to help the user identify domain boundaries 

within large coiled-coil proteins to facilitate their crystallization. The protocol relies on a 

holistic incorporation of a variety of data from computational predictions and other 

sources to generate a series of potential domain boundaries. These are followed by a 

set of biochemical experiments which are quick and inexpensive, and are used to 

further refine these initial hypotheses. Using this approach, the user could quickly 

eliminate potential protein fragments that are undesirable, and focus more attention on 

better candidates, thereby improving the prospects of obtaining crystals.  

There are many important steps within this technique, however, none as critical 

for the production of crystals as the development of the initial set of hypothetical 

domain boundaries. This step incorporates a variety of computational approaches, as 

well as information obtained from the literature or functional data when available.  Care 

should be taken to avoid using the strategy to hone immediately down to the single 

“best” solution as there is currently no method in place to attach a quantifiable 

confidence 
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value to any of the predictions. Instead it is best used as a method to quickly identify a 

small set of possible domain boundaries which need to be experimentally verified.  

The properties of coiled-coil proteins which can be analyzed with this protocol 

are quite broad. From a computational perspective, the strength of coiled-coil 

predictions is limited below 20 amino acids, and as mentioned in step 1.2.1, coiled-coil 

regions larger than 1,000 amino acids would need to be split into multiple sections for 

analysis by DISOPRED. We view this later limitation as temporary as it is imposed by 

the webserver and may change as the method is upgraded in the future. The 

subsequent biochemical analysis however, can suffer in various ways. First, internal 

loops or regions hypersensitive to proteases may make the sample appear to be less 

stable than it actually is. Stable proteins that have cleaved loops or are otherwise 

nicked by the protease should still give a stable appearance on native PAGE, which is 

why it is recommended that the user explore both strategies. Native PAGE may be 

difficult for some protein however, either because they are very long and migrate slowly 

into gel or because their particular charge may make them run the opposite direction 

out of the gel entirely.  In this cases, it may be helpful to explore different buffering 

conditions for the native PAGE gel system. 

While the focus of the work presented here has been on large coiled-coil 

containing proteins, this protocol can be utilized for almost any protein with very few 

adaptations. The primary addition for globular proteins would be the addition of domain 

prediction software such as pDomTHREADER219 or DomPred220 to look for domain 

boundaries, and tertiary structure predictions such as Phyre2221 to enhance the 

predictive power of the sequence analysis. Additionally, there are many algorithms 



147 

available for performing secondary structure predictions and disordered predictions, and 

the inclusion of additional algorithms could be helpful. Globular proteins often possess 

enzymatic activity or other functional readouts that would provide important additional 

information during target selection. Further, moderate or high-throughput techniques 

can be incorporated as appropriate. For example, inexpensive systems for 1-2mL 

cultures and metal affinity purifications in 96-well formats are readily available222. Lastly, 

the use of robotics for setting up large numbers of crystallization experiments using 

minimal sample is becoming routine, but efficient operation of robotic systems is 

predicated on the behavior of well characterized protein samples. Additional 

modifications to this protocol could include sampling a variety of affinity tags. Many 

different fluorescent tags are available, or His-, GST-, Thioredoxin-, Strep-, and MBP- 

are among dozens of available options if a fluorescent tag is not needed or helpful. 

When performing this procedure, the user should be mindful of the effect that the 

mRuby2 tag might have on the users’ protein of interest. Anecdotal evidence from using 

this tag on a variety of different fusions supports the fact that mRuby2 will sometimes 

bind quite tightly to the protein of interest, remaining bound through multiple 

chromatographic steps. This behavior is obviously undesirable but unintended Ruby 

complexes can usually be separated and removed chromatographically. It is unclear 

whether this is a chaperone-like behavior as has been observed for MBP223. 

After obtaining crystals, there are still many challenges that are commonly faced 

with coiled-coil proteins that are not addressed in this protocol. The most common is 

poor diffraction quality, either due to imperfectly formed lattices or anisotropic 

diffraction. There are tools in place to assist with anisotropic diffraction224, and these 

have been 
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solving some coiled-coil structures 128,136. Many crystal pathologies are unfortunately 

difficult to overcome quickly, therefore it is often prudent to search for additional crystal 

forms with enhanced diffraction properties. This is facilitated by robotic screening of 

thousands of conditions. Alternatively there are many post-crystallization techniques to 

improve diffraction quality such as dehydration, or seeding225. 

6.1.5 Script 

6.1.5.1 Introduction 

The overall goal of this procedure is to rapidly identify and test possible domain 

boundaries within large coiled-coil proteins to improve the likelihood of finding a fragment 

within it that will crystallize. 

Andrew VanDemark: Structure determination by x-ray crystallography can provide 

powerful insight into the mechanism by which a given protein functions.  

Andrew VanDemark: This method can help researchers streamline the process of 

protein crystallization for large coiled-coil proteins which are notoriously difficult to 

crystallize. 

Andrew VanDemark: The advantage of this technique is that its multifaceted 

approach utilizes experimental and computational methods to identify and screen 

candidates for crystallographic trials, thereby increasing the likelihood of obtaining 

crystals.  

Andrew VanDemark: Although this method is focused on coiled-coil proteins, the 

overall framework could easily be adapted for almost any protein.  
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Andrew VanDemark: Demonstrating the procedure will be Jenna Zalewski, a 

graduate student, and Keith O’Connor, an Undergraduate researcher from my 

laboratory. 

6.1.5.2 Express and purify proteins with identified domain boundaries 

To begin, combine output from established Web-based tools to 

generate predictions of possible coiled-coil domain boundaries as described in the text 

protocol. 

After generating expression plasmids and testing their expression levels (TEXT 

Overlay: see text for details), perform an initial affinity chromatography step on each 

strain that successfully expressed mRuby2-fusion protein.  

Resuspend the cell pellet in 1.5 milliliters of lysis buffer (TEXT Overlay: 10% 

glycerol, 500 mM NaCl, 40 mM imidazole, 20 mM Tris pH8.0, 1 mM beta-

mercaptoethanol).  Supplement the lysis buffer with protease inhibitors as appropriate. 

Add 30 microliters of lysozyme at a concentration of 10 milligrams per 

milliliter and incubate at room temperature for 20 minutes.  Sonicate following the 

instructions for the instrument being used. 

Transfer the sample into a 1.5 milliliter tube and centrifuge in a table top 

centrifuge for 30 minutes at 14,000 x g to pellet insoluble material or unlysed cells. 

Save both the supernatant and pellet for subsequent analysis via SDS-PAGE. 

Perform nickel affinity purification, by first incubating 100 microliters of nickel-

NTA beads, pre-washed into lysis buffer, with the soluble lysate for 5 to 10 minutes, 

inverting the suspension several times to mix beads.  
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Centrifuge at 800 x g for 30 seconds in a tabletop centrifuge to pellet the beads. 

Follow this by washing the pellet 3 to 5 times with lysis buffer to clean off non-specific 

contaminants.  

Elute Ruby fusion protein from the beads with lysis buffer supplemented with 1 M 

imidazole. 

6.1.5.3 Characterize protein sample to identify those with advantageous 

properties  

Use a spectrophotometer set at 280 nanometers to measure the concentration of 

the Ruby fusion protein, and then assess the homogeneity of the sample by loading 1 to 

5 micrograms of fusion protein onto a native PAGE gel.   

Run the 10% Native PAGE gel at 4 degrees Celsius for 140 minutes at 175 Volts.  

Image the native PAGE using an imager equipped to visualize fluorescence, observing 

where the Ruby-tagged fusion migrates in this assay.  

Be careful to observe fusion protein that is stuck in the well as this protein is 

likely aggregated.   

If a fluorescence imager is not available, one can often visualize and image 

concentrated samples of Ruby tagged protein under a black light or with a UV light box. 

Perform limited proteolysis to identify stably folded domains.  Incubate 95 

microliters of Ruby-Shrm SD2 fusion protein at approximately 1 milligram per milliliter 

with 5 microliters of 0.025% Subtilsin A. 

Sample the reaction at time points of 0, 0.5, 2, 5, 15, 60, and 120 minutes, 

removing 10 microliters from the reaction for each time point and visualizing the 

progress of the reaction via SDS-PAGE using a 15% acrylamide gel.  
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Stain with Coomassie Blue and evaluate whether a protease resistant species 

can be identified. 

Integrate the data from the purification efficiency, behavior in native PAGE, 

and limited proteolysis on the partially purified mRuby2-Shrm fusion proteins into a 

comprehensive assessment of the overall behavior of these proteins in solution.

(Optional) If a suitable functional assay is available, check for activity at this 

point. 

6.1.5.4 Producing high quality crystals of the coiled-coil SD2 domain from 

Shrm 

Using the 50 milliliter growths as a rough estimate of expression and purification 

potential, perform large scale expressions of mRuby2-Shrm SD2 with the goal of 

achieving 5 to 20 milligrams of completely purified sample.  

Grow 2 liters of culture and then pellet cells by centrifugation at 8,000 x g for 10 

minutes. The resulting cell pellet can be stored at -80 degrees centigrade until needed. 

Resuspend the pellet in lysis buffer as before, using approximately 2 milliliters of 

lysis per gram of frozen cell pellet if using lysozyme for lysis.  Alternatively, resuspend 

at ~8 milliliters of lysis per gram of frozen cell pellet if using a homogenizer or French 

press. Pellet cellular debris via centrifugation at 30,000 x g for 30 min.  

Next, batch bind the soluble fraction using 10 milliliters of nickel-NTA resin. Pour 

into appropriate gravity column and allow unbound proteins to drain off.  Wash resin 3 

to 5 times with 40 milliliters of lysis buffer, followed by a wash with lysis buffer 

supplemented to 1 Molar sodium chloride. 
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Then, wash the resin with 40 milliliters of lysis buffer supplemented with 80 mM 

imidazole.  Elute the Ruby-Shrm fusion protein with 40 milliliters of lysis buffer 

supplemented to 1M imidazole.   

Manually fractionate the eluted protein into 4 to 10 milliliter fractions.  Confirm 

fractions containing Ruby-Shrm fusion protein using 10% SDS-PAGE. 

Dialyze the appropriate fractions into TEV cleavage buffer (8% glycerol, 250 mM 

NaCl, 15 mM imidazole, 20 mM Tris pH8.0, 1 mM β-ME), using 6-8 kDa MWCO dialysis 

tubing.   

Add 1 milligram of TEV protease for every 25 to 50 milligrams of fusion protein. 

Dialyze the protein overnight at room temperature with slow stirring. 

Repeat the nickel affinity purification steps.  The Shrm SD2 domain should now 

remain in the unbound fraction while the His10-mRuby2 will remain bound to the resin 

and will be found in the elution fractions.  Confirm this using 12% SDS-PAGE staining 

with Coomassie Blue. 

Using a spin concentrator (TEXT Overlay: MWCO of 10 kDa or greater 

depending on the protein being studied), concentrate peak fractions to approximately 

10 milligrams per milliliter.  Then, perform size exclusion chromatography, analyzing 

peak fractions via 12% SDS-PAGE. 

Pool the peak fractions and dialyze into Crystallization Buffer (20 milliMolar Tris 

pH 8.0, 50 milliMolar sodium chloride, 2% glycerol, 1 milliMolar β-ME), and concentrate 

to 10 milligrams per milliliter prior to crystallization.  

Screen a small array of 12 conditions to identify an optimal protein concentration 

for crystallization trials (TEXT Overlay:  see text for screening conditions). 
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Using 24-well sitting drop crystallization trays, perform crystallization trials using 

the vapor diffusion method, pipetting 500 microliters of each of the 12 conditions into 

separate wells followed by drops that initially contain 1 microliter of well solution and 1 

microliter of protein sample on the coverslips (TEXT Overlay:  see text for reference on 

more technique information). 

Quickly seal the tray with clear tape and move the tray to a suitable temperature 

controlled environment that is vibration free (TEXT Overlay: 4 °C, 16 °C, and 20 °C are 

common temperatures used). 

Examine the drops in the trays over the next 3 days using a microscope at up to 

100X magnification.  

At the end of the 3-day period, score each drop as containing no precipitation 

(clear), light precipitation, heavy precipitation (brown), or crystals.  A suitable protein 

concentration should contain no more than 6 heavy precipitations. 

Using the determined protein concentration, screen a broad range of 

commercially available crystallization screens.  The use of a liquid handling or 

crystallization robot greatly speeds up this process while also minimizing error in the 

drops. It requires far less protein as well, allowing the user to screen more conditions 

with a single sample. 

Improve the initial conditions identified from broad screens by systematically 

varying each of the variables within the crystallization drop using 24-well screening 

trays as before.    
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7.0  CONCLUSIONS 

Over the course of my thesis work, I have studied each of the major conserved Shrm 

family domains within the context of human Shrm2. The biochemical, structural, and cell 

biology data presented within this document support our hypothesis that Shrm family 

proteins use N-terminally located domains for localization, while the C-terminal domains 

use conserved sequences to recruit and activate Rock. Future work will reveal the protein-

protein interactions that recruit each individual Shrm family member. The information 

gained from these studies will ultimately be used to develop a model for how each family 

member deploys the Shrm-Rock module to specific areas of the cell to facilitate Shrm-

mediated developmental processes. 

My work on the Shrm-Rock complex revealed both the arrangement of the SD2-

SBD complex, as well as the interface mediating their interaction. This work has also 

implicated Shrm family proteins as a novel class of Rock activators. 161. The amino acids 

observed within the Shrm-Rock interface are conserved across all Shrm family members, 

and I hypothesize that in each case they are also important for mediating Rock binding 

and activation. I predict that these residues are critical to the function of every Shrm 

protein, as each characterized SD2 maintains the ability to bind Rock, and I predict that 

Rock activation activity is also a conserved SD2 feature.  

In the future, it will be necessary to determine which biological processes Shrm-

mediated Rock-activation is important for, and if there are any processes that require an 

additional activator working independently or in coordination with Shrm. One group 

already suggests that a trimeric complex between Shrm and RhoA is important for mouse 
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lens development179. These experiments will more clearly describe the mechanisms 

leading to Rock-mediated regulation of cell shape and will have important implications for 

how the field understands cytoskeletal regulation. 

I have also identified a direct interaction between Shrm2 and the actin-crosslinking 

protein, alpha-actinin. This binding event could help mediate recruitment of Shrm to focal 

adhesions, cell-cell junctions, or stress fibers. Some evidence, including co-purifying 

proteins identified by mass-spec (Figure 26B), and preliminary colocalization assays in 

cells (data not shown), suggests that Shrm2 is present in focal adhesion complexes. It is 

not surprising to find that Shrm2 could be playing a role in cell adhesion, as past work 

has shown that Shrm2 knockdown cells migrate more quickly5. This could be due to a 

defect in focal adhesion regulation, and it is possible that the lack of Shrm2 in these cells 

either destabilizes focal adhesions or prevents them from forming correctly. More 

extensive in vivo analysis, including mutational analysis of both the Shrm2 PDZ and 

alpha-actinin, will need to be performed to understand how this interaction contributes to 

focal adhesion formation and stability, and to determine the importance of this interaction 

to regulating cellular behavior. Follow-up experiments will determine the role Shrm 

signaling has on cell attachment and motility, as Rock activity is known to be important to 

focal adhesion assembly and turnover72. Additionally, future work must identify the 

binding partners for the PDZ domains of Shrm2 and Shrm4 to explain how each family 

member uses its PDZ domain to execute each specialized function.  

While most of my work is focused on the SD2 and PDZ domains of Shrm2, I also 

spent time characterizing Shrm2 SD1 and Shrm3 Dvl-binding domains. I have shown that 

the SD1 domain is highly sensitive to proteases, and mutations that target conserved 
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patches on the SD1 have an effect on the structure of actin bundles generated in vitro. 

These data suggest that the SD1 adopts a fold that is protease-sensitive and could be 

natively unfolded. My work characterizing the Dvl-binding activity of Shrm3 showed, in 

vitro, that a direct binding event can occur between Shrm and Dvl.  

As Rock function is critical to Shrm signaling, I also made an effort to use structural 

biology and biochemistry to understand Rock regulation, specifically the molecular 

mechanism of autoinhibition. I expressed and purified the kinase domain from human 

Rock1, and use in vitro kinase assays to generate preliminary data suggesting the C-

terminal domains of Rock can inhibit catalytic activity. 

The data presented within this thesis have increased our understanding of how 

Shrm2 regulates cell shape through Rock signaling and specialized use of a conserved 

PDZ domain. Future work will focus on understanding how each Shrm family member 

localizes to specific subcellular locales to trigger changes in shape through Rock 

recruitment and activation. Ultimately, understanding the molecular mechanisms utilized 

by each of the conserved domains across Shrm family members will generate a detailed 

picture of how each Shrm drives changes in cell shape and contributes to cell function. 
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8.0  MATERIALS AND METHODS 

8.1 MOLECULAR BIOLOGY 

Coding sequences for hRock1 (amino acids 834-913) and hShrm2 (1427-1610) were 

amplified by PCR and cloned into pET151-D/Topo (Invitrogen). 

To generate mRuby2/Clover fusion constructs, the coding sequences for hShrm2 

(amino acids 1427-1610, 1-120, and 20-109), and hRock1 (amino acids 707-946) were 

amplified by PCR and cloned via Gibson Assembly (NEB) into a modified pET28a vector 

to generate His10-tagged mRuby2- or Clover-fusion expression plasmids with TEV 

cleavage sites. Point mutations were introduced via PCR and constructs were generated 

using Gibson Assembly.  

pCS2 endolyn-Shrm chimeric constructs were generated as previously reported6. 

Briefly, pCS2-endo-Shrm3 was digested with EcoRI, and cDNA encoding amino acids 

1427-1610 of human Shrm2 were inserted via Gibson Assembly. Insert sequences were 

amplified by PCR prior to Gibson Assembly. Point mutations were assembled identically, 

using cDNA harboring the desired point mutation as a template for PCR. 

pCS3mt Shrm constructs were generated via Gibson Assembly. Truncations were 

made by PCR, using pAC-GFP-hShrm25 as a template. 
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8.2 PROTEIN EXPRESSION AND PURIFICATION 

Human Shrm2 SD2 (1427-1610) was expressed in BL21 (DE3) Gold cells by 

autoinduction226 for ~24h at room temperature. Cells were harvested by centrifugation 

and lysed by homogenization in lysis buffer containing 10% glycerol, 500 mM NaCl, 5 mM 

Imidazole, 1 mM β-Me, 20 mM Tris pH 8.0. Lysates were cleared by centrifugation at 

30,000 x g and proteins were purified using nickel affinity purification (Qiagen). Fractions 

containing SD2 were pooled and the His-tag was cleaved using TEV protease at room 

temperature in an overnight dialysis in 8% glycerol, 500 mM NaCl, 1 mM β-Me, 20 mM 

Tris pH 8.0. The liberated tag was removed the following day via a second nickel-affinity 

purification. Peak fractions were dialyzed overnight into 8% glycerol, 100 mM NaCl, 1 mM 

β-Me, 20 mM Tris pH 8.0, then loaded onto a HiTrap Q column (GE Healthcare) and 

eluted with a gradient of 0.1 - 1.0 M NaCl.  

Human Rock1 SBD (a.a. 834-913) was expressed in BL21(DE3) codon plus (RIPL) 

cells by autoinduction for ~24h at room temperature. Cells were harvested by 

centrifugation and lysed by homogenization in lysis buffer containing 10% glycerol, 500 

mM NaCl, 5 mM Imidazole, 1 mM β-Me, 20 mM Tris pH 8.0. Lysates were cleared by 

centrifugation at 30,000 x g and proteins were purified using nickel affinity purification 

(Qiagen). Fractions containing SBD were pooled and the His-tag was cleaved using TEV 

protease at room temperature in an overnight dialysis in 8% glycerol, 500 mM NaCl, 1 

mM β-Me, 20 mM Tris pH 8.0. The liberated tag was removed the following day via a 

second nickel-affinity purification. Peak fractions were dialyzed overnight into 8% glycerol, 

100 mM NaCl, 1 mM β-Me, 20 mM Tris pH 8.0, then loaded onto a HiTrap Q column (GE 

Healthcare) and eluted with a gradient of 0.1 – 1.0 M NaCl. 
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mRuby2 and Clover-tagged SD2 and SBD proteins were expressed in DE3 Gold 

cells by autoinduction for ~24h at room temperature. Cells were harvested by 

centrifugation and lysed by homogenization in lysis buffer containing 10% glycerol, 500 

mM NaCl, 40 mM Imidazole, 1 mM β-Me, 20 mM Tris pH 8.0. Lysates were cleared by 

centrifugation at 100,000 x g and proteins were purified using nickel affinity purification 

(Qiagen). Fractions containing fluorescent protein were pooled and dialyzed into 8% 

glycerol, 125mM NaCl, 1mM β-Me, 25mM Tris pH 8.0 for binding experiments. 

Human Shrm2 PDZ (20-109) was expressed in RIPL cells by IPTG induction for 

~18h at room temperature. Cells were harvested by centrifugation and lysed by 

homogenization in lysis buffer containing 10% glycerol, 500 mM NaCl, 40 mM Imidazole, 

1 mM β-Me, 20 mM Tris pH 8.0. Lysates were cleared by centrifugation at 30,000 x g and 

proteins were purified using nickel affinity purification (Qiagen). Fractions containing PDZ 

were pooled and the His-Ruby-tag was cleaved using TEV protease at room temperature 

in an overnight dialysis in 8% glycerol, 100 mM NaCl, 1 mM β-Me, 20 mM Tris pH 8.0. 

The liberated tag was removed the following day via a second nickel-affinity purification, 

and peak fractions were loaded onto a HiTrap S column (GE Healthcare) and eluted with 

a gradient of 0.1 - 2.0 M NaCl. Peak fractions were pooled and loaded onto a Sephacryl 

S200 gel filtration column (GE). Peak fractions containing PDZ were pooled and dialyzed 

into 10mM HEPES pH 7.5, 2% glycerol, 50mM NaCl, 1mM β-Me. 
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8.3 LIMITED PROTEOLYSIS 

25 µM SD2 and 15 µM SBD were combined in a binding buffer and allowed to incubate 

at room temperature for 10 minutes. Following incubation, trypsin was added to a final 

concentration of .0025%. Samples were taken at various time points and used to monitor 

the reaction via native and SDS page. Smaller bands indicating a partially digested, 

minimal complex were cut from the gel and sent for mass spec analysis. 

8.4 MASS SPECTROMETRY 

For mass spectrometry analysis of the Shrm-Rock complex, samples taken from a limited 

proteolysis experiment were run on both a Native- and SDS-PAGE gel. Bands 

corresponding to SD2-SBD complex were excised from the gel, then sent to Dr. Rich 

Gardner for analysis. 

For analysis of the PDZ pulldown, entire reactions were run ~1cm into an SDS-

PAGE gel, stained with Coomassie Blue for visualization, then excised and sent to the 

University of Pittsburgh Biomedical Mass Spectrometry center for peptide identification. 

8.5 GENERATION OF SBD-SD2 COMPLEX FOR CRYSTALLOGRAPHY 

hShrm2 SD2 and hRock1 SBD were purified separately as above, then mixed at a 2:1 

Rock:Shrm ratio and dialyzed into buffer containing 50 mM NaCl, 20 mM Tris at pH 8.0 
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overnight at 4C. Following dialysis, the protein was concentrated and subjected to size-

exclusion chromatography using a Sephacryl S200 gel filtration column (GE). Peak 

fractions containing complex were identified by both SDS-PAGE and Native PAGE, 

pooled, and concentrated to ~5.3 mg/mL using a Spin-XUF spin concentrator (Corning). 

Proteins were >99% pure as determined by SDS-PAGE. Protein was stored at 4C for use 

in subsequent crystallization experiments. 

8.6 CRYSTALLIZATION OF HUMAN SHRM2 SD2 

Human Shrm2 SD2 crystals were generated by sitting-drop vapor diffusion in 20% PEG 

3350, 200mM magnesium chloride, 100mM Tris pH 8.5 in sitting-drop trays, at a 1:1 

protein:well ratio. Square, plate-shaped crystals were cryoprotected in mother-liquor 

supplemented with 30% glycerol then flash-frozen in liquid nitrogen prior to data 

collection.  

8.7 CRYSTALLIZATION OF HUMAN SHRM2 SD2-ROCK1 SBD COMPLEX 

SD2-SBD complex crystals were generated by sitting-drop vapor diffusion in 20.5% PEG 

3350, 233mM ammonium chloride in sitting-drop trays, at a 1:2 well:protein ratio. 

Rectangular-prism shaped crystals were cryoprotected in mother-liquor supplemented 

with 30% glycerol then flash-frozen in liquid nitrogen prior to data collection.  
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8.8 NATIVE PAGE BINDING ASSAYS 

mRuby2-Shrm2 SD2 and Clover-Rock1 SBD constructs were dialyzed into binding buffer 

containing 8% glycerol, 125 mM NaCl, 1 mM β-Me, 25 mM Tris pH 8.0. 20µL binding 

reactions were incubated at room temperature for 5 minutes at final concentrations of 25 

µM SD2 and 15 µM SBD before being resolved on 10% Native PAGE gels. In-gel 

fluorescence was visualized using an Amersham ImagerRGB (GE Healthcare). 

8.9 CELL CULTURE AND TRANSFECTION 

Cos7 cells were grown in DMEM supplemented with 10%FBS, L-glutamine, and 

penicillin/streptomycin. Cultures were grown at 37°C with 5% CO2, and passaged every 

~3 days using Trypsin-EDTA. Transient transfection was performed in 6-well plates 

using 300,000 cells, 2µg DNA, and 5µL Lipofectamine per well. Transfected cells 

were incubated for 24 hours before processing. 

MDCK cells were grown in EMEM supplemented with 10% FBS, L-glutamine, and 

Penicillin/Streptomycin. Cultures were grown at 37°C with 5% CO2, and passaged every 

2-3 days using Trypsin-EDTA. Transient transfection was performed in transwell filters

using 700,000 cells, 1µg DNA, and 2µL Lipofectamine per well. Transfected cells were 

incubated for 24 hours prior to processing. 

Cells were washed three times in PBS, fixed in 100% MeOH for 5 minutes, washed 

3 times with PBST, then incubated with primary antibody in PBST for 1h. Antibodies used 
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were UPT132 (1:200), anti ZO-1 (1:200) (Promega), 9E10 (1:100) (ATCC). Cells were 

washed three times in PBST, then incubated for 1 hour with secondary antibody (Alexa 

fluor 488- and 568- conjugated antibodies 1:400). Cells were washed 3 times with PBST 

then finally mounted on slides using Immuno-fluore mounting medium (MP Biomedicals). 

8.10 IMMUNOFLUORESCENCE 

For visualization of apical constriction, cells were washed 3X with PBS, fixed in methanol, 

and stained with anti-ZO1, and anti-Shrm3 (UPT115).  

For Shrm-Rock colocalization experiments, cells were washed 3 times in PBS, 

fixed in methanol, 9E10 was used to detect myc-tagged Rock, and UPT132 was used to 

detect Shrm2.  

8.11 ON-BEAD KINASE ASSAY 

To evaluate kinase activity, a pCAG-His10-TEV-Rock1 construct was transfected into 

Cos7 cells. After transfection, cells were kept for ~24 hours at 37°C. Typically, three 

60mm dishes were transfected at once to generate enough protein for ~3 separate 

experiments. Cells were washed three times in PBS, then lysed in a modified RIPA buffer 

containing 10 mM Tris-HCl pH 8.0, 1% Triton X-100, 0.1% deoxycholic Acid, 150 mM 

NaCl, and 40 mM imidazole. Lysate was incubated with pre-equilibrated magnetic Ni-NTA 

resin (Thermo Fisher Scientific) for 10 minutes, then washed 3 times with lysis buffer, 



followed by 3 more washes with lysis buffer containing 1M NaCl. Rock1-coated resin was 

then washed into Kinase Assay Buffer before being used for enzymatic assays. When 

treated this way, bead-bound protein was stable at 4°C for up to two weeks. 

8.12 CRYSTALLIZATION OF HUMAN SHRM2 PDZ DOMAIN 

Human Shrm2 PDZ crystals were generated by sitting-drop vapor diffusion in 30% PEG 

3350, 200mM ammonium acetate, 100mM sodium acetate pH 5.2 in sitting-drop trays, 

at a 2:1 protein:well ratio. Square, plate-shaped crystals were cryoprotected in mother-

liquor supplemented with 30% sucrose then flash-frozen in liquid nitrogen prior 

to data collection. 

To generate crystals in the presence of peptide, PDZ and peptide were combined 

at a 1:1.5 molar ratio, respectively, and allowed to incubate at room temperature for ~5 

minutes prior to setting up trays. Crystals were generated by sitting-drop vapor diffusion 

in 30% PEG 2000, 100mM sodium thiocyanate, in sitting-drop trays, at a 1:1 protein:well 

ratio. Square, football-shaped crystals were cryoprotected in mother-liquor supplemented 

with 30% sucrose then flash-frozen in liquid nitrogen prior to data collection. 

8.13 PULL DOWN ASSAYS 

To generate lysate to identify PDZ binding partners, a single mouse brain was placed in 

a dounce homogenizer with 2 mL lysis buffer (5% glycerol, 10mM HEPES pH 8.0. 0.5% 
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deoxycholic acid, 50mM NaCl, 0.5% NP-40, 30mM imidazole). Lysate was not clarified 

prior to incubation with resin. 10 µL magnetic Nickel Resin (Thermo) was saturated with 

either purified Ruby-PDZ or purified Ruby. Coated resin was incubated in 250 µL lysate 

for ~10 minutes at room temperature before being washed three times in lysis buffer. Co-

purifying proteins were eluted using 4X SDS loading dye, and reactions were evaluated 

by SDS-PAGE. 
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