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Abstract 

Aged Muscle Stem Cell Sensitivity to Matrix Stiffening Disrupts Differentiation Kinetics 

through Dysregulation of SIRT3 

 

Hikaru Mamiya, PhD 

 

University of Pittsburgh, 2022 

 

 

 

 

Aging is typically associated with decreased functional mobility, which can be caused by 

declines in skeletal muscle regenerative capacity and functional recovery after injury. For efficient 

muscle regeneration, resident muscle stem cells (MuSCs) are essential. However, over time, 

MuSCs display a progressively diminished myogenic lineage specification. While aged MuSCs 

display cell-autonomous deficits that drive impaired regeneration, a young microenvironment 

restores a youthful cellular phenotype. Although most studies to date have focused on the effects 

of circulating factors on age-related MuSC dysfunction, little is known about the impact of 

biophysical niche alterations on MuSC behavior over time. In this dissertation work, we evaluated 

whether aged MuSC dysfunction is mediated by increased muscle stiffness. Further, given the role 

of mitochondria in dictating stem cell fate, we investigated whether mitochondria-associated gene 

expression is perturbed in response to a stiff microenvironment. 

First, the impact of substrate stiffness on MuSC characteristics was assessed at the level of 

nuclear morphology, single-cell transcripts, and protein expression. In vitro data revealed that aged 

MuSC nuclear morphology recapitulates that of young MuSCs when cells were exposed to a 

substrate engineered to mimic the stiffness of young muscle. As nuclear morphological changes 

influence gene expression and, thus, stem cell fate, we next examined whether changes in nuclear 

morphology were associated with improved myogenicity. Single cell RNA-seq and imaging flow 

cytometry revealed that exposure to a soft substrate increased aged MuSC activation as evidenced 



 v 

by Pax7 and MyoD1 expression at both mRNA and protein levels, respectively, suggesting 

rejuvenation of aged MuSCs. Notably, young MuSCs were resistant to stiffness alterations, and a 

stiff substrate did not significantly affect lineage progression. Further investigation implicated 

SIRT3, a master regulator of mitochondria, as a novel mechano-sensitive factor regulating MuSC 

fate. Finally, we tested whether reduction of aged muscle stiffness enhances regenerative capacity 

in vivo. We found that modulation of aged muscle elasticity led to enhanced myofiber cross-

sectional area and force recovery. Consistent with in vitro findings, SIRT3 expression at the injury 

site was also enhanced with reduced stiffness in aged muscle. Our findings highlight a previously 

unrecognized role of SIRT3 in MuSC activation and muscle regeneration in response to 

microenvironmental stiffness. 
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1.0 Introduction 

1.1 Aging and Its Implication in Current Society 

The Epic of Gilgamesh, an ancient Mesopotamian odyssey that is the earliest surviving 

work of literature, was among the first to describe the idea of immortality and revitalization. After 

the battle of the Cedar Forest where Gilgamesh and his friend, Enkidu, slay the Guardian, the gods 

decided that Enkidu must pay the price with his own blood. Grief over Enkidu’s death led 

Gilgamesh to realize that he, too, will eventually die. It is this realization that motivated Gilgamesh 

to undertake a long and dangerous journey across the Land of Night and the Waters of Death in 

search of eternal life. 

Since the 20th century B.C., the concept of rejuvenation, reincarnation, and eternal life has 

been expressed in numerous arts and literature created across the world. Throughout history, tales 

of immortality have been common, and stories illustrating these topics are still favored by many 

people today. This universal theme depicts mankind’s strong desire to live longer and younger. 

Unfortunately, these two aspirations do not always coincide. 

Human life expectancy fluctuated between 30 and 40 years without any increasing trend 

before the mid-19th century (Max Roser, Esteban Ortiz-Ospina, & Hannah Ritchie, 2013). 

However, thanks to improved public health and medical advancements in the past decades, life 

expectancy has been increasing globally at an unprecedented rate (United Nations, 2017). Now, 

the average life expectancy is over 70 years globally and exceeds 80 years in some countries such 

as Japan (Max Roser et al., 2013). Furthermore, the number of people 60 years and older exceeded 

900 million globally in 2015. This number is expected to reach 2 billion by 2050 (WHO, 2018). 
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Although most people view the idea of an ever-expanding lifespan appealing, aging typically leads 

to a higher risk of morbidity and injuries, which often compromises quality of life (Cuevas-Trisan, 

2017; Hansen & Kennedy, 2016). Age-associated diseases, such as cardiovascular diseases, 

cancer, Alzheimer's disease, and other dementias accounted for approximately 50% of all the 

causes of deaths in the United States in 2017 (Finegold, Asaria, & Francis, 2013; Franceschi et al., 

2018; Heron, 2019). Moreover, increased life expectancy is inextricably intertwined with an 

expanding economic burden (R. Lee & Mason, 2017). Now, more than ever, a better understanding 

of biological mechanisms underlying organismal aging is needed if we are to achieve the goal of 

enhanced healthspan of our population. 

1.2 Overview of the Current Understanding of Aging 

Aging research was arguably formalized in the early 20th century when the terms 

‘Gerontology’ and ‘Geriatrics’ were coined by Ilya Ilyich Mechnikov in 1903 and by Ignatz Leo 

Nascher in 1909, respectively (Clarfield, 1990; Krishnan, 2020; Morley, 2004). However, aging 

research remained limited until the National Institute on Aging (NIA) was founded in 1974, after 

which time the number of publications relating to aging nearly tripled (“History | National Institute 

on Aging,” n.d.; “PubMed,” n.d.). Since this time, the field of aging research has been rapidly 

expanding. Today, approximately 40,000 aging papers are published each year, over 100 times 

more than in 1974 (“PubMed,” n.d.). This massive upsurge has propelled the advancement of the 

relatively new field of aging research over the last few decades. 

What is aging, and what have we learned in the last few decades? One might consider that 

aging is dictated simply by the passage of time from birth, defined as chronological age, during 
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which time organismal function progressively declines. However, aging is clearly non-linear, and 

extensive heterogeneity exists in the aging process among individuals. Whereas some individuals 

look and function in a manner that is older than their actual age, others are seemingly younger and 

robust. The inequity of the aging trajectory suggests that aging is not merely a passage of time but 

a reflection of changes in biological processes caused by a combination of internal and external 

factors. This physiological age estimate is termed ‘biological age.’ Whereas chronological age 

tracks time’s arrow, biological age is gauged by physiological and biological functions (Jazwinski 

& Kim, 2019). With this concept and our current scientific knowledge, aging can be defined as 

follows: “The random change in the structure and function of molecules, cells, and organisms that 

is caused by the passage of time and by one’s interaction with the environment. Aging increases 

the probability of death.” (McDonald, 2013). The recent profound growth of aging research has 

enhanced our understanding of this “random change.” Currently, generally accepted mechanisms 

of aging include genetic instability, telomere attrition, epigenetic alteration, and loss of 

proteostasis, which lead to deregulated nutrient sensing, intercellular communication, 

mitochondrial dysfunction, cellular senescence, and stem cell exhaustion (López-Otín, Blasco, 

Partridge, Serrano, & Kroemer, 2013; M. B. Schultz & Sinclair, 2016). Consequently, these so-

called “hallmarks of aging” drive tissue and organ dysfunction, loss of homeostasis, as well as 

attenuated tissue regeneration. The culmination of these declines causes progressively 

compromised organismal health. 
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1.3 Aging, Muscle, and Muscle Stem Cells 

The importance of skeletal muscle health on organismal functioning may not be as obvious 

as in other tissues and organs, such as the brain and cardiovascular tissues. Nevertheless, the 

relevance of healthy muscle function to overall well-being cannot be overlooked. A myriad of 

studies have demonstrated a positive association between skeletal muscle function and healthspan 

(Lavasani et al., 2012; McLeod, Breen, Hamilton, & Philp, 2016; Metter, Talbot, Schrager, & 

Conwit, 2002) and an inverse relationship between muscle function and all-cause mortality (W. J. 

Lee et al., 2017; Roshanravan et al., 2017). For instance, one study that measured the grip strength 

of men over a 25-year period revealed that an accelerated rate of strength decline is associated with 

higher mortality (Metter et al., 2002). Another study reported that individuals over the age of 60 

classified in the highest tertile of muscular strength had approximately 50% reduction in mortality 

rates from all causes, as compared to those in the lower third of the strength (Ruiz et al., 2008). 

The mechanisms of the beneficial effect of healthy skeletal muscle function on organismal health 

are not entirely understood. However, skeletal muscle has been suggested to play a key role in the 

maintenance of functions of other organs, including the brain, heart, and liver (W. Chen, Wang, 

You, & Shan, 2020; Delezie & Handschin, 2018; Pedersen & Febbraio, 2005), which could 

account for the positive correlation between muscle function and overall health. 

Given the importance of skeletal muscle health for the maintenance of an individual’s 

health, sustaining muscle function is evidently critical for a longer healthspan. Common 

contributors to age-related declines in muscle function include increased fat infiltration, decreased 

myofiber number, and alpha-motor neurons (McLeod et al., 2016). Moreover, just as is seen in so 

many tissues throughout the body, aging also impairs the regenerative capacity of skeletal muscle. 
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Stem cells play a critical role in tissue maintenance and regeneration, and stem cell 

exhaustion leads to an aged phenotype in many tissues and organs, including the epidermis, 

thymus, and cardiovascular tissues (Castilho, Squarize, Chodosh, Williams, & Gutkind, 2009; H. 

Liu et al., 2007; Minamino & Komuro, 2008; Ruzankina et al., 2007). Likewise, in skeletal muscle, 

healthy resident muscle stem cells (MuSCs) are essential for muscle regeneration (Shefer, Van de 

Mark, Richardson, & Yablonka-Reuveni, 2006; Shi & Garry, 2006). Typically, young, healthy 

muscle has a great capacity to restore its original architecture and restore its function after injury 

(Conboy, Conboy, Smythe, & Rando, 2003). However, the muscle’s ability to regenerate 

efficiently curtails over time (Conboy et al., 2003). It has been suggested that this decreased 

regenerative capacity is primarily attributed to impaired MuSC function in aged muscle (Cosgrove 

et al., 2014; Sousa-Victor et al., 2014).  

MuSCs are located beneath the muscle fiber basal lamina (MAURO, 1961). The MuSC 

population declines after birth, accounting for less than 6 % of the total nuclear content by 30 days 

of age in mice (E. Schultz, 1974). This number decreases to 2-3% in adulthood (Roth et al., 2000). 

This rare population of MuSCs expresses Pax7, a critical transcription factor for renewal and 

maintenance of MuSCs (Oustanina, Hause, & Braun, 2004; Seale et al., 2000). Upon injury, young, 

healthy quiescent MuSCs become activated and proliferate, co-expressing Pax7 and MyoD, a 

master regulator of myogenesis (Abdel Khalek et al., 2014; Hinits et al., 2011; Rudnicki et al., 

1993). Following activation, Pax7 expression decreases, and cells fuse to form multinucleated 

functional myofibers (Le Grand & Rudnicki, 2007). Over time, however, MuSCs display 

diminished ability to activate, proliferate, and terminally differentiate toward a myogenic lineage, 

leading to impaired muscle regeneration and weakness (Brack et al., 2007; Conboy et al., 2003, 

2005; Kimmel, Hwang, Scaramozza, Marshall, & Brack, 2020; Schäfer et al., 2006; E. Schultz & 
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Lipton, 1982). Several factors consistent with the hallmarks of aging have been implicated as 

culprits in stem cell aging, including cellular senescence, epigenetic alterations, and nutrient 

sensing (López-Otín et al., 2013; M. B. Schultz & Sinclair, 2016). Mitochondrial dysfunction, 

which is inextricably intertwined with the aforementioned hallmarks, is a hallmark of aging in 

itself (García-Prat et al., 2016; Kasper et al., 2009; López-Otín et al., 2013; H Zhang et al., 2016). 

1.3.1 Mitochondrial Function and Its Significance in Aging 

Historically, mitochondria have been considered the “powerhouse of the cell” due to their 

role in producing most of the energy that cells require in the form of adenosine triphosphate (ATP) 

by oxidative phosphorylation (OXPHOS) (Siekevitz, 1957). OXPHOS takes place at the electron 

transport chain on the inner mitochondrial membrane. Efficient ATP production through OXPHOS 

is essential for living organisms as ATP is involved not only in muscle contraction but also in other 

processes such as nucleic acid and protein synthesis, one of the most fundamental molecules for 

cellular function. However, a growing body of literature has demonstrated that the significance of 

mitochondria extends far beyond its role as the “powerhouse.” For example, mitochondria play 

essential roles in a multitude of cellular functions, including intracellular signaling, cell cycle, and 

apoptosis (Green and John C.&nbsp; Reed, 1998; McBride, Neuspiel, & Wasiak, 2006), all of 

which are critical cellular functions important in dictating stem cell fate. Certainly, an escalating 

number of studies suggest that mitochondria function impacts stem cell identity and fate decisions 

(Ansó et al., 2017; Cheikhi et al., 2019; Jin et al., 2018; Khacho et al., 2016). MuSCs undergo a 

dynamic metabolic shift from OXPHOS in quiescence to upregulation of glycolysis during 

activation and proliferation, then back to OXPHOS at the terminal differentiation (Bhattacharya 

& Scimè, 2020; Ryall et al., 2015). This metabolic shift is suggested to be tightly connected with 
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MuSC fate decision (Bhattacharya & Scimè, 2020). Although our understanding of these 

mechanisms is limited, several aspects of mitochondria, including mitochondrial DNA integrity, 

mitophagy, and dynamics, have been shown to control stem cell responses (Jin et al., 2018; Khacho 

et al., 2016; Norddahl et al., 2011), further highlighting the crucial role of mitochondria function 

in dictating stem cell fate. 

Throughout the body, increasing age is associated with compromised mitochondrial 

function (Sahu et al., 2018; Weber & Reichert, 2010). During OXPHOS, mitochondrial reactive 

oxygen species (ROS) are produced. ROS are part of crucial signaling pathways for cell fate 

decisions, such as cell proliferation, differentiation, and apoptosis (Burdon, 1995; Herbert, Bono, 

& Savi, 1996; J. Li et al., 2006). Indeed, ROS is associated with the activation and differentiation 

of MuSCs (Kozakowska, Pietraszek-Gremplewicz, Jozkowicz, & Dulak, 2015). Whereas ROS is 

detoxified at a moderate level by antioxidant enzymes in young, healthy cells (Veal, Day, & 

Morgan, 2007), cellular ROS accumulates with age, and excessive ROS leads to MuSC senescence 

(García-Prat & Muñoz-Cánoves, 2017). The increased ROS, along with the failure of 

detoxification by antioxidant enzymes, causes damage to nucleic acids, enzymes, and other 

biomolecules (Melov et al., 1999; Weber & Reichert, 2010), thereby leading to dysfunctional 

cellular systems that are commonly associated with tissue aging (Stadtman, 2002). In addition, 

recent studies demonstrated that mitochondrial ultrastructure is compromised with aging (Crane, 

Devries, Safdar, Hamadeh, & Tarnopolsky, 2010; El’darov, Vays, Vangeli, Kolosova, & Bakeeva, 

2015; Sahu et al., 2018). Structural features that dictate mitochondrial ultrastructure, such as the 

mitochondria matrix and the folds of the inner mitochondrial membrane, or cristae, undergo 

reversible ultrastructural changes according to their functional state (Hackenbrock, 1966). 

Compromised cristae integrity is a driver of apoptotic pathways (Scorrano et al., 2002). 
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Furthermore, cristae morphology dictates the efficiency of mitochondrial respiration and cellular 

growth (Cogliati et al., 2013). Restoration of disrupted mitochondrial ultrastructure by the 

mitochondrially-targeted peptide, SS-31, demonstrated reduced mitochondria DNA damage, 

increased mitochondrial function, and differentiation capacity of muscle progenitor cells, leading 

to better regeneration of muscle (Sahu et al., 2018). These findings suggest that age-associated 

impairment of mitochondria crista integrity leads to abnormal stem cell fate and, thus, functional 

tissue decline. 

Mitochondrial shape and dynamics are other essential determinants of organelle function 

that are compromised with aging (Y. J. Liu, McIntyre, Janssens, & Houtkooper, 2020; Weir et al., 

2017; Y. Zhang et al., 2019). Mitochondria undergo constant fusion and fission to form a dynamic 

network structure, changing shape within minutes (Duarte et al., 2012). The mitochondrial network 

structure dynamics not only influences ATP production (Benard et al., 2007), but it is also 

important for other processes, such as mixing of mitochondrial DNA and removal of dysfunctional 

mitochondria to maintain mitochondrial quality (Meyer, Leuthner, & Luz, 2017). Indeed, 

disordered mitochondrial dynamics can cause pathologies such as cancer, cardiovascular disease, 

and neurodegenerative diseases (Archer, 2013). 

To achieve highly dynamic mitochondrial structure alteration process, mitochondrial 

trafficking relies on cytoskeletal scaffolding, such as actin and microtubule networks (Bartolák-

Suki, Imsirovic, Nishibori, Krishnan, & Suki, 2017; Morris & Hollenbeck, 1995). The actin 

network is essential for short-distance mitochondrial movements and immobilization of 

mitochondria (Boldogh & Pon, 2006). For long-distance transport, microtubules are essential 

(Melkov & Abdu, 2018; Vale, 2003), and inhibition of microtubule assembly completely arrests 

mitochondrial motility (Ligon & Steward, 2000). Actin fiber and microtubule networks are 
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regulated by extracellular mechanical cues (Nemir & West, 2010). For instance, extracellular 

biophysical properties, such as extracellular matrix (ECM) concentration and stiffness, causes 

changes in actin stress fiber and microtubule network formation (Kim, Sun, Lu, Zhang, & Wang, 

2014; Mooney, Langer, & Ingber, 1995; Tojkander, Gateva, & Lappalainen, 2012). This 

mechanosensitive nature of the cytoskeletal network suggests that age-related alterations in muscle 

composition and mechanical properties could impact cytoskeletal network organization. This then 

further impairs mitochondria trafficking and, thus, undermines mitochondrial function as a whole. 
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1.4 Reversibility of Aging and the Importance of Stem Cell Niche 

Whereas aged MuSCs exhibit deficits in mitochondrial function and myogenicity, as 

described above, studies of MuSC aging mechanisms showed the existence of “youthful” 

circulatory and other microenvironmental biomolecular factors that seem to be capable of 

improving aged MuSC function by reversing muscle aging at least in part (Brack et al., 2007; 

Brack & Muñoz-Cánoves, 2016; Conboy et al., 2003, 2005; Gopinath & Rando, 2008; Sahu et al., 

2018; Sinha et al., 2014; Yousef et al., 2014). For instance, Conboy et al. demonstrated the restored 

function of aged MuSCs with the heterochronic parabioses model, where the circulatory system of 

young and aged animals are shared (Conboy et al., 2005). Using this model, investigators 

demonstrated that regeneration of tibialis anterior muscle from aged mice was enhanced to the 

level similar to young muscle (Conboy et al., 2005). The enhanced regenerative capacity was 

consistent with improved proliferation and activation of aged MuSCs when exposed to young 

blood in vitro (Conboy et al., 2005). These findings have since inspired numerous studies into the 

identification of circulatory biomolecules capable of transposing a youthful phenotype to aged 

stem cells. 

In addition to the potential rejuvenating effects of circulatory factors on stem cell function, 

Engler et al. have similarly shown that biophysical factors may dictate cellular fate and function 

(Engler et al., 2004; Engler, Sen, Sweeney, & Discher, 2006). Specifically, matrices engineered to 

mimic the stiffness of brain, muscle, or collagenous bone promoted mesenchymal stem cells 

differentiation toward neurogenic, myogenic, or osteogenic lineages, respectively (Engler et al., 

2006). Considering skeletal muscle is a tissue continuously exposed to mechanical stimuli, it is 

natural to speculate that myogenic cells and MuSCs are similarly highly mechanosensitive. Indeed, 

myogenic cells cultured on a substrate engineered to mimic the stiffness typical of normal muscle 
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(~12 kPa) robustly differentiated toward a myogenic lineage and formed myotubes with numerous 

myosin striations, whereas as a softer or stiffer microenvironment disrupted myogenic lineage 

specification and striation formation (Engler et al., 2004). Similar to myocytes, MuSCs are also 

mechanosensitive. Urciuolo et al. demonstrated a decreased number of quiescent MuSCs, 

increased number of activated MuSCs, and increased differentiating cells when MuSCs were 

cultured on 7 kPa, as compared to 12 kPa with media for maintenance of quiescent state (Urciuolo 

et al., 2013). Findings from another group also exhibited that MuSC quiescence positively 

correlated with substrate elasticity over the tested range (2, 6, 12, and 25 k Pa) (Quarta et al., 2016). 

Interestingly, these MuSC fate alterations caused by mechanical stimuli further dictate MuSC 

function, even after the cells are transferred to a new condition. For example, Gilbert et al. 

examined the engraftment of young MuSCs cultured on hydrogel with the stiffness of 12 kPa or 

42 kPa and found a decline of MuSC engraftment potential when cells were cultured on 42 kPa 

substrate prior to transplantation into host muscle (Gilbert et al., 2010). Strikingly, a substrate 

engineered to mimic young, healthy muscle improved aged MuSC engraftment and subsequent 

regeneration after transplantation (Cosgrove et al., 2014). These previous reports indicate that 

tissue compliance is a vital element in the regulation of MuSC regenerative capacity and that 

pathological- and age-associated alterations of tissue stiffness may lead to abnormal MuSC 

function and concomitant impairment of muscle regeneration. 
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1.5 Age-Associated Alterations of Skeletal Muscle Biomechanical Properties and Their 

Impact on MuSC Fate 

It is generally accepted that aged muscle has elevated rigidity when compared to young 

muscle. Recently, using biaxial muscle testing, Stearns-Reider and colleagues demonstrated that 

aged muscle displayed increased stiffness along the direction of ECM (i.e., perpendicular to the 

myofibers), but no change along the axis of myofibers when compared to young muscle (Stearns-

Reider et al., 2017). These findings suggest that modulation of ECM abundance, composition, and 

structural properties, such as orientation, cross-linking, and tortuosity, may dictate muscle 

stiffness. Indeed, aged muscle displayed decreased tortuosity of collagen (Stearns-Reider et al., 

2017), a primary structural ECM protein in muscle (Gillies & Lieber, 2011). Collagen cross-

linking, which is mediated mainly by lysyl oxidase (LOX) and LOX-like enzymes (Bonnans, 

Chou, & Werb, 2014; Mitsuo Yamauchi, Terajima, & Shiiba, 2019), was also shown to increase 

in muscle with age (Gosselin, Adams, Cotter, McCormick, & Thomas, 1998). Several studies have 

also reported atypical ECM deposition and increased stiffness of aged muscle (Freitas-Rodríguez, 

Folgueras, & López-Otín, 2017; Gao, Kostrominova, Faulkner, & Wineman, 2008; Lacraz et al., 

2015; Mann et al., 2011; Rosant, Nagel, & Pérot, 2007). 

A negative impact of these age-related ECM changes was also reported ex-vivo in a study 

in which the authors demonstrated the myogenic-to-fibrogenic conversion of MuSCs seeded onto 

decellularized aged ECM (Stearns-Reider et al., 2017). These findings suggest that the age-

associated alteration of ECM stiffness may contribute to the increased fibrogenic differentiation 

of MuSC during muscle regeneration. These findings further illustrate the vital role of 

microenvironment stiffness on MuSC fate within the physiologically relevant range. Nonetheless, 

little is known about the mechanisms by which age-associated muscle stiffening disturbs MuSC 
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fate. Thus, understanding the mechanisms of age-related muscle functional decline due to muscle 

stiffness alteration will be crucial for the development of the treatment to maintain healthy muscle 

in the elderly population. 

1.6 Hypotheses and Specific Aims 

Despite the widespread recognition of elevated muscle stiffness with age, to our 

knowledge, the magnitude of change has not been generally agreed upon due to a lack of a 

standardized method and outcome measure, making comparisons across the studies extremely 

challenging. Moreover, a few studies reported controversial results, with some studies 

demonstrating little change in muscle stiffness among different age groups and others showing 

decreased stiffness of aged muscle (Dresner et al., 2001; Eby et al., 2015). Therefore, the difference 

between young and aged muscle elasticity is not evident. In these studies, measurements of young 

and aged muscle stiffnesses from our laboratory were reported. Furthermore, there is much to be 

investigated into the impact of the muscle microenvironmental stiffness shift within the 

physiologically relevant range on MuSC function and the potential mechanisms by which aberrant 

stiffness drives the aged MuSC phenotype. Given the mitochondrial dysfunction associated with 

age and the potential role of mitochondria in dictating MuSC function as reviewed in Chapter 

1.3.1, the link between age-associated modifications of micromechanical environment and 

decreased mitochondrial function is worth further exploration as a possible mechanism of age-

related MuSC functional decline. These thesis studies tested the primary hypothesis that 

biomechanical signals emanating from the aged skeletal muscle ECM have a detrimental effect on 

MuSC mitochondrial function, ultimately driving a MuSC fibrogenic conversion. 
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To assess this hypothesis, first, the effect of age-related muscle stiffness alteration on 

MuSC fate was examined. Next, the mechanisms by which a stiff microenvironment drives MuSC 

dysfunction were investigated with the focus on mitochondrial function. Finally, an in vivo model 

was used to evaluate whether modulation of aged muscle biomechanical microenvironment 

improves muscle regeneration. Two specific aims tested our primary hypothesis: 

 

Specific Aim 1: To investigate whether aberrant MuSC fate in response to a stiff 

microenvironment is mediated by mitochondrial dysfunction  

Specific Aim 2: To evaluate whether modulation of aged muscle biomechanical 

microenvironment improves muscle regeneration 
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2.0 Aged Muscle Stem Cell Sensitivity to Matrix Stiffening Disrupts Differentiation 

Kinetics Through Dysregulation of SIRT3 

Data presented in this chapter have been prepared for journal submission. 

Contributing Authors: 

Hikaru Mamiya, Amrita Sahu, Sruthi Sivakumar, Hirotaka Iijima, Zach Clemens, Lena Richards, 

Amanda Miller, Sunita N. Shinde, Gabriele Nasello, Anne M. Robertson, David A. Vorp, Aaron 

Barchowsky, Antonio D’Amore, Thomas A. Rando, Fabrisia Ambrosio 

2.1 Summary 

Aging is typically associated with declines in skeletal muscle regenerative capacity and 

functional recovery after injury. For efficient muscle regeneration, resident muscle stem cells 

(MuSCs) are essential. However, over time, MuSCs display a progressively diminished myogenic 

lineage specification. Here, we utilized single-cell level analysis at mRNA and protein levels to 

investigate the influence of age-related biophysical alterations on MuSC fate. Single cell RNA-

seq and imaging flow cytometry revealed that aged MuSC activation was enhanced by exposure 

to a soft substrate. Moreover, given mitochondrial activity has been shown to play a role in 

dictating stem cell fate, we investigated whether mitochondria-associated gene expression is 

perturbed in response to a stiff microenvironment. Our data suggest that the age-dependent 

decrease in levels of MuSC SIRT3, a key mitochondria-associated protein that regulates several 

critical mitochondrial functions, is restored to youthful levels when cells are exposed to a soft 
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microenvironment. Further, we show that SIRT3 expression facilitates MuSC activation in vitro 

and muscle regeneration and function in vivo. Our findings highlight a previously unrecognized 

mechano-dependent role of SIRT3 in MuSC activation and muscle regeneration. 

2.2 Introduction 

Skeletal muscle regenerative capacity and functional recovery after an injury decline with 

advancing age, leading to decreased mobility, increased morbidity, and, ultimately, reduced 

quality of life of older individuals. The age-associated decrease in muscle regenerative capacity is, 

in part, caused by functional impairment of resident muscle stem cells (MuSCs), which display an 

impaired activation, proliferation, and myogenic lineage specification over time (Brack et al., 

2007; Conboy et al., 2003, 2005; E. Schultz & Lipton, 1982). MuSC lineage progression is highly 

dependent on meticulous regulation of mitochondrial metabolites and OXPHOS dynamics, a 

regulation that is impaired with age (Bhattacharya & Scimè, 2020; Hongbo Zhang, Menzies, & 

Auwerx, 2018). Yet, factors instigating energetic declines over time are poorly understood. 

Whereas aged MuSCs clearly display cell-autonomous deficits that contribute to impaired 

regeneration (Cosgrove et al., 2014; Sousa-Victor et al., 2014), a growing number of studies 

suggest that aberrant biophysical properties of the extracellular matrix (ECM) may represent 

critical drivers of MuSC functional decline (Cosgrove et al., 2014; Gilbert et al., 2010; Quarta et 

al., 2016; Stearns-Reider et al., 2017). 

Tissue mechanical properties direct stem cell fate, and a series of elegant in vitro studies 

have demonstrated the exquisite mechanosensitivity of stem cells (Dupont et al., 2011; Engler et 

al., 2006; Gilbert et al., 2010). For instance, mesenchymal stem cells spontaneously differentiated 
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toward a myogenic lineage when seeded on a soft substrate engineered to mimic the compliance 

of young, healthy muscle (elastic modulus (E): 8 – 17 kPa). On the other hand, osteogenic 

differentiation was observed when cells were seeded on a stiffer substrate (E: 25 – 40 kPa) (Engler 

et al., 2006). As biophysical characteristics of the ECM are altered with aging (Gosselin et al., 

1998; Stearns-Reider et al., 2017; ZIMMERMAN, MCCORMICK, VADLAMUDI, & THOMAS, 

1993), these in vitro findings underscore the potential impact of age-associated abnormal ECM 

remodeling on MuSC function in vivo. 

Aged muscle is typically characterized by abnormal ECM deposition and increased tissue 

stiffness (Freitas-Rodríguez et al., 2017; Gao et al., 2008; Lacraz et al., 2015; Mann et al., 2011; 

Rosant et al., 2007). In addition, with increasing age, collagen cross-linking accumulates, 

contributing to an overall increased muscle stiffness (Gosselin et al., 1998). Further contributing 

to altered biophysical ECM properties with increasing age, recent studies from our laboratory have 

revealed decreased collagen tortuosity and a concomitant increased muscle rigidity along the axis 

of collagen fibrils in aged muscle (Stearns-Reider et al., 2017). These age-related ECM alterations 

have direct effects on MuSC lineage specification. MuSCs seeded onto decellularized ECM from 

aged muscle displayed an increased fibrogenic conversion when compared to cells cultured on 

decellularized ECM derived from young muscle (Stearns-Reider et al., 2017). However, the 

downstream mechanosensitive mediators between ECM biophysical factors and stem cell fate 

determination are poorly understood. 

In these studies, we tested the hypothesis that a “stiff” microenvironment, which is a 

characteristic of aged muscle, drives MuSC mitochondrial dysfunction, thereby impairing MuSC 

myogenicity and functional skeletal muscle regeneration. In vitro, the impact of substrate stiffness 

on MuSC characteristics was assessed at the level of nuclear morphology, single-cell transcripts, 
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and protein expression. We found that young MuSCs were resistant to alterations in substrate 

stiffness, maintaining a consistent lineage progression, regardless of biophysical cues. Aged 

MuSCs, on the other hand, were highly sensitive to extrinsic mechanical stimuli. Specifically, 

single-cell analysis indicated that aged MuSCs exposed to a stiff substrate delayed myogenic 

lineage progression. Further investigation implicated SIRT3, a master regulator of mitochondria, 

as a novel mechano-sensitive factor that is downregulated when aged MuSCs are cultured on a 

stiff substrate. This finding suggests that SIRT3 levels may act as a factor that mediates external 

mechanical cues to mitochondrial function, thus, regulating MuSC fate. In vivo, we found that 

decreasing the stiffness of aged muscle by inhibiting collagen cross-linking increased SIRT3 

expression and improved functional muscle regeneration in aged animals. Together, these results 

implicate SIRT3 expression as a novel age-dependent mechanosensitive mediator of muscle 

regeneration. 
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2.3 Results 

2.3.1 Aged Skeletal Muscle Is Approximately 3.5 Times Stiffer Than Young Counterparts, 

a Change That Drives Aberrant MuSC Lineage Specification 

Several studies have previously reported increased muscle stiffness over time (Gosselin et 

al., 1998; Lacraz et al., 2015; Rosant et al., 2007; Stearns-Reider et al., 2017). However, the 

reported stiffness of aged muscle has not been consistent in the literature (Alfuraih, Tan, 

O’Connor, Emery, & Wakefield, 2019; Eby et al., 2015; Gajdosik, Vander Linden, & Williams, 

1999). This discrepancy may be due to the lack of standardized experimental methods for soft 

tissue stiffness measurements. For example, bulk scale measurements such as ultrasound, magnetic 

resonance elastography (MRE), and uniaxial mechanical testing do not necessarily capture the 

microscale stiffness sensed by the cells (D’Amore et al., 2014), resulting in a potential disconnect 

between whole muscle biophysical properties and cell responses. Moreover, uniaxial mechanical 

testing is limited because it does not allow for assessment of out-of-axis properties of biological 

tissue, nor does it allow for the detection of potential changes in tissue mechanics dictated by 

alterations in the 2D micro-architecture. To overcome these limitations, we investigated 

microscale muscle stiffness in young (4-6 months) and aged (22-24 months) skeletal muscle. An 

in-plane maximum Green’s strain energy map was derived using the biaxial mechanical 

characterization of young and aged muscles, as previously described (D’Amore et al., 2014). From 

this data, we performed a finite element simulation of fiber network mechanical behavior (Figure 

1A). This method is capable of predicting microscale stiffness from macroscale measurements of 

biaxial mechanical testing. Data revealed that the peak of the Green’s strain deformation 

histogram, Ef, was significantly lower in the aged muscle when compared to the young 
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counterparts (Figure 1B, C). Equi-stress biaxial data were then utilized to derive the constants of 

Yeoh’s constitutive equation used in the finite element fiber network model (D’Amore et al., 

2014). Experimentally-derived fiber mesh model predictions (Carleton, D’Amore, Feaver, Rodin, 

& Sacks, 2015; D’Amore et al., 2014) revealed that aged muscle is approximately 3.5-fold stiffer 

than young muscle. This calculation is based on the material properties [C10, C20; Yeoh model] 

that have been determined by fitting the experimental biaxial data with the model biaxial response 

prediction. More details on the formulation utilized to model the ECM mechanics are provided in 

previously published work (D’Amore et al., 2018). Consistent with our findings, other studies 

reported a range of 8 - 17 kPa for the young muscle stiffness (Engler et al., 2004; Gilbert et al., 

2010; Lacraz et al., 2015). From these findings, we estimated aged muscle stiffness to be in the 

range of 28 to 60 kPa. 
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Changes in biophysical properties of the stem cell microenvironment alter cell responses 

via mechanotransductive signaling cascades, and extrinsic mechanical strains sensed by cells 

induce downstream nuclear deformation, resulting in chromosomal reorganization and gene 

expression alterations (Pajerowski, Dahl, Zhong, Sammak, & Discher, 2007; Spagnol & Dahl, 

2014). To quantify age-related alterations in MuSC nuclear morphology, we used a cell image 

analysis software, CellProfiler™, to obtain 53 morphological features of young and aged MuSC 

nuclei cultured on a 2D substrate (Figure 1D). Unsupervised Principal Component Analysis 

(PCA) followed by supervised Linear Discriminant Analysis (LDA) revealed that young and aged 

MuSCs display significantly distinct nuclear morphologies, as evidenced by segregated clustering 

features (Figure 1E; Appendix Figure 1A, B). PC1 features effectively classified cells according 

to age. Key PC1 factors were then determined based on loading matrix ranking. Among the key 

PC1 factors allowing for age-associated discrimination, we found that nuclear area was 

significantly decreased in aged cells when compared to young counterparts (Figure 1E). 

We cannot, however, discount the possibility that differences observed between groups 

may be an artifact of an adherent cell culture system. To address this potential confounding factor, 

we performed imaging flow cytometry analysis of young and aged MuSCs and evaluated whether 

age-dependent nuclear morphological features are retained and detected in suspension (Figure 

1F). As was observed in the adherent culture model, dimension reduction by PCA and subsequent 

LDA revealed that suspended young and aged MuSC nuclei clustered separately (Figure 1G; 

Appendix Figure 1C). Interestingly, however, the nuclear area of suspended aged MuSCs was 

significantly larger as compared to young MuSCs (Figure 1G). When we compared nuclear area 

within tissue cross-sections of young versus aged muscle, we found that aged nuclei were 

significantly larger relative to young counterparts (Figure 1H, I). These findings are consistent 
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with previous reports demonstrating an increased nuclear area in basal keratinocytes and mitral 

cells with aging in vivo (Hinds & McNelly, 1977; Liao et al., 2013) and suggest that evaluation of 

cell morphological characteristics in suspension may provide a more physiologically-relevant 

estimate of relative group differences according to age. 

In order to probe whether increased aged muscle stiffness may contribute to the observed 

alterations in MuSC nuclear size, we fabricated silicone-based organic polymer, 

polydimethylsiloxane (PDMS) substrates to mimic the stiffness of young (elastic modulus (E): 12 

kPa)) or aged muscle (E: 29 kPa), according to a previous report (Iberite, Salerno, Canale, Rosa, 

& Ricotti, 2019). After one week of culture on the soft or stiff substrate, the nuclear morphology 

of young and aged MuSCs was characterized in suspension (Figure 1J). Imaging flow cytometry-

based analysis of nuclear features followed by PCA and LDA revealed that stiff substrates 

significantly altered nuclear morphological features in aged, but not young, MuSCs (Figure 1K, 

L), suggesting that aged MuSCs may be more sensitive to changes in biophysical characteristics 

emanating from the microenvironment when compared to young counterparts. Specifically, we 

found that aged cells exposed to a stiff environment displayed a significantly increased nuclear 

area when compared to aged cells seeded on a soft substrate (Figure 1M). Young MuSCs, 

however, displayed a relative resistance to changes in nuclear area according to substrate stiffness 

(Figure 1M). 

2.3.2 Aged MuSCs Cultured on a Soft Substrate Display a More Youthful Lineage 

Progression 

The above findings are consistent with previous studies demonstrating altered nuclear 

morphology, structure, and integrity in aged cells (Pathak, Soujanya, & Mishra, 2021; Webster, 
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Witkin, & Cohen-Fix, 2009), alterations that are likely influenced by microenvironmental stiffness 

changes over time. However, whether and how aging affects cellular sensitivity to extrinsic 

biophysical stimuli and its impact on stem cell fate determination is unknown. To comprehensively 

define the trajectory of MuSC fate according to age and in response to varying substrate stiffness, 

we performed single cell RNA-seq (scRNA-seq) on young and aged MuSCs cultured on soft or 

stiff PDMS substrates for one week (Appendix Figure 2A - C). We chose scRNA-seq because it 

allows for evaluation of sub-population heterogeneity and, specifically, MuSC lineage progression 

across experimental groups. 

First, MuSC lineage progression was described according to the presence of well-

established myogenic differentiation markers, Pax7, Myf5, Myod1, Myogenin, and Desmin 

(Figure 2A). After dimensionality reduction of scRNA-seq data from young and aged MuSCs 

exposed to soft or stiff PDMS substrates, each cell was plotted according to the five myogenic 

differentiation markers (Figure 2B). Of note, there was a negligible number of quiescent cells 

(Pax7+, Myod1-) in our populations, likely owing to the fact that cells were cultured for one week. 

Based on the myogenic markers and unsupervised clustering, we then performed pseudotime 

analysis in order to define four stages of differentiation: early activation, late activation, early 

differentiation, and late differentiation at the seven-day culture time point (Figure 2C). In aged 

MuSCs exposed to stiff substrates, Pax7 was lowest at the early and late activation stages. In 

contrast, Pax7 expression of young MuSCs cultured on a stiff substrate was relatively high (Figure 

2D). Along with a blunted Pax7 expression in aged cells, a stiff substrate increased expression of 

Myod1 at early and late activation (Figure 2E). These observations are consistent with findings 

showing lower Pax7 and higher Myod1 mRNA levels in aged MuSCs when compared to young 

MuSCs (Chakkalakal, Jones, Basson, & Brack, 2012), suggesting that aged MuSCs display mRNA 
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levels of Pax7 and Myod1 that are closer to the mRNA profile of young MuSCs when cultured on 

a soft substrate. We then confirmed PAX7 and MYOD1 expression at the protein level across the 

experimental groups using imaging flow cytometry. Freshly isolated aged MuSCs exhibited an 

increased number of quiescent (PAX7+/MYOD-) and fewer activated (PAX7+/MYOD+) cells 

when compared to young MuSCs (Figure 2F, G). Of note, approximately 87% of MuSCs are 

found to express MyoD within nine hours post-euthanasia (Zammit et al., 2002), in line with our 

observation of ~70% of activated cells in the young cell populations of our samples. These findings 

support previous reports suggesting aberrant activation of aged MuSCs (Kimmel et al., 2020; L. 

Liu et al., 2018). Accordingly, a stiff substrate resulted in impaired activation of aged MuSCs, as 

evidenced by a decrease in the percentage of PAX7+/MYOD+ cells when compared to aged cells 

cultured on a soft substrate (Figure 2H, I). Activation/differentiation of young MuSCs, on the 

other hand, was unchanged regardless of whether cells were seeded on a soft or stiff substrate 

(Figure 2H, I), findings that were consistent with the lack of changes in nuclear morphology when 

young MuSCs were seeded onto a soft or stiff substrate (Figure 1M). Taken together, these 

findings suggest that aging may sensitize MuSC to mechanical signals emanating from the 

microenvironment and that this sensitivity contributes to perturbations in MuSC differentiation 

kinetics. 

2.3.3 The Age-Dependent Response to Substrate Stiffness Converges on the MYC-SIRT3 

Axis 

MuSC progression from quiescence to proliferation and differentiation is a metabolically 

dependent process that requires meticulous regulation of mitochondrial structure and function 

(Bhattacharya & Scimè, 2020; Dell’Orso et al., 2019; Rocheteau, Gayraud-Morel, Siegl-
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Cachedenier, Blasco, & Tajbakhsh, 2012). Studies have shown that mitochondrial dysfunction — 

a well-known hallmark of aging (López-Otín et al., 2013)— directly influences MuSC activation 

and differentiation (Bhattacharya & Scimè, 2020; Hori, Hiramuki, Nishimura, Sato, & Sehara-

Fujisawa, 2019; Majmundar et al., 2015; Ryall et al., 2015; Tang & Rando, 2014; X. Yang, Yang, 

Wang, & Kuang, 2017). With this in mind, we probed for changes in mitochondrial gene 

expression in quiescent versus activated MuSCs and compared mitochondrial gene expression 

profiles of MuSCs isolated from uninjured and injured muscles. For this, we accessed scRNA-seq 

data of young and aged MuSCs isolated from uninjured muscle that is available from the Tabula 

Muris consortium (Appendix Figure 3A - C). In addition, we performed scRNA-seq analysis 

obtained from young and aged MuSCs isolated from tibialis anterior (TA) muscles one day after 

injury (Appendix Figure 4). Strikingly, whereas young MuSCs displayed a robust response of 

mitochondria-associated gene expression in response to injury, this response was markedly blunted 

in aged MuSCs (Figure 3A). Given that mitochondrial function is intimately intertwined with 

cytoskeletal features that are responsive to extrinsic biophysical stimuli (Bartolák-Suki et al., 2017; 

Morris & Hollenbeck, 1995; Nemir & West, 2010), we posited that increasing matrix stiffness 

disrupts cellular energetics with aging, in turn altering MuSC fate. 

To test this hypothesis and better understand the resistance of young cells to substrate 

stiffness and the relative sensitivity of aged cells, we revisited the scRNA-seq data from young 

and aged MuSC samples cultured on soft or stiff substrates and compared mitochondria-associated 

genes across the four groups. Unexpectedly, the bulk of mitochondria-associated genes showed no 

age-dependent response to substrate stiffness. However, four genes — Nme2, Bloc1s1, Gstp1, and 

Gstp2 —displayed a robust, yet inverse, response to substrate stiffness according to age. 

Specifically, whereas the expression of these four genes was increased in aged MuSCs in response 
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to a stiff substrate, their expression was proportionately decreased in young MuSCs (Figure 3B). 

In other words, decreased expression of these four genes was increased by approximately 1- to 2-

fold in aged MuSCs when cultured on a stiff microenvironment, but the opposite response was 

observed in young MuSCs when cultured under the same conditions. This finding suggests that 

these four genes may contribute to the age-dependent mitochondrial response of cells to varying 

substrate stiffness. 

To probe for a common signaling cascade of these four genes, we performed transcription 

factor enrichment analysis using the ChEA3 software. Of a total of 1,632 transcription factors 

regulating these genes, Myc was the only gene that was both common to all four genes and also 

displayed an age-dependent response to substrate stiffness. Specifically, evaluation of Myc 

expression dynamics according to age and in response to substrate stiffness revealed that Myc 

expression gradually decreased as young MuSCs progressed into differentiation stages, but that 

aged MuSCs displayed increasing Myc expression with lineage progression (Figure 3C). Myc is 

of interest for its critical role in stem cell fate regulation previously reported in hematopoietic and 

epidermal stem cells (Gandarillas & Watt, 1997; Wilson et al., 2004). Importantly, Myc has been 

shown in vitro to inhibit myoblast differentiation (Luo et al., 2019). 

Next, we explored the Myc-driven molecular network regulation in young versus aged 

MuSCs by generating a protein-protein network using the string database with BLOC1S1, NME2, 

GSTP1, GSTP2, and MYC as input variables. The five proteins did not directly interact (Appendix 

Figure 5A), suggesting the presence of an intermediate factor(s). When we probed for co-factors 

of MYC that may regulate BLOC1S1, NME2, GSTP1, and GSTP2, SIRT3 and SOD2 emerged as 

candidates of interest (S.-T. Li et al., 2020; Z. Liu et al., 2015; Yao et al., 2014), and the addition 

of SIRT3 and SOD2 in the protein-protein network improved the network connectivity, as 
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evidenced by the increased average node degree from 0.8 to 1.71 (Figure 3D). NME2 upregulates 

MYC, which in turn, leads to degradation of the deacetylase, SIRT3, via activation of SKP2-

mediated ubiquitination and subsequent proteasomal function (S.-T. Li et al., 2020; Yao et al., 

2014). SIRT3 is important for activation of the antioxidant, SOD2, to reduce ROS-mediated 

mitochondrial damage, a function shared by GSTP proteins (Meng et al., 2019; Yin et al., 2018). 

The BLOC-1 complex also has a potential role in counteracting the action of SIRT3 (Scott, 

Webster, Li, & Sack, 2012). Taken together, our findings suggest that the age-dependent 

mechanosensitivity of aged MuSC fate may be mediated by SIRT3 (Figure 3E). 
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2.3.4 SIRT3 Protein Levels, Critical for Functional Muscle Regeneration, Are Decreased in 

MuSCs Seeded on a Stiff Substrate 

Though it is well-established that age-related declines in SIRT3 are a driver of 

mitochondrial dysfunction over time (Joseph et al., 2012; Kincaid & Bossy-Wetzel, 2013; Zeng et 

al., 2014), no studies to date have identified a role for SIRT3 in MuSC lineage progression. 

Moreover, no studies have investigated whether declines in SIRT3 contribute to a compromised 

regenerative response of aged skeletal muscle. To examine whether SIRT3 expression is decreased 

with aging, MuSCs were freshly isolated from young and aged TAs one day after injury. Imaging 

flow cytometry revealed significantly reduced SIRT3 levels in aged MuSCs compared to young 

counterparts (Figure 4A). To further confirm the potential impact of SIRT3 expression on MuSC 

fate, we isolated MuSCs from young SIRT3-/- mice and age-matched wild-type counterparts one 

day after an injury and evaluated PAX7 and MYOD expression across the groups. Consistent with 

aged MuSCs (Figure 2F, G), SIRT3-/- MuSCs displayed a higher PAX7+/MYOD- quiescent 

MuSC population and a lower PAX7+/MYOD+ activated population (Figure 4B, C). This altered 

MuSC lineage progression in Sirt3-/- mice was concomitant with reduced muscle weight and a 

blunted functional recovery after an injury (Figure 4D, E; Appendix Table 1). 

The aforementioned findings suggest that SIRT3 levels may be differentially regulated 

according to age and mechanical signals emanating from the microenvironment. To test this 

hypothesis, we evaluated the potential mechanosensitivity of SIRT3 by quantifying SIRT3 protein 

levels in young and aged MuSCs cultured on soft or stiff substrates. Both young and aged MuSCs 

displayed reduced SIRT3 expression when cultured on the stiffer substrates, though the magnitude 

of change in SIRT3 levels in young MuSCs was blunted when compared to aged counterparts 

(Figure 4F G). Of note, we did not observe any change in SIRT3 transcripts across the 
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experimental groups (Appendix Figure 5B). This finding suggests that the protein-level 

differences observed with aging and in response to a stiff substrate are likely to be a function of 

post-translational regulation, which would be consistent with the role of MYC for SIRT3 protein 

degradation. Consistent with a loss of SIRT3 with aging and a stiff microenvironment, we 

observed a concomitant increase in genes that may be suggestive of mitochondrial stress, including 

Pink1, Lonp1, Map1lc3b, and Fis1 (Figure 4H). 

We then used a loss-of-function paradigm to probe the direct effect of mechanotransductive 

signaling on SIRT3 expression in MuSCs. Dose testing was performed to identify the optimal dose 

for administration of Latrunculin A (Lat A) (Appendix Figure 6A, B), which impairs 

mechanotransductive responses through inhibition of actin polymerization (Panciera, Azzolin, 

Cordenonsi, & Piccolo, 2017). When aged MuSCs seeded on a stiff substrate were treated with 

Lat A, SIRT3 expression was increased to levels comparable to aged MuSCs seeded onto a soft 

substrate (Figure 4I, J). Young MuSCs, however, were relatively resistant to modulation of SIRT3 

via mechanotransductive signaling (Figure 4I, K). These results suggest that mechanical signals 

from the microenvironment regulate MuSC SIRT3 protein levels in an age-dependent manner. 

2.3.5 Inhibition of Collagen Cross-Linking in Aged Muscle Increases SIRT3 Protein Levels 

and Improves Skeletal Muscle Regeneration 

To test the physiological relevance of the above in vitro findings, we tested whether 

modulation of ECM stiffness in aged mice could enhance skeletal muscle regeneration in vivo. 

There is abundant evidence demonstrating that aging drives an increase in collagen cross-linking 

in several tissues, including skeletal muscle (Thomas, McCormick, Zimmerman, Vadlamudi, & 

Gosselin, 1992; M Yamauchi, Woodley, & Mechanic, 1988; ZIMMERMAN et al., 1993), 
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suggesting that an age-related increase in tissue stiffness may be attributed to the alterations in 

ECM cross-linking density and network architecture. The primary enzyme that induces collagen 

cross-linking is lysyl oxidase (LOX) (Mitsuo Yamauchi & Sricholpech, 2012). Therefore, we 

manipulated the skeletal muscle cross-linking in aged mice by injecting a LOX inhibitor, β-

aminopropionitrile (BAPN), subcutaneously every day for six weeks. After four weeks of 

injections, a cardiotoxin injury was induced to TAs bilaterally (Figure 5A). We chose BAPN since 

it has been reported to reduce collagen cross-linking and stiffness in lung, aorta, bone, and skeletal 

muscle (Brüel, Ortoft, & Oxlund, 1998; Mammoto, Jiang, Jiang, & Mammoto, 2013; McNerny, 

Gong, Morris, & Kohn, 2015; Spengler, Baylink, & Rosenquist, 1977; Willems, Miller, & Stauber, 

2001). There were no significant changes in body weight six weeks of daily BAPN injections at 

two different dosages (Low: 80 µg/µL and High: 290 µg/µL). In addition, a limited tissue set 

(muscle, aorta, heart, liver, and kidney) submitted to Jackson Labs for histopathological 

assessment revealed no evidence of pathology (n=3/dose; Appendix Figure 7A). We also 

confirmed that mature collagen cross-linking in BAPN-treated aged animals was significantly 

decreased when compared to age-matched control counterparts (Appendix Figure 7B). 

We first revisited the CellProfiler image analysis along with PCA and LDA to examine the 

effect of BAPN treatment on nuclear shape of regenerating muscle in vivo. While control and 

BAPN groups did not segregate when analyzed by PCA, LDA indicated significantly different 

morphological characteristics between the control and BAPN groups in aged MuSCs (Figure 5B). 

Further examination into nuclear morphologies revealed that BAPN treatment groups of aged 

muscles displayed significantly reduced MuSC nuclear area, thereby trending towards a more 

youthful MuSC nuclear phenotype (Figure 1G, I; Figure 5C). 
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We next evaluated whether decreased mature cross-linked collagen with BAPN treatment 

enhances SIRT3 levels at an injury site and improves muscle regenerative capacity. Consistent 

with our in vitro findings, the data demonstrated that SIRT3 expression was enhanced at the injury 

site when aged mice were treated with BAPN (Figure 5D). Accordingly, we found that the 

myofiber cross-sectional area of regenerating fibers at 14 dpi in BAPN-treated aged mice was 

significantly increased compared to the control counterparts (Figure 5E, F). Interestingly, there 

was a significant correlation between nuclear area and myofiber cross-sectional area when 

considering aged control and BAPN groups (Figure 5G). However, this correlation was lost when 

young control sample was included in the analysis, as evidenced by linear regression analysis (aged 

groups: R2=0.20, p=0.04; all groups: R2=0.13, p=0.06). These findings are consistent with the 

aforementioned relative sensitivity of aged nuclei morphology to microenvironmental cues when 

compared to young counterparts (Figure 5G). We then examined whether the youthful myofiber 

and nuclear morphology characteristics observed in BAPN treated aged animals resulted in 

enhanced muscle function. Indeed, in situ contractile testing of aged TA muscles revealed that 

muscle function was enhanced to the level commensurate with young muscle after BAPN 

treatment (Figure 5H). The half relaxation time of aged muscle, an indication of muscle 

composition and quality, was also reduced to the level comparable to young muscle with BAPN 

treatment (Figure 5I). Of note, there was no appreciable difference in muscle function between 

uninjured groups after exposure to saline or BAPN (Appendix Figure 7C). These data suggest 

that muscle stiffness is important for MuSC function and regenerative cascades but may be less 

important in the context of muscle homeostasis. Taken together, these data suggest that SIRT3 

may mediate signals from extrinsic microenvironment to mitochondrial function, ultimately 

dictating MuSC fate, and hence, muscle regeneration. 
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2.4 Discussion 

In this study, we tested the hypothesis that aberrant lineage specification of aged MuSCs 

is mediated by ECM-induced alterations of mitochondrial function. To test this hypothesis, we 

first implemented a combination of in vitro studies to evaluate the direct impact of substrate 

stiffness on subpopulation heterogeneity at the level of nuclear morphology, single-cell transcripts, 

and protein expression. We found that exposure of aged MuSCs onto a soft substrate restored a 

nuclear area comparable to that of young MuSC counterparts. Given that nuclear size dictates 

cellular gene expression and responses (Webster et al., 2009), we posited that the observed changes 

in nuclear morphology disrupt aged MuSC fate. Indeed, pseudotime analysis using single cell 

RNA-seq demonstrated a decreased activation of aged MuSCs when compared to young 

counterparts, an effect that was exacerbated by a stiff microenvironment. These findings were 

confirmed at the protein level, as determined by the expression of PAX7 and MYOD, two 

canonical markers of stem cell quiescence and activation, respectively. Importantly, we observed 

that, whereas young MuSCs were relatively resistant to changes in extrinsic matrix properties, 

aged MuSCs were sensitized to biophysical cues emanating from the microenvironment. Further 

investigation into the potential mechanisms by which aged MuSC fate is dictated on various 

microenvironment stiffness suggested that SIRT3 may be a critical mechano-sensitive factor that 

regulates other key mitochondria-associated gene alterations. The data revealed a previously 

unrecognized role for SIRT3 in MuSC activation and muscle regeneration. Finally, we tested the 

physiological relevance of the in vitro findings by evaluating whether reduction of aged muscle 

stiffness leads to enhanced muscle regeneration in aged mice. Indeed, we found that modulation 

of biophysical ECM characteristics enhanced myofiber cross-sectional area and force-producing 

capacity, effects that were concomitant with increased SIRT3 protein levels at the site of muscle 
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injury. As to the future potential clinical application of these findings, in order to enhance MuSC 

transplantation efficacy, we envision that it one day may be possible to pre-condition and expand 

aged MuSCs on a soft substrate in vitro, sort out “aged” MuSCs non-invasively based on nuclear 

morphology, and transfer only rejuvenated MuSCs to a host muscle tissue. In addition, our findings 

suggest that modulation of muscle stiffness, especially in an elderly population, maybe an essential 

intervention to improve muscle regeneration after an injury or during rehabilitation. 

Stem cell fate is influenced by stiffness of the surrounding niche (Dupont et al., 2011; 

Engler et al., 2006; Gilbert et al., 2010). While age-associated alterations of muscle stiffness have 

been well-documented (Lacraz et al., 2015; Rosant et al., 2007), the link between the increased 

muscle stiffness and its direct impact on MuSC function is largely unknown. One of the potential 

links is stiffness-induced nuclear deformation, as the nuclear shape directly impacts gene 

expression and stem cell fate (Dahl, Booth-Gauthier, & Ladoux, 2010). Therefore, we first posited 

that age-associated increase in muscle stiffness alters MuSC nuclear morphologies. We found that 

while young MuSCs displayed resistance to nuclear size alterations regardless of substrate 

stiffness, aged MuSC were highly sensitive to biophysical substrate characteristics, with a stiff 

microenvironment further exacerbating an aged phenotype. Importantly, although aged MuSCs 

displayed a decreased nuclear area relative to young MuSCs when cultured on a 2D substrate, an 

increased nuclear size with aging and in response to a stiff substrate was observed when cells were 

evaluated under suspension, in which cytoskeletal influences are minimized. These seemingly 

paradoxical findings may be a reflection of a higher stiffness of aged MuSC nuclei that makes 

them more resistant to spreading when in contact with a 2D substrate as compared to young 

counterparts, though the effect of aging on nuclear stiffness is still debated (Heys, Cram, & 

Truscott, 2004; Phillip, Aifuwa, Walston, & Wirtz, 2015). Notably, disruption in nuclear lamin 
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levels is associated with accelerated aging syndromes and lamin-related disorders that lead to 

muscle diseases (Ghosh & Zhou, 2014). These factors may be worth further investigation to unveil 

potential mechanisms of age-dependent mechanosensitivity of MuSCs as lamin A deficiency is 

also associated with impaired mechanotransduction (Lammerding et al., 2005). Further studies 

connecting MuSC fate alterations and nuclear morphological changes due to mechanosensitive 

lamin expression may be an interesting direction for future research. 

While it has been previously demonstrated that increased matrix stiffness impairs terminal 

stem cell differentiation, including MuSC myogenicity, studies to date have only evaluated 

terminal endpoints (Engler et al., 2006; Gilbert et al., 2010). To better understand lineage 

progression dynamics during which matrix stiffness disrupts MuSC fate, we performed 

pseudotime trajectory analysis using scRNA-seq. Based on these findings, we found that decreased 

myogenicity of aged MuSCs cultured on a stiff microenvironment may be attributed to a relative 

decrease in Pax7 during early activation and a concomitant increased expression of Myod1. This 

pattern is consistent with a previous report showing that aged MuSCs exhibit lower Pax7 and 

higher Myod1 mRNA levels when compared to young MuSCs (Chakkalakal et al., 2012). In 

addition, our data confirmed previous studies showing that in young, healthy cells, Pax7 gene 

expression does not decline linearly through lineage specification, as indicated by pseudotime 

analysis (Kimmel et al., 2020). Instead, the expression level is non-monotonic, increasing in late 

activation and early differentiation stages, then decreasing again with late differentiation. While 

Kimmel et al. found significant differences in activation, but only moderate changes in 

transcriptional states between young and aged MuSCs at 18 hours after MuSC isolation, we 

extended the cell culture time to include the late differentiation stage. We found that expression of 

myogenic markers, Pax7 and Myod1, were altered in age- and stiffness-dependent manner. 
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Furthermore, our scRNA-seq data at early and late activation stages indicated that physiologically- 

relevant increases in stiffness differentially influence myogenic marker levels in young and aged 

MuSCs. These differences in myogenic marker levels were not found previously in single cell 

level with pseudotime analysis when MuSCs were cultured on a supraphysiological plastic cell 

culture dishes. Taken together, these findings suggest that careful temporal regulation of Pax7 and 

Myod1 is fundamental throughout myogenic lineage progression and that this temporal regulation 

is disrupted both with aging and in response to a stiff matrix. 
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Lineage progression of MuSCs requires meticulous regulation of mitochondrial function, 

which declines over time (Bhattacharya & Scimè, 2020; Dell’Orso et al., 2019; Rocheteau et al., 

2012; Sahu et al., 2018). On the other hand, restoration of mitochondrial function enhances muscle 

progenitor cell activation, as evidenced by MYOD expression, and increases functional recovery 

after injury in aged mice (Sahu et al., 2018). The data presented here reveal that age-dependent 

mitochondrial dysfunction may be a result of increased skeletal muscle stiffness over time. We 

identified four mechanosensitive mitochondrial genes — NME2, BLOC1S1, GSTP1, and GSTP2 

—that were differentially responsive according to age. At the intersection of these four genes, we 

identified the MYC-SIRT3-SOD2 axis. NME2 upregulates MYC, which promotes SKP2-

mediated SIRT3 degradation and decreases oxidative phosphorylation (S.-T. Li et al., 2020; 

Mendelsohn & Larrick, 2014; Yao et al., 2014). While we did not probe for MYC nor SKP2 protein 

expression in this study, aged MuSCs cultured on a stiff substrate exhibited a down-regulation of 

SIRT3 that may be the result of the MYC-SKP2-mediated SIRT3 degradation. The activity of 

SIRT3 can also be diminished by mitochondrial protein lysine acetylation by the BLOC-1 protein 

complex, which includes BLOC1S1 (Scott et al., 2012). SIRT3 regulation of expression and 

activation is critical for ROS production, which is tied to stem cell function (Brown et al., 2013). 

Here, we demonstrated age- and stiffness-dependent regulation of SIRT3 levels, which in turn 

dictate MuSC differentiation kinetics for the first time to the best of our knowledge. 

MuSCs go through a metabolic shift and change from OXPHOS to glycolysis and 

upregulate ROS as they activate and differentiate (Bhattacharya & Scimè, 2020; Latil et al., 2012; 

Ryall et al., 2015). ROS levels are regulated by SOD2, which is activated by SIRT3 (Qiu, Brown, 

Hirschey, Verdin, & Chen, 2010; Tao et al., 2010). Also, SIRT3 regulates OXPHOS by regulating 

the activity of acetyl-CoA synthetase 2 (Ahn et al., 2008). Therefore, age- and stiffness-dependent 
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regulation of SIRT3 may be disrupting MuSC differentiation kinetics through ROS and OXPHOS 

modulation. Further mechanisms by which SIRT3 modulation influences MuSC activation 

kinetics may be an interesting future research topic. 

Taken together, the data implicate matrix stiffness as a regulator of SIRT3 levels and, 

potentially, activity. This reduced activity of SIRT3 leads to inactivation of SOD2, which results 

in increased mitochondrial ROS, ultimately causing mitochondrial damage and MuSC fate 

alterations (Meng et al., 2019; Yin et al., 2018). SIRT3 has been widely known to be a master 

regulator of mitochondrial functions, including but not limited to mitochondrial dynamics, 

suppression of ROS, and metabolic pathways within mitochondria, all of which influence MuSC 

fate (Ansari et al., 2017; Lombard, Tishkoff, & Bao, 2011; Meng et al., 2019; Samant et al., 2014). 

However, a direct role for SIRT3 in age-related declines in MuSC function and skeletal muscle 

regeneration has not been previously demonstrated. Here, we showed that SIRT3 levels are blunted 

in aged MuSCs upon activation after injury, as compared to young counterparts. Furthermore, data 

obtained with MuSCs from SIRT3-/- mice suggest that suppression of SIRT3 leads to increased 

quiescence and decreased MuSC activation, resulting in impaired muscle regeneration. Therefore, 

our data suggest that SIRT3 is an age-dependent mechanosensitive factor that may play a critical 

role in MuSC lineage progression. SIRT3 may also play an essential role in later stages of MuSC 

fate, as evidenced by abrogated myogenic differentiation of C2C12 myoblast cell line with SIRT3 

inhibition (Abdel Khalek et al., 2014). Future studies to further elucidate SIRT3 dynamics through 

myogenic lineage progression and the mechanism by which SIRT3 levels become sensitive to 

mechanical cues over time are warranted. 
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2.5 Methods 

2.5.1 Animals 

C57BL/6 young (3-5 months old) and aged (22-24 months old) mice were received from 

the Jackson Laboratory or NIA rodent colony. 129-Sirt3<tm1.1Fwa>/J (Sirt3 KO) mice were 

received from the Jackson Laboratory. All animal studies were approved by the Institutional 

Animal Care and Use Committee of the University of Pittsburgh. The animals were assessed before 

the studies, and any animals with obvious signs of health problems were excluded from the studies. 

All animals were then randomly assigned to intervention groups and ear-tagged. All investigators 

performing endpoint analyses were blinded to each experimental group whenever possible. 

Animals showing apparent signs of health problems prior to the endpoint analyses were excluded 

prior to the start of the studies. 

2.5.2 Primary Muscle Stem Cell Isolation and Cell Culture 

MuSCs were freshly isolated from young/aged control and saline/BAPN treated mice for 

each experiment using Fluorescent Activated Cell Sorting (FACS) as CD31-, CD45-, Sca1-, and 

Integrin α7+. Propidium iodide, 1mg/ml aqueous solution (25535-16-4, Alfa Aesar, Lancashire, 

UK) was used as a dead cell marker. Cells were sorted based on live-cell and negative population 

of CD31+ and CD45+ cells. The detailed protocol was described previously (L. Liu, Cheung, 

Charville, & Rando, 2015; Yi & Rossi, 2011) (Appendix Figure 8). The sorted cells were seeded 

on PDMS substrates at ~ 160 – 200 cells/ mm2 within 1.5 hours after the sorting. 
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2.5.3 Multiphoton Imaging and Characterization of ECM Topography 

Second-harmonic generation (SHG) imaging was used to evaluate collagen fibril network 

characteristics in young/aged control and BAPN treated muscle as previously described (C. Zhang 

et al., 2015). Briefly, TA was harvested from non-injured animals, and the fresh muscles were 

submerged in CUBIC R1 solution and incubated with continuous rotation at 37 °C for a week, 

after which the solution was changed to PBS and stored at 4 °C until the samples were imaged. 

All SHG imaging was performed using an Olympus multi-photon microscope (Model FV1000, 

ASW software, Tokyo, Japan). 25x water immersion objective lens (420650-9901; numerical 

aperture [NA] = 0.8, Carl Zeiss AG, Oberkochen, Germany) was used. The excitation wavelength 

was set at 830 nm. RXD1 350 - 450 was used to take images of collagen fibrils. Laser power and 

scan speed were set to 4% and 4 µs/pixel, respectively, and z-stack images were taken with 2µm 

separation. Fiber intersection density, diameter, and orientation index were obtained using ImageJ 

software. 

2.5.4 Biaxial Testing 

Biaxial tensile testing of the intact gastrocnemius muscle was conducted as previously 

described (Stearns-Reider et al., 2017). Briefly, the medial head of gastrocnemius muscle was 

collected from young/aged control or BAPN treated groups and placed in Ringer’s solution for at 

least one hour before biaxial mechanical testing. Muscle samples were cut into squares (~5 mm x 

5 mm) after measuring the sample thickness at five individual points and attached to 50-gram load 

cells with two loops of suture connected to each side with four hooks. The samples’ deformation 

was measured by real-time tracking of the coordinates of a four-marker array positioned in the 
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central region of the specimen. Gradient tensor F was calculated from shape functions as described 

by D’Amore et al. (D’Amore et al., 2014). Equi-stress protocol was executed with the specimens 

submerged in PBS at room temperature utilizing a tare load of 0.5 grams and a cycle time of 10 

seconds each. Samples were preconditioned and tested up to the stress of 32 kPa, which is a critical 

load determined to be the maximum stress value that both young and aged native gastrocnemius 

muscle can tolerate without permanent deformation. All data were referenced to the post-

preconditioned free-float state (D’Amore et al., 2014, 2016). 

2.5.5 Computational Analysis (In-Plane Green’s Strain Map) 

A structural determinist model was utilized to quantify single fiber Green’s strain (Ef) 

within the gastrocnemius muscle samples that were experimentally evaluated with biaxial tensile 

tests. The modeling approach was originally developed and is described in (D’Amore et al., 2018). 

Fiber mesh models were generated for the young and aged tissue samples. First, sample network 

architectural features were evaluated with SHG imaging. More specifically, experimentally-

derived fiber intersection density (ID), diameter (D), and orientation index (OI) (D’Amore, Stella, 

Wagner, & Sacks, 2010) were the input parameters for the mesh generator (D’Amore et al., 2018, 

2010); thus, the newly created topologies represent young and aged collagen matched the 

distribution of fiber nodes, orientation, and connectivity extracted with digital image processing 

of collagen SHG images (D’Amore et al., 2014). Based on the biaxial test symmetry, to reduce the 

cost of the computational analysis, only one-quarter of the system was modeled with square fiber 

network meshes of 500 µm by 500 µm (D’Amore et al., 2018). Biaxial tensile tests were then 

simulated in Abaqus 6.14 (Dassault Systèmes, Waltham, MA), as described in (D’Amore et al., 

2018). Boundary conditions were set on two edges of the square mesh, where axial displacements 
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were equal to 0 along the axes of symmetry, while axial loads from the actual biaxial tests were 

applied on the remaining edges. All fibers were modeled B22 beam elements, and the Yeoh 

hyperelastic material model under the assumption of incompressibility was also utilized (Yeoh, 

1993). For each analysis, results were automatically extracted with a custom Python module 

(Nasello et al., 2021) to calibrate the Yeoh material parameters by fitting the experimental biaxial 

data. Model prediction included fiber strain maps [Ef] and deformation as well as strain histogram 

on the biaxial tensile configurations. 

2.5.6 PDMS Fabrication 

PDMS substrates with different stiffness were prepared, as described by Iberite et al. 

(Iberite et al., 2019). Briefly, Sylgard 527 was prepared by mixing 1) equal weights or 2) 1:1.8 

weight ratio of Dielectric Gel Part A and Part B and mixed well manually for 12 kPa and 29 kPa 

substrates, respectively to mimic the stiffness of previously reported young, healthy muscle and 

aged muscle obtained by our computational estimation described above. The mixtures were 

degassed using a vacuum desiccator for 30 minutes. Next, PDMS was poured into 60 mm diameter 

Petri dishes to make ~1.2 mm thick substrate for cell culture. Alternatively, 30 µL of PDMS was 

poured onto an 18 mm circular coverslip followed by a one-minute spin at 930 rpm using a spin 

coater (Laurell WS-650SZ-6NPP/A1/AR1) to make ~ 100 µm-thick films for cell culture for 

immunocytochemistry imaging of cell on PDMS substrates. PDMS substrates were cured at 60 °C 

for 16 hours for all experiments. PDMS substrates were treated with plasma cleaner (Harrick 

Plasma, Ithaca, NY) at the medium power setting for 20 seconds and soaked in water until the next 

step. Water was replaced with 70% ethanol and sterilized for 30 minutes under UV light in a cell 

culture hood. PDMS substrates were rinsed with sterile water three times and coated with 50 
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µg/mL of fibronectin (F4759, Sigma-Aldrich, St. Louis, MO) diluted in water for one hour at room 

temperature. Fibronectin solution was then removed, and the substrates were rinsed with water 

twice, followed by a PBS rinse before cell seeding. PDMS substrates were never left dry after 

plasma treatment. 

2.5.7 Immunostaining and Image Acquisition 

For the nuclear morphology analysis, freshly isolated young or aged MuSCs by FACS were 

cultured on soft or stiff PDMS substrates for a week before nuclear staining and imaging of the 

cells on the PDMS substrates to avoid potential alterations in cell morphology by transfer of the 

cells. For the staining of other experiments for morphological analysis of adherent cells, MuSCs 

were fixed and stained with DAPI two days after seeding, which is just enough time to allow MuSC 

adhesion to the substrate. Following antibodies were used for the other immunostaining studies: 

Mouse anti-PAX7 antibody at 5 µg/mL (DSHB, Iowa, U.S.A.), Rabbit anti-MyoD antibody at 

1:500 (sc-760, Santa Cruz, Texas, U.S.A.), Mouse anti-c-Myc antibody at 1:250 (NB600-302, 

Novus Biologicals, Oxfordshire, UK), and Rabbit anti-SIRT3 antibody at 1:500 (ab 86671, 

Abcam, Cambridge, UK). 
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2.5.8 Quantification of Nuclear Morphology for Adherent Cell Culture 

For the quantification of nuclear morphology in adherent cell culture, DAPI images were 

obtained at 40x magnification using an A1 confocal microscope (Nikon, Tokyo, Japan). 

Afterward, image processing and morphome feature extraction were performed using CellProfiler 

software (v4.0, The Broad Institute). Fifty-three shape features of nuclei were determined using 

the “identify primary objects” followed by the “measure object size shape” and “export to spread 

sheet” module. 

Principal Component Analysis (PCA; unsupervised) and PCA-linear discriminant analysis 

(PCA-LDA; supervised) were performed to facilitate the identification of segregation of the 

nuclear morphological features identified by CellProfiler software (Carpenter et al., 2006). In 

PCA-LDA analysis, the small number of PCs, corresponding to the sample size in each group, 

were included to prevent overfitting (L.-F. Chen, Liao, Ko, Lin, & Yu, 2000). To determine 

variables of nuclear shape contributing to PCs, loading matrix, a correlation between the original 

variable and PCs, were extracted. 
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2.5.9 Immunofluorescence Probing for Myogenic and Mitochondrial Function Markers in 

Cells Using Imaging Flow Cytometry 

Isolated MuSCs were plated on soft/stiff substrates and cultured for seven days. Following 

this, the cells were trypsinized with 0.25% trypsin for one minute at 37°C and collected in 1.5 mL 

Eppendorf tubes for subsequent analysis. The pelleted cells were fixed, permeabilized, blocked, 

and stained with immunofluorescence dye for myogenic markers: Pax7, MyoD; and mitochondrial 

function markers: Sirt3 with a nuclear marker DAPI, using the same protocol as described in the 

immunofluorescence staining section. 

2.5.9.1 Imaging Flow Cytometry: 

Stained cells were imaged at the single-cell resolution using imaging flow cytometry (Flow 

cytometry core, Department of Immunology, University of Pittsburgh). The imaging flow 

cytometry was conducted using a 60X objective at a resolution of 0.3 μm2/pixel. Filtered sheath 

buffers were used to ensure the absence of debris and non-cellular components. Samples were 

acquired using INSPIRE® software with the highest sensitivity by acquiring images at the lowest 

speed. All used lasers for fluorochromes employed were used at the optimal power settings that 

were based on an unstained cell control. Gating was performed on unstained control cells for 

acquiring images of single and focused cells (Appendix Figure 9). 

 

2.5.9.2 Imaging Flow Cytometry Analysis of Nuclear Morphology 

IDEAS software was used to analyze the myogenic composition of the cellular profile and 

differences in mitochondrial function markers. For analyzing myogenic profile, a nuclear co-
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localization step was done to detect the true-positive data in the imaging dataset. In addition, 

nuclear morphology features used for downstream computational analysis were extracted using 

IDEAS software per cell. Every experiment was performed in at least two independent runs. In 

every run, three sets of imaging data were acquired. Data were presented as an average of the three 

imaging data sets in one representative run. 

2.5.10 Single Cell RNA-Seq Analysis 

2.5.10.1 Age-Related Mitochondrial Change Heatmap 

We used Tabula Muris Senis (TMS) processed data from 

https://figshare.com/projects/Tabula_Muris_Senis/64982. Fluorescence Activated Cell Sorting 

(FACS) instead of droplet was used to compare it against our FACS-based injury dataset, hence, 

eliminating the variation caused by different sequencing technologies (Appendix Figure 3A). 

From FACS-TMS data, skeletal muscle satellite cells (MuSCs) from young (3 months) and aged 

(24 months) male mice after making sure that there were no sex differences within MuSCs 

(Appendix Figure 3B, C). 

Library preparation and sequencing were performed in McGill University Genome 

Quebec. Tibialis anterior muscle was obtained from young (3-6 months) and aged (21- 24 months) 

mice one-day post-injury. For MuSC annotation in injury scRNA-seq dataset, we selected cells 

which followed the criteria: Pecam1-ve, Ptprc-ve, Ly6a-ve, Vcam+ve. The heatmap was 

constructed with mitochondria-associated genes obtained from Jackson Laboratory’s Mouse 

Genome Informatics, Genes and Markers Query Form. Protein coding genes that satisfied 

“mitochondria” gene ontology classification were selected. Data cleaning was done in R 4.0, and 

a heatmap package was used for heatmap visualization. 

https://figshare.com/projects/Tabula_Muris_Senis/64982
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2.5.10.2 Single-Cell Trajectory Analysis 

Homogenous MuSC population was obtained from skeletal muscle from hind limb of 

young (3-6 months) and aged (21-24 months) mice. These cells were cultured on soft or stiff 

PDMS substrates for one week. These cultured cells were then sent for scRNA-seq library 

preparation at the Genomics Core at the University of Pittsburgh. Sequencing and pre-processing 

of the scRNA-seq samples were done at Genewiz. Scanpy package in Python was used to read and 

analyze the cell ranger counts. Batch correction was performed using harmonypy package, and the 

four samples were combined. These batch corrected samples were then used for downstream 

analysis. Unsupervised clustering was performed, and myogenic markers were visualized on the 

tSNE projection. The clusters that display no myogenic markers were eliminated from our analysis, 

and the clusters that displayed myogenic markers were annotated based on stages of 

differentiation. Palantir package in Python was used for trajectory analysis, pseudotime 

visualization, and heatmap trajectory for genes of interest. 

2.5.11 Transcription Factor Enrichment Analysis 

Transcription factor enrichment analysis was performed using ChIP-X Enrichment 

Analysis Version 3 (ChEA3) (Keenan et al., 2019). In this analysis, the name of the four genes 

(Nme2, Bloc1s1, Gstp1, and Gstp2) was used as an input variable. 

2.5.12 Latrunculin A Administration 

First, aged muscle progenitors were plated on soft and stiff substrates. The cells were 

cultured for five days, after which they were treated with 0.001, 0.01, 0.1, and 0.5 µM Lat A for 
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one hour. The cells were washed with media two times, after which they were cultured for 

additional two days and fixed with 2% PFA for SIRT3 protein expression analysis. We chose the 

0.1 µM dose to be most effective as it elicited a significantly increased response in Sirt3 

expression. Based on the dose-testing experiment, we next administered 0.1 µM Lat A to young 

and aged MuSCs that were cultured on stiff substrates for five days and compared the treatment 

profile to untreated age-matched controls on soft and stiff substrates. The cells were treated with 

Lat A for one hour and then washed with culture media twice prior to culturing them for additional 

two days. Cells were fixed in 2% PFA, and SIRT3 expression was evaluated as per the 

immunofluorescence protocol mentioned above. 

2.5.13 BAPN Administration and Cardiotoxin Injury 

Saline or BAPN (290 µg/µL in normal saline; approximately 550µg per gram of animal 

weight) was subcutaneously injected daily into the nape of the neck of aged animals for six weeks. 

Four weeks after initiation of BAPN or saline injections, TA muscles were injured via 

intramuscular injection of cardiotoxin (10 µL of 1 mg/mL; 217503, Sigma-Aldrich) (Figure 5A). 

Two weeks after injury, TAs were harvested for hydroxyproline assay to test collagen crosslinking 

or histology to compare myofiber regeneration across groups. 

2.5.14 Hydroxyproline Assay 

The concentration of mature crosslinked collagen and non-cross-linked and immature 

crosslinked collagen were determined based on a method previously described (Smith, Hammers, 

Sweeney, & Barton, 2016). Briefly, freshly harvested TA muscles were weighted, snap-frozen, 
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and pulverized with a mortar and pestle over dry ice. The samples were rinsed in 1 mL of PBS on 

a shaker for 30 minutes at 4 °C. After centrifuging at 16,000g for 30 minutes at 4 °C, PBS was 

replaced with a 1:6 (weight: volume) solution of 0.5M acetic acid with 1 mg/mL pepsin for non-

cross-linked collagen digestion and stirred overnight at 4 °C. The samples were then centrifuged 

at 16,000g for 30 minutes at 4 °C. Next, the supernatant was collected as the pepsin-soluble 

fraction (PSF), or non-cross-linked and immature crosslinked collagen, and the pellet was kept as 

the pepsin-insoluble fraction (PIF), or mature crosslinked collagen. A 1:1 volume of 4M NaCl was 

added to PSF and incubated on a shaker for 30 minutes at 4 °C before 30 minutes of centrifugation 

at 16,000g at 4 °C. The supernatant was then discarded. The collagen contents of the PSF and PIF 

were measured using Hydroxyproline Assay Kit (ab222941, Abcam, Cambridge, UK) by 

following the manufacturer’s instructions. For the measurement of PSF samples, one-fifth of the 

reagents were used to lyse and hydrolyze the samples to increase the concentration. 

2.5.15 Muscle Regeneration Analysis 

Muscle tissues were frozen by completely immersing in liquid nitrogen-cooled 2-

Methylbutane for 1 minute. Frozen muscles were sectioned at 10 µm thickness using CryoStar 

NX50 Cryostat (Thermo Fisher Scientific, Waltham, MA). Muscle sections were then fixed in 2% 

paraformaldehyde solution (J19943K2, Thermo Fisher Scientific) diluted in PBS followed by three 

5-minute PBS washes at room temperature. Samples were permeabilized with 0.01% Triton X-

100 in PBS for 15 minutes and blocked with 3% bovine serum albumin (A7906, Sigma-Aldrich) 

in 0.01% Triton X-100 in PBS (blocking buffer) for 1 hour at room temperature. The sample slides 

were incubated with Rat anti-Laminin (ab79057, Abcam, Cambridge, UK) in 5% goat serum 

(191356, MP Biomedicals, Solon, OH) in blocking buffer overnight at 4 °C. The slides were 
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washed for 5 minutes 3 times with PBS followed by incubation with goat anti-Rat IgG (H+L) 

Alexa Fluor 594 secondary antibody (A11012, Thermo Fisher Scientific) at 1:500 dilution for 60 

minutes at room temperature. After three 5-minute PBS washes, the samples were incubated with 

4’,6-diamidino-2-phenylindole (DAPI) (422801, BioLegend, San Diego, CA) for 2 minutes at 

room temperature. The slides were washed once with PBS for 5 minutes before coverslips (12-

545-100, Thermo Fisher Scientific) were mounted with Gelvatol mounting media (Source: Center 

of Biologic Imaging, University of Pittsburgh) and let dry. Images were taken using inverted 

microscopy (Observer Z1, Carl Zeiss AG, Oberkochen, Germany) with a 20x objective lens 

(420650-9901-000, Carl Zeiss AG). The area of centrally nucleated myofibers was measured using 

ImageJ software using a previously established protocol (Mula, Lee, Liu, Yang, & Peterson, 2013). 

2.5.16 In-Situ Muscle Contractile Testing 

The force-producing capacity of mice after an acute injury was tested 14 days post-injury 

using an in-situ testing apparatus (Model 809B, Aurora Scientific Inc, Canada), a stimulator 

(Model 701C, Aurora Scientific Inc, Canada), and a force transducer (Aurora Scientific Inc, 

Canada). The animals were first anesthetized using isoflurane, and then the peroneal nerve of the 

leg being tested was exposed through a small incision that was placed lateral to the knee. Mice 

were then placed supine on a warm platform, with the foot of the leg being tested placed flat on 

the footplate. The Achilles tendon of the leg was cut using a scalpel. The limb was stabilized with 

cloth tape on the knee and foot. Electrodes were placed over the peroneal nerve for stimulation. 

The ankle was positioned at 20° of plantarflexion (the position determined to result in the greatest 

force output). Muscle peak twitch, time to peak twitch, and half-relaxation time were quantified at 

this position. The tetanic force was determined by subsequent stimulations at 10, 30, 50, 80, 100, 



 50 

120, 150 Hz with two minutes rest between each contraction, and a force-frequency curve was 

obtained. Final force values were normalized to cross-sectional muscle area to obtain specific 

force, as previously described (Brooks & Faulkner, 1988). 

2.5.17 Statistics 

Analyses were performed using GraphPad Prism version 9 software. Kolmogorov-Smirnov 

test and F-test were initially performed to assess normality and equality of variance, respectively. 

For all ANOVA analyses resulting in a p-value of less than 0.05, appropriate post hoc tests were 

performed. Methods for post hoc testing were described in figure legends. For multiple 

comparisons, alpha was adjusted using a multiple-comparison correction method such as 

Bonferroni correction to reduce the type I error (false-positive) inflation. 

2.5.18 Steps to Ensure Rigor 

Animals were assessed prior to the studies, and any animals with obvious signs of health 

problems were excluded. All animals included were randomized to one of the experimental groups. 

Animals were ear-tagged, and samples were number-coded with the ear tag number. Using the 

coded numbers, all investigators performing endpoint analyses were blinded to each experimental 

group whenever possible. We followed the standard criteria for inclusion and exclusion of data for 

each experiment and analysis. 
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2.5.19 Data Availability 

The data supporting the results of this paper can be made available by the corresponding 

author upon reasonable request. 
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2.9 Figures 
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(A) In-plane maximum Green strain energy maps of young and aged muscle collagen fibrils. Higher strain 

energy is shown in red. Scale: 50µm. (B) Histogram of In-plane Green strain deformation, Ef (n=5/group). 

(C) Comparison of the peak Green strain energy in the histogram (n=5/group; **** p < 0.0001). (D) Flow 

chart of the nuclear morphological feature extraction using CellProfiler. (E) PCA of adherent MuSC nuclear 

morphologies and comparison of MuSC nuclear area (n=4-5/group; *P=0.0159). (F) Flow chart of the nuclear 

morphological feature extraction and analysis using imaging flow cytometry and IDEAS software, 

respectively. (G) PCA of 3D MuSC nuclear morphologies and comparison of MuSC nuclear are (n=3/group; 

*p=0.0243). (H) PCA and LDA of young and aged nuclear morphologies in TA muscle sections (n=5/group; 

****p<0.0001). (I) Young and aged nuclear area of TA muscle sections (n=5/group; *p=0.0293). (J) Schematic 

of MuSC culture experiments on PDMS with various stiffness. (K) PCA and LDA of 3D young MuSC nuclear 

morphologies after PDMS culture (n=3/group; p=0.0678). (L) PCA and LDA of 3D aged MuSC nuclear 

morphologies after PDMS culture (n=3/group; ****p<0.0001). (M) Representative Kernel density plots of 

MuSC nuclear area and comparison of averages from each image flow cytometry experiment for young and 

aged MuSCs cultured on soft or stiff substrate (n=3/group; Interaction p=0.114). 

(E) two-tailed Mann-Whitney test. (G) two-tailed t-test with Welch’s correction. (H, I, K, L) two-tailed t-test. 

(M) Two-way ANOVA. Data are represented as mean  SEM. 

 

Figure 1 Stiffness of young and aged skeletal muscle were measured ex vivo and impact of the various 

stiffness on MuSC morphologies was evaluated. 
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(A) Schematic of MuSC myogenic lineage specification. (B) Myogenic markers expression on tSNE 

projection. Young and aged MuSCs cultured on soft and stiff were combined after batch correction. In the 

color bar, red indicates high expression while blue indicates low expression. (C) Pseudotime analysis of 

MuSCs indicating four stages of differentiation based on myogenic marker expression. Black arrow indicates 

the direction of pseudotime. (D) Pax7 expression along pseudotime indicates increase of Pax7 expression into 

later stages of differentiation in aged MuSCs. (E) Myod1 expression along pseudotime indicates blunted 

Myod1 into the later stages of differentiation in aged MuSCs. (F) Quiescent MuSC population in freshly 

isolated young and aged MuSCs (n=3/group; p=0.125). (G) Activated MuSC population in freshly isolated 

young and aged MuSCs (n=3/group; *p=0.021). (H) Quiescent MuSC population in young and aged MuSCs 

cultured on soft or stiff substrate (n=2-3/group; Interaction p=0.759). (I) Activated MuSC population in 

young and aged MuSCs cultured on soft or stiff substrate (n=2-3/group; Interaction p=0.269). 

(F) two-tailed t-test. (G) two-tailed t-test with Welch’s correction. (H, I) Two-way ANOVA. Data are 

represented as mean  SEM. 

Figure 2 Young muscle like compliant microenvironment shifts aged MuSC fate toward young like MuSC. 
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(A) Heatmap of mitochondria-associated gene expression among naïve young and aged MuSCs, and young 

and aged MuSCs isolated 1 dpi. (B) Scatter plot of Mitochondria-associated gene expression alterations with 

respect to stiffness. (C) Myc expression increases with aging and stiffness along the pseudotime. (D) Protein-

protein network of the four mitochondria-associated genes and their upstream regulators — MYC, SIRT3, 

and SOD2. (E) Schematic showing MYC mediated degradation of SIRT3, which, in turn, affects antioxidant 

activity. 

 

Figure 3 MYC-SIRT3 axis is an upstream of age-dependent mechanosensitive mitochondrial genes. 
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(A) SIRT3 expression of MuSCs harvested from young and aged TAs 1 dpi (n=3/group; *p=0.0413). (B) 

Quiescent MuSC population in freshly isolated young WT and SIRT3-/- MuSCs at 1 dpi (n=3/group; 

*p=0.0301). (C) Activated MuSC population in freshly isolated young WT and SIRT3-/- MuSCs at 1 dpi 

(n=3/group; **p=0.0011). (D) TA weights of WT and SIRT3-/- mice at 14 dpi (n=5-7/group; ****p<0.0001) (E) 

Force producing capacity of TA from young WT and SIRT3-/- mice at 14 dpi (n=5-6/group; *p=0.0344). (F) 

SIRT3 expression of young MuSCs cultured on soft or stiff substrate (n=3/group; p=0.231). (G) SIRT3 

expression of aged MuSCs cultured on soft or stiff substrate (n=3/group; *p=0.0003). (H) Heatmap of Sirt3 

downstream genes showing potential mitochondrial stress. (I) Representative images of SIRT3 expression of 

control or Lat A treated MuSCs cultured on a stiff substrate. (J) SIRT3 expression of aged MuSCs on stiff 

substrate with or without Lat A treatment (n=3/group; *p=0.0273). (K) SIRT3 expression of young MuSCs on 

stiff substrate with or without Lat A treatment (n=3/group; p=0.662). 

(A-C, F, G) one-tailed t-test. (D, E, J, K) two-tailed t-test. Data are represented as mean  SEM. 

 

Figure 4 SIRT3 is an age-dependent, mechanosensitive mitochondrial protein that is critical for MuSC 

activation and muscle regeneration. 
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(A) Schematic of the BAPN injection and cardiotoxin injury. (B) PCA and LDA of aged nuclear morphologies 

of TA sections at 14 dpi (n=11/group; ****p<0.0001). (C) aged nuclear area of TA section at 14 dpi 

(n=11/group; ****p=0.0345).  (D) SIRT3 expression of TAs from saline or BAPN injected aged animals 14 dpi 

and their representative images (n=5-6/group; p=0.0555). (E) Representative immunohistological images of 

the sites of maximum cardiotoxin injury for each experimental group at 14 dpi stained with DAPI and 

laminin. Scale bar: 50 µm. (F) Histogram showing centrally nucleated regenerating myofiber area of TA 

muscles at 14 dpi. (G) Scatter plot showing a correlation between cross-sectional area of regenerating 

myofibers and nuclear area at 14 dpi, and regression lines for young and aged data (aged, R2=0.196, 

p=0.0389; all groups, R2=0.131, p=0.0586). (H) Force-frequency curves obtained from in situ contractile 

testing analysis of specific force of TA muscle at 14 dpi (n = 7 – 11/group, * p < 0.05 when comparing aged 

control with aged BAPN, # p < 0.05 when comparing young control with aged control). (I) Half relaxation 

time obtained from in situ contractile testing analysis of TA muscle at 14 dpi (n = 9 – 12/group, ***p=0.0007). 

(C, D) one-tailed t-test (G) simple linear regression. (H) mixed two-way ANOVA with Tukey post-hoc test. (I) 

two-way ANOVA with Sidak post-hoc test. Data are represented as mean  SEM. 

 

Figure 5 The effect of BAPN treatment on muscle regenerative capacity and quality. 
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Table 1 Muscle stiffness measured with various techniques by various groups. 
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3.0 Conclusions, Discussion, and Future Directions 

3.1 Stiffness of the Micro-Scale MuSC Niche and Its Impact on MuSC Fate 

Aged MuSCs typically display a myogenic-to-fibrogenic conversion, leading to scar tissue 

formation and ECM accumulation (Brack et al., 2007). As a result, muscle stiffness increases, 

driving a cascade of muscle weakness, increased susceptibility to recurrent injury, and further 

fibrotic tissue accumulation — a devastating cycle. To break out of this vicious circle and maintain 

healthier muscle, investigations into the mechanisms of age-associated MuSC functional decline 

are warranted. The work provided here demonstrated the proof-of-concept in vitro and in vivo that 

aged muscle regenerative capacity can be enhanced through modulation of biophysical ECM 

properties in skeletal muscle. These data shed light on the tissue biophysical properties as a 

potential therapeutic avenue and a diagnostic measure for muscle quality in the elderly population. 

It has been widely accepted that skeletal muscle composition and its mechanical properties 

change with advancing age. Given the mechanosensitivity of stem cells, including MuSCs, it is 

not surprising that the age-associated alterations of muscle biophysical properties impede MuSC 

function, a vital component for maintaining healthy muscle. Nonetheless, there are bountiful 

questions regarding how cells react to various biophysical properties of their microenvironment 

and the mechanisms by which the cells relay these biomechanical cues to change their behavior. 

Among several biomechanical properties of a tissue, numerous previous studies examined the 

impact of rigidity on stem cell behavior (Engler et al., 2006; Gilbert et al., 2010). Whereas these 

studies provided valuable contributions to our understanding of the critical role of stiffness on stem 

cell fate (Cosgrove et al., 2014; Engler et al., 2006; Gilbert et al., 2010; Quarta et al., 2016), our 
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knowledge has been largely limited to cellular responses to supraphysiological plastic tissue 

culture dish (over 3×106 kPa) in the most extreme case or model systems that engineer stiffness 

ranges to mimic that of various tissues (10-1 ~ 106 kPa) in the best case. (Budday, Ovaert, 

Holzapfel, Steinmann, & Kuhl, 2020; Cox & Erler, 2011; Engler et al., 2006; Gilbert et al., 2010). 

However, the impact of stiffness alterations on stem cells in the context of aging or pathology is 

far less understood. The results presented in this dissertation have provided evidence for the 

importance of physiological levels of age-related alterations in muscle stiffness on MuSC fate and, 

ultimately, on skeletal muscle regenerative capacity. 

Despite the previous studies suggesting an increase in muscle rigidity over time, large 

ranges of aged muscle stiffness values have been reported (Alfuraih et al., 2019; Eby et al., 2015; 

Gajdosik et al., 1999). The discrepancy in the findings is likely due, at least in part, to 

inconsistencies in the experimental parameters and methods used across different laboratories. For 

example, atomic force microscopy (AFM) is a widely used technique to measure cell and tissue 

stiffnesses. In an AFM study comparing stiffness of breast cancer cells using varying probe 

geometries, vertical indenting speeds, and ambient temperatures, authors demonstrated up to 10-

fold differences in the elastic modulus readings (Wu et al., 2018). Strikingly, this group also 

demonstrated that various techniques, such as AFM and Particle-tracking microrheology, resulted 

in as large as 1,000-fold difference among different techniques in the stiffness measurement of the 

same cell line (Wu et al., 2018). These findings highlight the critical importance of testing 

conditions on biophysical measures of biological systems. Moreover, due to the highly 

heterogeneous nature of muscle tissue at the microscopic level, AFM measurements can vary 

significantly depending on where the probe lands. As a result, AFM measurements are likely to be 

overly reductionist as compared to what cells actually sense in vivo. Muscle tissue stiffness 



 68 

measurements can similarly vary considerably among various groups depending on the method 

used (Table 1). Given the age-associated ECM accumulation and change in biomechanical 

properties of collagen fibril network surrounding myofibers — as opposed to biophysical 

alterations in the myofibers themselves (Gao et al., 2008; Lacraz et al., 2015; Mann et al., 2011; 

Stearns-Reider et al., 2017) — we utilized an experimentally-derived computational simulation of 

microscale collagen fibril network mechanical behavior to unveil the stiffness of aged muscle 

(elastic modulus E: 25 – 40 kPa). This computational simulation of microscale mechanical 

behavior, which is experimentally derived from macroscale measurement of muscle tissue, is 

technically innovative. 

In evaluating the downstream phenotypic responses to increased stiffness properties of the 

aged skeletal muscle microenvironment, we proposed a novel mechanism by which niche stiffness 

dictates stem cell behavior. We found that stiffnesses engineered to mimic “young” or “aged” 

skeletal muscle induced distinct responses in nuclear size. Specifically, we found that nuclear area 

became similar to that of young MuSC nuclei when aged MuSCs were cultured on a compliant 

substrate. Interestingly, young MuSCs displayed a certain resistance to nuclear size changes in 

response to substrates of varying stiffness, and there was no difference in the nuclear area of young 

MuSCs when cultured on soft or stiff substrates. This finding suggests an age-dependent 

mechanosensitivity of MuSCs within physiological stiffness ranges. Based on these data, we 

posited that the increased sensitivity to extrinsic factors of aged MuSCs contributes to the tendency 

for aberrant lineage specification over time. 

Cell nuclear morphology influences gene expression via heterochromatin reorganization, 

thus potentially regulating cell fate (Dahl et al., 2010). Consistent with a link between nuclear 

morphology and cell fate, the observed nuclear area changes of aged MuSC on a soft substrate 
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caused alterations in gene expression that were consistent with differentiation kinetics that more 

closely resembled that of young MuSCs. Young MuSC differentiation kinetics, however, were not 

significantly altered in the presence of a soft or stiff substrate. While the positive impact of young 

muscle elasticity on MuSCs was previously demonstrated by enhanced MuSC engraftment 

following transplantation (Cosgrove et al., 2014; Gilbert et al., 2010), the mechanisms underlying 

the beneficial effect of soft substrate compliance on aged MuSC behavior is poorly understood. 

In this work, we identified four mechanosensitive mitochondrial genes — Nme2, Bloc1s1, 

Gstp1, and Gstp2 — whose expression changes differentially according to age. Furthermore, 

transcription factor enrichment analysis and protein-protein network analysis revealed that through 

the interaction with the four factors, MYC, SIRT3, and SOD2 may play a central role at the protein 

level, relaying age-dependent mechanosensitivity to age-associated MuSC differentiation kinetic 

alteration via modification of mitochondrial function. In this study, MuSCs isolated from  

SIRT3-/- mice one-day post-injury exhibited increased PAX7+/MYOD- and decreased 

PAX7+/MYOD+ cells showing hindered differentiation kinetics. Also, our data suggest that aged 

MuSCs exposed to stiff microenvironment upregulate MYC, which promotes ubiquitination-

mediated SIRT3 degradation, resulting in decreased oxidative phosphorylation (S.-T. Li et al., 

2020; Mendelsohn & Larrick, 2014; Yao et al., 2014). Indeed, we found that aged MuSCs cultured 

on a stiff substrate displayed reduced SIRT3 levels as compared to aged MuSCs cultured on a soft 

substrate. Decreased SIRT3 levels and potentially its deacetylase activity results in inactivation of 

SOD2, which leads to mitochondrial ROS accumulation, ultimately causing mitochondrial damage 

and MuSC fate alterations (Meng et al., 2019; Yin et al., 2018). In addition to the role of SIRT3 in 

the regulation of oxidative phosphorylation and mitochondrial ROS, SIRT3 has multiple roles in 

maintaining mitochondrial functions, such as mitochondrial dynamics, metabolic pathways, and 
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mitophagy, which dictate MuSC fate (Ansari et al., 2017; Lombard et al., 2011; Meng et al., 2019; 

Samant et al., 2014). Nonetheless, whether and how SIRT3 may influence age-associated MuSC 

functional decline and muscle regeneration is not clear. We demonstrated that post-injury increase 

in SIRT3 levels associated with stiffness modulation correlates with enhanced muscle regeneration 

and function, thereby highlighting the importance of biophysical properties on SIRT3 expression 

in aged animals. Specifically, we showed increased SIRT3 levels, regenerating myofiber area, and 

force producing capacity at 14 days post-injury when aged mice were treated with BAPN. 

Stem cells are the primary cell population that dictates tissue regenerative capacity. 

However, over the past decades, despite the considerable effort, there have been limited numbers 

of FDA-approved clinical applications of stem cell-based therapy (FDA, 2019). This limited 

clinical translation is likely due, at least in part, to the negative impact of host niche factors on 

stem cell fate (Becerra, Santos-Ruiz, Andrades, & Marí-Beffa, 2011; Boldrin, Neal, Zammit, 

Muntoni, & Morgan, 2012). Among the host niche factors contributing to donor cell responses, a 

combination of both biochemical and biophysical stimuli dictate the fate of transplanted cells 

(Cosgrove et al., 2014). While widely used polystyrene cell culture dishes are advantageous for in 

vitro studies owing to their durability, cost-effectiveness, and accessibility, cells cultured on these 

dishes clearly behave significantly differently from the cells in vivo. Supraphysiological cell 

culture conditions may, at least in part, explain the translational barrier between in vitro and in 

vivo findings. Although it is nearly impossible and not practical to completely mimic the in vivo 

condition in vitro with current technology, biomimetic approaches are likely critical for further 

advancement of the field. As cell response seems to be more similar to in vivo cell response, 

biomimetic approaches are a more useful model to better predict cell response in situations such 

as drug toxicity and efficacy in a preclinical model. Therefore, there have been increasing efforts 
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to engineer biomaterials with tunable biomechanical properties to harness the regenerative 

capacity of stem cells. Such approaches have the potential to considerably expand our 

understanding of stem cell behavior in response to various biomechanical properties in the 

biomimetic microenvironment in vitro and will pave the way for cell-based therapeutic 

interventions (Madl, Heilshorn, & Blau, 2018). 

Throughout these current studies, we focused on the significance of microenvironment 

stiffness on stem cell fate. However, numerous other biophysical properties have also been 

demonstrated to influence cell behavior. Such biophysical properties include viscoelasticity, 

surface topology, ECM composition, and dynamic mechanical stress. 

3.1.1 Viscoelasticity 

Typically, PDMS and polyacrylamide hydrogel are used as substrates with soft tissue 

stiffness to investigate mechanobiological questions. These materials are purely elastic, meaning 

that the materials display spring-like mechanical behavior. However, native tissues and ECM are 

typically not purely elastic materials and behave as viscoelastic solids, whose stiffness is 

dependent on time and magnitude of deformation (Janmey, Fletcher, & Reinhart-King, 2020). 

When the stress is applied, viscoelastic solids deform slowly and eventually reach a constant 

deformation. When the stress is released, the material slowly recovers its original state. Notably, 

viscoelastic substrates can be distinguished from pure elastic substrates by cells, which is 

demonstrated in a study where primary rat hepatic stellate cells exhibited less differentiation into 

myofibroblasts on substrates with higher viscoelasticity (Charrier, Pogoda, Wells, & Janmey, 

2018). Viscoelasticity and the ability of cells to sense viscoelastic properties of the substrate add 

another layer and complexity to fully understanding mechanisms by which age-related ECM 
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changes may affect stem cell functioning. To the best of our knowledge, there have been no studies 

to date that have investigated the sensitivity of MuSCs to varying viscoelastic characteristics of 

skeletal muscle and whether such sensitivity changes over time. 

3.1.2 Surface Topology and ECM Composition 

Another biophysical microenvironmental factor that clearly dictates stem cell fate is 

surface topology. For instance, mesenchymal stem cells were directed toward either proliferation 

or differentiation into an osteogenic lineage depending on the offset in pit placement of nano-scale 

patterned surface lattice geometry (Dalby et al., 2007; McMurray et al., 2011). Another study 

exhibited that a smoother surface (Ra: 22.8 nm) drove myogenic differentiation, whereas a rougher 

surface (Ra: 90.9 nm) promoted osteogenic differentiation (Hu et al., 2011). In addition, it has 

been recognized that ECM geometric micropatterning influences myotube formation in vitro. A 

study demonstrated that wider ECM line (200 µm) and smaller spacing (10 µm) was preferred for 

myotube formation as opposed to narrower ECM line (50 µm) and larger spacing (20 µm) (Duffy, 

Sun, & Feinberg, 2016). While these studies with various surface topologies provide some insights 

into how cells respond to simple geometric features, in vivo ECM architecture is far more complex 

as compared to the fabricated substrates for the in vitro studies. Thus, implications of in vitro 

studies need to be carefully evaluated for the acquired knowledge to be applied in vivo and in 

clinical settings. At the moment, surface topologies would be best used to direct stem cells into a 

specific cell lineage and to make a tissue construct. 
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3.1.3 Dynamic Mechanical Stimuli 

Given that most, if not all, organs in our body experience regular dynamic mechanical 

stimuli, it is not surprising that cells are so highly responsive to dynamic mechanical stimuli. 

Indeed, cyclic mechanical stimuli enhance the proliferation of muscle-derived stem cells in vitro 

(Ambrosio et al., 2010). In other in vitro studies, it was reported that myofiber diameter, myotube 

ratio, striated fibers, and cell alignment increased with uniaxial mechanical stimulation (Pennisi, 

Olesen, de Zee, Rasmussen, & Zachar, 2011; Powell, Smiley, Mills, & Vandenburgh, 2002). The 

impact of dynamic mechanical stimuli on cell behavior changed with varying parameters such as 

frequencies (Qu et al., 2007) and amplitudes (Ghazanfari, Tafazzoli-Shadpour, & Shokrgozar, 

2009). 

3.1.4 Mechanical Memory 

Further adding to the mechanobiological complexity is the fact that cells can store 

mechano-sensed information, a phenomenon known as “mechanical memory” (Balestrini, 

Chaudhry, Sarrazy, Koehler, & Hinz, 2012). Typically, under physiological stiffness, the 

mechanical memory of stem cells is reversible. However, under supraphysiological stiffnesses, 

stem cell fate can be influenced irreversibly by the historical stiffness properties of the 

microenvironment (C. Yang, Tibbitt, Basta, & Anseth, 2014). The longer the culture time on 

polystyrene dishes, the more likely that concomitant changes in the cell behavior will become 

irreversible. For example, YAP and RUNX2 translocate into the nucleus of hMSCs on tissue 

culture polystyrene (TCPS), which has supraphysiological stiffness, and relocate back to the 

cytoplasm when the cells are transferred to a soft hydrogel with ~2kPa stiffness if the duration of 
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the cell culture on the TCPS is one day (C. Yang et al., 2014). However, when hMSCs are cultured 

on TCPS for 7 days, YAP persists in nuclei even after transfer to the soft hydrogel (C. Yang et al., 

2014). In our study, aged MuSCs remember the stiffness of aged muscle during cell culture on 

substrates with various stiffness. This is likely why aged MuSCs cultured on substrates with 

various stiffness did not show the same MuSC differentiation marker profile as young MuSCs. By 

uncovering the mechanisms by which cells store mechanical memory, we may be able to obtain 

some insights into how seemingly irreversible cell function alterations due to chronic tissue 

stiffening, such as age-related tissue stiffening and fibrosis, could be treated. Mechanical memory 

may play a significant role in the age-associated alterations in mechanosensitivity observed in our 

work. Understanding the mechanisms of how cells store mechanical memory would provide better 

insight in MuSC aging. 

Currently, mechanical memory is widely considered to be stored as epigenetic memory, 

but there could be additional mechanisms, such as mitochondria (Cheikhi et al., 2019; Killaars et 

al., 2019; Lele, Brock, & Peyton, 2020). Of note, it is also likely that cells have mechanisms to 

store mechano-sensed information other than stiffness. Indeed, substrate surface topology has been 

shown to regulate the epigenetic state of cells (Downing et al., 2013). A deeper understanding of 

mechanical memory is essential to find better treatments to reverse the biomechanically 

transformed cell fate of diseases in which tissue mechanical properties are altered, such as with 

fibrosis, which is often found in age-associated conditions. 



 75 

3.2 Future Directions and Concluding Thoughts 

Given the mechano-sensitivity of cells, it is evident that biomechanical stimuli are vital 

factors to maintain muscle quality and regenerative capacity (Joanisse et al., 2016). This mechano-

responsive property of muscle to increase its size in response to an exercise is a target of 

rehabilitative medicine (Aagaard et al., 2001; Rando & Ambrosio, 2018; Seynnes, de Boer, & 

Narici, 2007), and exercise enhances muscle regeneration after injury (Hwang, Ra, Lee, Lee, & 

Ghil, 2006). The beneficial effect of exercise has also been applied to regenerative medicine. This 

combination of regenerative medicine and rehabilitative principles is at the heart of the emerging 

field of regenerative rehabilitation (Rando & Ambrosio, 2018). In a successful example of this 

approach, cyclic mechanical stimuli enhanced the migration of muscle-derived stem cells in vivo 

(Ambrosio et al., 2010). Moreover, implantation of biomaterials seeded with MuSCs resulted in 

better muscle functional recovery when combined with an exercise regimen (Quarta et al., 2017). 

While these studies demonstrated promising outcomes of a regenerative rehabilitation approach, 

parameters of mechanical stimuli such as frequency, duration, intensity, and the timing after an 

injury, need to be rigorously investigated (Rando & Ambrosio, 2018). Without optimal parameters, 

it is possible that mechanical stimuli could lead to insufficient or, in the worst-case, adverse effects 

on tissue regeneration. 

3.2.1 The Influence of Biophysical Niche Characteristics on Stem Cell Fate 

The various biomechanical properties and the response of the heterogenous cells to the 

microenvironment in vivo, which are discussed here, add challenges in studying the influence of 

biophysical niche characteristics on stem cell fate. First, the beneficial effect of biomechanical 
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dosing is induced not only via the direct impact on the host or transplanted stem cells but also via 

the indirect influence on stem cell fate by modulation of the stem cell niche (Kjaer, 2004; Miller 

et al., 2005). In vivo, such direct and indirect mechanical properties are inextricably intertwined 

and difficult to disentangle. Moreover, while rigorous studies with careful experimental design 

and a detailed report of methods are vital to propel the field of rehabilitative medicine and 

regenerative rehabilitation, the advancement of new biomaterials is critical to study the impacts of 

biomechanical signals on cells and their mechanisms in vitro. Increased accessibility to better 

biomaterials and to biomimicry cell culture systems, such as organ-on-chip models, is a promising 

new frontier to enhance the predictability of in vivo pre-clinical studies and, ultimately, clinical 

trials. 
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Appendix A Supplementary Information to Section 2 

(A) Flow chart of unsupervised PCA and supervised LDA of the nuclear morphological features. (B) LDA of 

adherent MuSC nuclear morphologies (n=4-5/group; ***P<0.0005). (C) LDA of 3D MuSC nuclear 

morphologies (n=3/group; ****p<0.0001). 

(B, C) two-tailed t-test. Data are represented as mean  SEM. 

 

 

Appendix Figure 1 Stiffness of young and aged skeletal muscle were measured ex vivo and impact of the 

various stiffness on MuSC morphologies was evaluated.  
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(A) Myogenic markers represented on tSNE projection of combined batch corrected samples. In the color 

bar, red indicates high expression while blue indicates low expression. (B) Unsupervised clustering indicates 

that clusters 5, 6, and 7 do not display any myogenic markers, and hence were excluded from downstream 

analysis. (C) UMAP projection displaying four stages of differentiation in the four experimental groups 

individually. 

Appendix Figure 2 Annotating stages of differentiation in combined PDMS cultured MuSC scRNA-seq data. 
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(A) UMAP projection displaying FACS and droplet methodologies. Droplet data was chosen for our analysis 

to eliminate variation introduced by sequencing methodology. (B) Cell annotation in droplet indicates that 

there are no sex differences in stem cell population. (C) Cell annotation in FACS also indicates that there are 

no sex differences in stem cell population. 

 

  

Appendix Figure 3 Selecting MuSCs from Tabula Muris Senis dataset to visualize age-related mitochondrial 

changes. 
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Cell annotation for injury scRNA-seq was done based on gene markers from TMS annotations, and 

clustering. The UMAP projections show similarities in cell types. 

 

  

Appendix Figure 4 The cells from TMS droplet data and injury scRNA-seq were combined and batch 

corrected for preprocessing, louvain and leiden clustering. 
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(A) Disconnected protein-protein interaction network with four genes that show differences in aging as well 

as stiffness. (B) Violin plot showing that Sirt3 gene expression does not change with aging or substrate 

stiffness. 

 

  

Appendix Figure 5 Understanding how substrate stiffness modulates mitochondrial genes. 
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(A) Quantification of live cells in aged muscle progenitors in response to different doses of Lat A. (B) Sirt3 

and MyoD quantification of aged muscle progenitors in response to different doses of Lat A. (n=4-5/group; 

*p=0.0378, one-way ANOVA with Dunnett post-hoc test). 

  

Appendix Figure 6 Latrunculin A dose-response on aged muscle progenitors. 
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(A) Histopathological examination results. (B) The content of mature crosslinked collagen in TA muscle 

samples for each experimental group 14 dpi (n=4-5/group; *p=0.0330). (C) Representative SHG images of 

collagen fibrils and a violin plot of collagen fibril tortuosity. (D) Force-frequency curves obtained from in situ 

contractile testing analysis of specific force of uninjured TA muscle after 4 weeks of daily BAPN injections. 

(n=11-13/group; p=0.380 when comparing aged control with aged BAPN). 

(B) two-way ANOVA with Tukey post-hoc test. (D) mixed two-way ANOVA. Data are represented as mean  

SEM. 

 

Appendix Figure 7 Effect of daily BAPN injections. 
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A gating strategy to collect live (PE-Cy5-) single cells that are negative for CD31 (FITC), CD45 (FITC), and 

Sca1 (PE-Cy7) surface markers and positive for Integrin α7 (APC). 

 

 

A gating strategy to include single cells (R1) that were focused (R2) in the imaging plane. 

 

 

  

Appendix Table 1 Physiological data of WT and Sirt3-/- mouse TAs. 

Appendix Figure 8 Representative gating strategy for acquisition of MuSCs on FACS. 
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Appendix Figure 9 Representative gating strategy for acquisition of single cells on ImageStream 

instrument. 
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