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An understanding of protein folding and how it impacts the structure and function of proteins will 

have a major impact on our understanding of the molecular underpinings of life. In particular, a 

robust understanding of protein folding will provide a molecular insight into misfolded protein 

diseases such as Alzheimer’s disease. Currently, our understanding of protein folding is limited by 

the available tool-set, necessitating the development of novel spectroscopic tools for protein structure 

elucidation. This work is a continuation of our ongoing efforts to develop UV-resonance Raman 

spectroscopy (UVRR) as a powerful tool for protein structure determination.  

We utilize UVRR to determine changes in the conformation distribution of various model 

systems, such as the mini-protein Trp-cage and the therapeutically relevant gp41659-671 peptide. 

Utilizing deep UV-excitation we quantitatively track temperature induced conformation changes in 

these peptides. Similarly we utilized UVRR and circular dichroism to determine the conformation 

distribution of elastin-like peptides and demarcated the role of val, pro and gly peptide bonds in the 

elastin’s hydrophobic collapse peptides. Our results indicate that conformation changes leading to 

elastin’s inverse temperature transition are localized at the gly and pro peptide bonds.  

We utilized UVRR and DFT calculations to demonstrate that the AmII'p frequency is 

sensitive to Ψ-conformation changes. We correlate a 7 cm-1 downshift in the AmII'p frequency of 

polyproline to temperature-induced conformation changes from Ψ = 145º to Ψ = 100º.  The latter 

high temperature compact conformation shows a ~26% decrease in its solvent accessible surface 

area, indicating a temperature induced hydrophobic collapse.  

 iv 



We utilized steady-state and time-resolved UVRR spectroscopy to determine the molecular 

mechanism of poly-(N-isopropylacrylamide)’s (PNIPAM) temperature-induced hydrophobic 

collapse. Our results indicate that the hydrophobic collapse results in the loss of a C=O-water 

hydrogen bond at the carbonyl site. The N-H-water remains unperturbed by PNIPAM’s collapse. The 

collapse rate (106 s-1) indicates a persistence length of n~10. We postulate that at elevated temperature 

PNIPAM forms hydrophobic nano-pockets when the (i, i +3) groups make hydrophobic contacts. A 

persistence length of n~10 suggests a cooperative collapse where hydrophobic interactions between 

adjacent hydrophobic pockets stabilize the collapsed PNIPAM.  
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1.0  PROTEIN FOLDING 

In 1953, a jubilant Francis H. Crick, the co-discoverer of DNA proclaimed to the patrons 

of The Eagle, “We have discovered the secret of Life!”1  His enthusiasm was of course 

justified because it is our genetic code carries the necessary information to create life, 

generation after generation. However, what Crick forgot to mention was that it’s proteins 

that do all the dirty work.2   

Proteins are involved in almost every aspect of cellular life: structure building, 

recognition, catalysis, chemical signaling, transportation, DNA replication and repair etc 

etc1.  Due to evolutionary pressure, proteins have evolved into different classes, each to 

carryout a specific task.  In general, a catalytic protein like superoxide dismutase differs 

in structure and composition from a transport protein such as hemoglobin.1,3  The 

function and efficiency of a protein is determined by its structure,1 which is encoded in 

it’s sequence.1,2,4  Hence, an understanding of how the sequence influences peptide’s 

conformation will provide us with a molecular understanding of the most fundamental 

process governing cellular life. 

Protein folding is perhaps best understood in terms of the famous Levinthal 

paradox.1,2,4,5  Consider a hypothetical a 100 residue protein, where each residue can 

adopt eight different conformations, the peptide chain has 1089 different available 



2 

 

conformations.  If the peptide randomly searches for the thermodynamically stable native 

state at the rate of 1013 s-1, it would take the peptide approximately 1066 years to search all 

possible conformations.  An unbiased sampling of all possible conformations would thus 

make the thermodynamically stable state, kinetically inaccessible.2,5,6  The paradoxical 

disconnect between the kinetics and thermodynamics of protein folding led Leventhal to 

suggest that proteins must use specific pathways or mechanisms that greatly enhance 

their folding rate. 

1.1 NATIVE STATE INTERACTIONS 

An understanding of protein folding requires a firm grasp of the various thermodynamic 

forces driving a protein’s transition from an unordered to a well-ordered state.  Folding 

from unordered state to a well defined state is disfavored by entropy.  Thus, successful 

protein folding requires that the native enthalpic interactions must be sufficiently large so 

as to overcome the loss of entropy and provide sufficient stability to the native state 

under physiological conditions.7,8  In general the native state is stabilized by the 

following interactions: 
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1.1.1 Disulfide bridges 

A disulfide bridge is a covalent bond between sulflhydrl (–SH) groups of two cysteine 

residues and is typically found in large tertiary proteins.  Disulfide bridges serve to 

provide extra stability to the tertiary structure.1,2 

1.1.2 Electrostatic interactions 

At physiological pH, the C- and N-termini of peptide chains along with acidic and basic 

side chains of amino acids are all charged.1  In large proteins charged amino acids are 

typically found at the surface.  The burial of an unpaired charged side chain inside the 

hydrophobic core is energetically unfavorable. 

At the surface, charge and dielectric screening dampen inter-residue electrostatic 

interactions, diminishing their contribution to the stabilization of native 

conformation.1,2,7,9  Typically the secondary and tertiary structure of proteins is stabilized 

by attractive electrostatic interactions e.g. in Trp-cage peptide10 the Asp-(Arg/Lys) 

interaction stabilizes the native conformation by ~5.8−7.5 kJ mol-1.  In some cases, 

however, electrostatic repulsions can also help define secondary structures e.g. 

electrostatic repulsions between successive lysine residues force poly-lysine to 

predominantly adopt an extended 2.51 helix-like conformation.11 



1.1.3 Hydrogen bonding 

Carbonyl to amide N-H hydrogen bonding is primarily responsible for the stability of 

secondary structures such as the α-helix or β-sheet conformation (Fig 1.1).2,7-9  While, a 

single hydrogen bond contributes on average only 12 kJ/mol of stabilization, the large 

number of hydrogen bonds present in a typical secondary structure such as an α-helix are 

sufficient to stabilize secondary structures.1 

 

β-sheet  α-Helix  

Figure 1.1: Hydrogen bonding between the amide groups stabilizes secondary structures such as the 

β-sheet or α-helix, respectively. Reproduced from http://www.bio.mtu.edu 

 

1.1.4 Van der Waals interactions 

Van der Waals interactions or dispersion forces are the weakest of all interactions 

involved in protein folding.  While a single methyl-methyl interaction is significantly 

weaker than a hydrogen bond,12 the sheer number of such interactions in protein’s 
4 
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hydrophobic core is quiet significant.  Van der Waals interactions typically contribute 1.2 

- 4 kJ/mol towards protein stability.1,2 

1.1.5 Hydrophobic Effect 

The Hydrophobic effect constitutes the most obscure class of interactions in biophysics.  

Much confusion exists in the literature as to the exact nature and contribution of 

hydrophobic interactions in protein folding.  The problem lies in the fact that 

hydrophobicity in itself is an abstract concept.13   

Hydrophobicity was initially used to explain the low solubility of non-polar 

solutes and the subsequent changes in physical properties of water upon dissolution of 

non-polar solutes.12,13  According to this rationalization, introduction of non-polar solute 

leads to formation of low entropy calthrates or cage-like water structures14-17 that 

surround the non-polar solutes.1,2,13  Consequent reduction in the entropy of water 

molecules is responsible for the hydrophobic effect.  

In their classic paper Frank and Evans developed a coherent framework based on 

statistical mechanics that correlates entropy changes with changes in molecules free 

volume (Vf).17  The authors proposed that the unusual behavior of non-polar solutes in 

water, namely their abnormally high entropy of vaporization (Sv) and equally striking 

temperature dependent change in Sv, (Sv/T) could be rationalized by invoking the 

presence of structured or iceberg-like water around the non-polar solutes.  Increased 

hindrance to internal motions in ice-like configuration decreases the fluctuation or 

librational entropy of water and is responsible for the unusually high Sv of non-polar 
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solutes in water.  Similar structural making/breaking arguments are applicable to 

electrolytic solutes.17 

Many different variations of the iceberg models like the “flickering iceberg 

model” have been proposed, however, the basic argument has remained the same.13  

Alternative models such as the Scaled Particle Theory (SPT) model13,18 have suggested 

that hydrophobicity has its origin in water’s high molar volume as opposed to the 

formation of local structure.  The high molar volume of water leads to an unfavorable 

Gibbs free energy for cavity formation and hence results in an overall 

reduced/unfavorable free energy of solvation.19  

While SPT and other advanced models have gained acceptance over the last few 

years, the Frank and Evans iceberg model remains popular as it allows one to visualize 

the net effects with relative ease.  Regardless of whichever model is adopted the fact 

remains that solvation of non-polar solutes20 involves an unfavorable free energy 

penalty.21-24  In order to minimize the impact of the unfavorable entropy term, 

hydrophobic groups cluster together, thus decreasing the number of molecules in the 

solvation shell surrounding the hydrophobic groups.25  Increased librational entropy of 

released water molecules reduces the entropic cost of hydrophobic solvation and 

compensates for loss of configuration entropy incurred upon cluster formation.  Thus, the 

libration free energy drives the aggregation of non-polar groups/solutes in water.12,26  

This phenomenon is also responsible for the hydrophobic collapse27,28 of unordered 

peptide chains which greatly reduces the solvent accessible surface area of non-polar 

residues. Formation of a compact state hastens protein folding,29 by greatly reducing the 

number of available configuration of the peptide chain. 



1.2 EARLY HISTORY OF PROTEIN FOLDING 

While, the nature of interactions involved in stabilizing the protein conformation has 

been known for a while, an understanding of protein kinetics has been long lacking.  

Anfinsen’s discovery that denatured proteins can in vitro fold to its native conformation 

jump started the field of protein folding.4  In 1965, using hard sphere approximation, 

Ramachadran30 and coworkers demonstrated that due to steric clashes in the peptide 

backbone, only a small range of φ and ψ dihedral angles31,32 are accessible (Fig 1.2).  The 

inaccessibility of a large region of the Ramachandran space indicates that only a finite 

number of conformations would ever be available to the unfolded state.  However, it 

should be noted that the number of accessible states is still quite large. 

a

b

  

Figure 1.2: a) Torsion angles phi and psi b) The Ramachandran plot of available phi and psi angles. 

Reproduced from http://www.cryst.bbk.ac.uk/ 
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1.3 THEORETICAL MODELING 

Over the last two decades advancements in computational power have permitted 

increasingly detailed insight into protein folding,33 although analytical solutions of large 

systems remain prohibitively expensive.  In order to make computation less challenging, 

potential energy surfaces (PES)33,34 are used to reduce computation time.  Over the years, 

the use of approximate methods such as lattice bead model35,36 the HP, and HP+37 

models, along with statistical mechanics38-40, stochastic dynamics41, and spin glass 

mechanics42 models has allowed theoreticians to gain a better understanding of the 

driving forces behind protein folding.29   

Recent advances in computing power combined with efficient algorithms such as 

the replica exchange model 43,44 have allowed researchers to carry out all-atom molecular 

dynamics (MD) simulations of small peptides and proteins such as Trp-cage45-49 for as 

long as a 100 ns.  Distributed computing resources such as Folding@home can reach the 

1 millisecond time regime.50  

Results from these studies motivated the development of the so-called “new 

view” of protein folding.6  The new view holds that folding is an ensemble process, 

where the unfolded protein has large conformational entropy.  The hydrophobic collapse 

of polypeptide leads to a drastic decrease in the configuration space and hence facilitates 

fast folding.  As folding proceeds, the configurational entropy decreases in a funnel-like 

manner until the native state is reached (Fig 1.3).6 

In this scheme the exact folding pathway is not important as there are many 

different possible combinations through which the peptide could have reduced its total 



energy (Fig 1.3a). Intermediates arise due to trapping of peptide chains in basins, from 

which they have to climb out.6  This effort requires partial melting of the intermediate 

and hence slows down the overall folding rate.6  An excessive out-cropping of basins, 

hills and valleys would lead to a rough energy landscape, where the protein finds itself 

mired in a slow, frustrating search for the native state (Fig 1.3b).6,42,51  This scenario is 

prevented due to the “principle of minimal frustration”.42   

The principle of minimal frustrations holds that during the folding process the 

peptide chain avoids such conformations that would hinder formation of native contacts 

i.e. the primary sequence of peptide is optimized to avoid local minima which ensures 

fast folding.42 

a b

 

Figure 1.3: a) Folding along a smooth energy landscape devoid of any intermediates. b) A rough 

energy landscape with multiple kinetic intermediates. Reproduced from reference #6 

In a departure from traditional chemical kinetic theories, the “new view” does not 

hold the transition state as a specific conformation, but rather as a kinetic bottleneck in 

the folding pathway.6  The bottleneck limits the rate at which the protein can approach its 

9 
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native state.  Hence any change that affects the characteristics of the bottleneck directly 

impacts the observed folding time.6  

The principle advantage of the funnel theory is that it allows scientists to easily 

visualize and understand the folding landscape.52  The funnel theory in itself however, 

does not present a complete description of the folding process.  Recent experimental 

studies have demonstrated that the unfolded state of proteins contain a significant PPII 

content i.e. the unfolded state is not an ideal random coil, rather it shows considerable 

local structure.53-66  These results suggest that protein folding may be initiated from a 

localized region of the configuration space; furthermore, recent theoretical and 

experimental work indicates α-helix to PPII transition passes through a turn-like 

intermediate conformation.67,68  These results require that the ensemble picture of funnel 

theory should be modified to incorporate mechanistic details of proteins folding.   

1.4 EXPERIMENTAL APPROACH 

While, theoreticians were busy trying to reconcile the thermodynamics of protein folding 

with its kinetics, experimentalist went on to develop an array of new techniques designed 

to probe the earliest steps in protein folding.  In this regard advancements in 

biotechnology helped usher in a new era in structural biology.  With the aid of 

biotechnology,1 scientists now wield a powerful new tool, “site directed mutagenesis” 

which purposefully replaces a native residue with one of experimentalist’s choice.69  Site-

directed mutagenesis has afforded an unprecedented opportunity to gain a better 
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understanding of α-helical propensities,2,5 sterics,2 hydrophobicity and Van der Waals 

interactions in protein folding.1,2,5  In particular site-directed mutagenesis has been 

particularly useful in examining the impact of individual amino acids on protein folding. 

1.4.1 Kinetic studies of protein folding 

Due to the inherently slow mixing time of stop-flow systems early kinetic measurements 

were limited to millisecond time regime2  Advances in design and commercial 

availability of necessary components led to the development of continuous flow systems 

based on the principles of either hydrodynamic focusing70 or turbulent mixing71 with 

dead times of as little as ~ 45 μs.27  The principle benefit of using ultrafast continuous 

flow mixers is low sample consumption which allows one to study poorly expressed or 

valuable proteins.  

Ultrafast mixing can be used to generate a large free energy perturbation in any 

biochemical system and hence the instrumental setup is generally applicable to a host of 

interesting problems.  However, the relatively large dead times of instruments prohibit 

examination of fast kinetic events such as folding of single isolated secondary structure 

units such as the α-helix70 which fold in the nanosecond time regime.10,72,73  A better 

understanding of elementary units would allow us to gain an empirical understanding of 

the earliest steps in protein folding; furthermore, such small systems are accessible to 

theoretical techniques and hence provide a convenient meeting point for theory and 

experiment.10,74 
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In recent years nanosecond kinetics of elementary structures have been examined 

using either photochemical triggering75 or laser temperature jump (T-jump) 

experiments.76  Laser T-jump experiments came into prominence due to their general 

applicability to biochemical systems.  

T-jump spectrometers based on IR,9 fluorescence72,77 and UV resonance Raman 

(UVRR)76 spectroscopy have been reported.  Time-resolved IR and UVRR measurements 

indicate single isolated α-helices unfold in ~200 ns while, folding appears to take ~0.6 

µs.  The α-helix fold considerably faster then β-hairpins (0.76-7 µs)78-82 and small 

tertiary proteins (4 µs)77 of similar length.   

These results indicate that isolated α-helix folding is limited by diffusion of 

peptide chain through the solvent.  In peptide conformations boasting tertiary contacts 

folding rate is limited by internal friction.  Recent work by Hagen and coworkers indicate 

that internal friction limits the protein folding rate at 105 s-1.83  

1.5 CONCLUSION 

The past few years have witnessed a tremendous growth in our understanding of protein 

folding.  In early 1990’s theoretical calculations highlighted the role of hydrophobic 

interactions in protein folding.  Theses theoretical studies along with sophisticated 

kinetics measurements led to the development and widespread use of the funnel theory.  

This new view sought to cast the folding process as a chaotic, ensemble process where 

the exact nature of a single folding trajectory was de-emphasized along with old notions 
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of a well-ordered transition state.  In their place, the idea of ensembles was put forth.  

According to this new-view, the diversity of folding-behavior arises due to averaging 

over many different trajectories.  The rate limiting step arises due to a bottleneck in the 

energy landscape where the peptide chain finds itself with only a few pathways that can 

converge to the native state.  The limited number of conformations a peptide chain can 

adopt at this stage is primarily responsible for the slow descent to global minima.6,34 

Recent studies, however, have challenged some of the basic assumptions 

underlying the funnel theory.  These studies indicate that the protein folding appears to 

follow a general pathway.  The unfolded state of proteins contains significant PPII 

content,65,67,84 hence, the folding reaction is likely initiated from the PPII region of 

Ramachandran space.  Furthermore, β-turn like conformations likely serves as 

intermediates in the folding transition.85  These results argue that the funnel theory must 

be modified to include mechanistic details in describing the folding process.  
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2.0  RAMAN SCATTERING 

The Raman effect is an inelastic light scattering process where the electromagnetic field 

and the molecule exchange a quantum of energy.  The difference in energy between the 

incident and scattered photon reports on the quantum energy levels of the molecule.  This 

property of the Raman effect has been widely exploited in vibrational spectroscopy.1-3 

In both the classical and quantum mechanical treatment of Raman theory the 

incident photon perturbs the molecule by inducing an oscillating electric dipole moment.  

In some special cases such as Raman scattering from chiral molecules (Raman optical 

activity, ROA4,5) the magnetic dipole and the electric quadruple moments are required to 

provide a detailed mathematical description of the phenomenon.2,4  For the purposes of 

our present discussion, however, the electric dipole approximation will suffice. 

2.1.1 Classical Treatment 

When a molecule is placed in an incident electric field E
ϖ

, a dipole moment ρind is 

induced in the molecule as the nuclei and electron are attracted towards the negative and 

positive poles of the field, respectively.  The induced dipole moment is expressed as: 

Eind

ρ
αρ ˆ=  …(1) 
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Where, α̂  is the polarizability tensor of the molecule and E
ρ

 is the incident electric field.  

The polarizability tensor α̂  is a function of the nuclear coordinate and hence varies with 

vibrational motion.  We can account for this variability by expanding the polarizability 

tensor as a Taylor series along the nuclear coordinates:1,2 
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The summation is over all normal modes, k.  Neglecting the higher order terms we 

can truncate the series at the first derivative: 
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Which we re-write as: 

kkk Q)()()( 0 ρσρσρσ ααα ′+=   …(4) 

Where, (αρσ)o is the equilibrium polarizability tensor while, αρσ is the derived 

polarizability.  Assuming mechanical harmonicity, we can express the time-dependence 

of nuclear coordinate Qk, as: 

)cos(
0 kkkk tQQ δω +=  …(5) 

Where, Qko and  δk are the normal coordinate amplitude and the phase factor, 

respectively, while, ωk, is the natural frequency of the vibration.  Substituting equation 5 

into equation 4 yields an expression for the time-dependent modulation of polarizability 

tensor for the kth mode. 

)cos(
0 kkkkok tQ δωααα +′+= …(6) 

We can express the time-dependent electric field amplitude as: 
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tEE 10 cosω=   …(7) 

Where, Eo is the scalar amplitude of the electric field while ω1 is the frequency of the 

electric field.  Substituting eq. 6 and. 7 into eq 1 yields: 

ttQEtE kkkind 10100 cos)cos('cos
0

ωδωαωαρ ++=  …(8a) 

Using the trigonometric function 

)}cos(){cos(
2
1coscos BABABA −++=  …(8b) 

We can re-arrange eq 8b as: 

)}{cos(
2

)cos( 11 kk
ok

ooind ttEtE δωωαωαρ ±±
′

+=  …(9) 

And re-write eq. 9 as: 

)cos(cos 11 kk
Ram
o

Ray
oind ttt δωωρωρρ ±±+=  …(10) 

Thus, it can be seen from eq. 10 that the interaction of electromagnetic radiation 

with a molecule results in induced dipole moments that oscillate at three different 

frequencies.  The first dipole  oscillates at the same frequency as the electric field, 

therefore, the scattered light radiated by this dipole has the same frequency as the 

incident photon.  This is known as Rayleigh scattering.   

Ray
oρ

The second term in equation 10 describes dipole moments oscillating at beat 

frequencies between the incident field and the natural frequency of the harmonic 

oscillator.  These dipoles thus radiate photons that differ in energy from the incident 

photon by a vibrational quantum (Raman Scattering).  The additive component gives rise 

to anti-Stokes Raman scattering, the scattered photon has higher energy than the incident 

photon (ωs = ω1 + ωk).  Similarly, in the case of Stokes Raman scattering (subtractive 
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component) the scattered photon has lower energy than the incident photon (ωs = ω1 - 

ωk).1,2   

2.1.2 Quantum Mechanical Treatment  

While the classical treatment provides a framework to treat Raman scattering, it cannot 

provide detailed insight into the molecular origins of Raman scattering, in particular the 

classical theory fails to adequately predict Raman band intensities.  A more detailed 

explanation of the Raman effect requires the use of quantum mechanics (QM).  In our 

QM treatment however, only the molecule is treated in QM detail while, the 

electromagnetic field (EM) is treated classically.  This semi-classical approach is utilized 

because it greatly simplifies the arithmetic without the loss of generality.2   

We begin the QM treatment by casting the classical induced dipole moment in 

QM terms as an induced transition dipole moment: 

〉ΨΨ〈= '' || ifind ρρ   …(11) 

Where, Ψ'f and Ψ'i are perturbed wavefunctions while ρ is the induced transition dipole 

moment operator. The perturbed wavefunctions can be expanded as a series: 

..)2()1()(' +Ψ+Ψ+Ψ=Ψ ff
o

ff   …(12a) 

..)2()1()(' +Ψ+Ψ+Ψ=Ψ ii
o

ii      (12b) 

Where Ψi
 (º)

 represents the unperturbed state, Ψ i
 (1)

 is the first-order correction, Ψ i
 (2) is 

second order correction and so on.2  The time-dependent perturbation theory allows us to 

express the perturbed wavefunctions as linear combinations of unperturbed 
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wavefunctions.  Restricting the Hamiltonian to only electric dipole moment terms (Hp) 

we may therefore write:  

∑ Ψ=Ψ
r
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ρ  …(13a) 
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n
ir
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ρ  …(13b) 

 

Now introducing the series expansion into equation 12 and collecting terms 

according to their dependence on the electric field’s strength we arrive at: 

〉ΨΨ〈= )()()( || o
i

o
f

o
fi ρρ  …(14a) 

〉ΨΨ〈+〉ΨΨ〈= )()1()1()()1( |||| o
ifi

o
ffi ρρρ  …(14b) 

Here, ρºfi represent the permanent dipole moment which is independent of incident 

electric field and does not play a role in the light scattering phenomena.2  Expanding on 

the work of Krammers and Heisenberg, Dirac6 utilized perturbation theory to demonstrate 

that the induced transition dipole moment (Eq 14b) can be expressed using unperturbed 

wavefuntions6 as: 
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Where, ωs is frequency of the scattered photon.  We now introduce a general transition 

polarizability (α)fi with component (αρα)fi 
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2.1.3 Frequency Denominators 

An examination of equation 16 reveal that (α)fi changes with (ωri-ω1) i.e. as the frequency 

of the incident electric field approaches the natural frequency of the molecule, the 

polarizability tensor (αρα)fi changes. 

 

Figure 2.1: Different types of Raman scattering processes and their dependence upon the ωri-ω1 term. 

Figure adopted from Long.2 

When ωri>>ω1 such that the incident frequency ω1 is far from resonance with any 

molecular transition i.e. ω1 does not overlap with any absorption bands then ignoring the 

iΓr term yields (ωri-ω1)~ ωri.  In this case (normal Raman scattering) the system is excited 

from its initial state to the virtual state (r), from where it transitions to the final state (Fig 

1a).  The so-called virtual state is not a solution of the Schrödinger equation and hence 
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does not correspond to a well-defined energy level.  These states are described by the 

time-dependent wavefunctions where the energy and hence the contribution of each state 

to the wavefunctions evolves with the time evolution of the wavefunction.2  The 

polarizability tensor therefore, contains contributions from all the molecular states. 

As the ω1 approaches a molecular transition frequency, ωri, (Fig 1b) the relative 

contribution of -iΓr to the dominator increases which impacts the contribution of the rth 

state to the sum over state.  This process is referred to as pre-resonance Raman scattering.  

If 1ωη  is large enough to reach dissociative states, the resulting scattering is termed 

continuum resonance Raman scattering (Fig 1d).2 

When ω1 ≈ ωri i.e. the excitation frequency is in resonance with an absorption 

band, the resultant light scattering process is referred to as “resonance Raman scattering”.  

A quick inspection of equation 16 reveals that the resonance condition greatly simplifies 

our mathematical treatment since (ωri - ω1 - iΓ) ~ -iΓ.  As iΓ is very small, the 

contribution from the first term (Eq 16) to (αρα)fi increases rapidly as resonance 

approaches.  The contribution of the second term (Eq. 16), however, remains relatively 

small as the denominator, (ωri + ω1 + iΓ), grows linearly.  We can therefore ignore its 

contribution to the transition polarizability tensor.2  Consequently, in resonance Raman 

scattering the sum over states is dominated by a few or even a single state corresponding 

to the resonant electronic transition.   

Resonance Raman band intensities thus contain detailed information about the 

virtual states |r> and their lifetimes which can be exploited to better understand the 

excited state geometry of the molecule.2  Meanwhile, the band frequencies report on the 
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ground state geometry and can be utilized in determining the ground state geometry of 

the molecule. 

2.1.4 Utility of Resonance Raman in the study of protein folding 

The principle advantage of resonance Raman is the relative simplicity of its 

spectrum.  In resonance-enhanced Raman, only those vibrations that satisfy the Frank-

Condon condition for the dominant |r> state are preferentially enhanced, i.e. a vibration 

that distorts the local ground state geometry towards that of the excited that geometry is 

preferentially enhanced.   

This unique feature of resonance Raman allows spectroscopists to examine a 

specific chromophore in a large macromolecule by simply selecting an appropriate 

excitation wavelength specific to the chromphore of interest.  In proteins, e.g. at 229-nm 

excitation the UV-resonance Raman (UVRR) spectrum of proteins is dominated by the 

resonance enhanced Tyr and Trp vibrations which are sensitive to the solvent exposure of 

Tyr and Trp side chains.7   

At ~204-nm the Raman excitation is in resonance with ~200-nm amide NV1 

absorption band and hence the UVRR spectra dominated by amide vibrations.  These 

vibrations, spanning the region between 1100-1700 cm-1 are sensitive to protein’s 

secondary structure.8  Recent developments indicate the AmIII3 vibration (C-Ns with 

NHb, 1200-1280 cm-1) sinusoidally depends upon the Ψ-dihedral angle.  Asher and co-

workers9 have demonstrated the frequency domain AmIII3 spectra can be utilized to 
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directly calculate the Boltzmann-weighted energy landscape of proteins and peptides 

during their (un)folding reaction along the Ψ-reaction coordinate. 
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3.0  UV-RESONANCE RAMAN THERMAL UNFOLDING STUDY OF TRP-

CAGE SHOWS THAT IT IS NOT A SIMPLE TWO-STATE MINIPROTEIN  

Trp-cage, a synthetic 20 residue polypeptide, is proposed to be an ultrafast folding 

synthetic miniprotein which utilizes tertiary contacts to define its native conformation.  

We utilized UV resonance Raman spectroscopy (UVRS) with 204- and 229-nm 

excitation to follow its thermal melting.  Our results indicate that Trp-cage melting is 

complex and it is not a simple two state process.  Using 204-nm excitation we probe the 

peptide secondary structure and find the Trp-cage’s α-helix shows a broad melting curve 

where on average four α-helical amide bonds melt upon a temperature increase from 4º to 

70 ºC.  Using 229-nm excitation we probe the environment of the Trp side chain and find 

that its immediate environment becomes more compact as the temperature is increased 

from 4º to 20 ºC; however, further temperature increases lead to exposure of the Trp to 

water.  The χ2 angle of the Trp side chain remains invariant throughout the entire 

temperature range.  Previous kinetic results indicated a single exponential decay in the 4-

70 ºC temperature range, suggesting that Trp-cage behaves as a two-state folder.  

However, this mini-protein does not show clear two-state behavior in our steady state 

studies.  Rather it shows a continuous distribution of steady state spectral parameters.   

Only the α-helix melting curve even hint of a cooperative transition.  Possibly, the 
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previous kinetic results monitor only a small region of the Trp-cage which locally 

appears two-state.  This would then argue for spatially decoupled folding even for this 

small peptide. 

3.1 INTRODUCTION 

The primary sequence of proteins encodes both the structure of the native and unfolded 

states, as well as the dynamics of the protein (un)folding processes. 1-16  Over the last 50 

years significant efforts have been expended to elucidate the mechanisms of protein 

folding and unfolding.  Part of this effort has examined the thermodynamic and kinetic 

behavior of small model systems such as the beta hairpins17-19 and alanine based α-

helices (AP). 1-33   

These systems display secondary structure motifs that change with temperature.  These 

simple systems also avoid tertiary structural motifs that could complicate the 

conformational dynamics of these pure secondary structure motifs.  The secondary 

structure unfolding of these small peptides, such as the alanine based α-helical peptides,29 

involve thermally driven conformational changes of isolated peptide molecules in water, 

which melt from an α-helical conformation to a PPII conformation.33  This 

conformational change is a property of the isolated peptide molecule and does not 

involve any tertiary type interactions which may dominate (un)folding in larger proteins. 

Numerous experimental and computational investigations have probed the 

thermodynamic and kinetic behavior of these simple model system.21,24-27  Theoretical 
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simulations of folding/unfolding have provided the most detailed microscopic 

understanding of the peptide’s folding energy landscape.24,25  At the same time 

sophisticated kinetic measurements have examined the earliest steps in the pure 

secondary structure unfolding process.21,22,25,31 

To extend our understanding of secondary structure conformational changes to the 

corresponding  phenomena in proteins it is essential to understand the role of tertiary 

contacts.  Obviously we should start this investigation by examining small model protein 

systems in order to elucidate the impact of defined tertiary contacts such as hydrogen 

bonding and hydrophobic contacts on the secondary structure evolution.  

In this regard, in this study we used UV resonance Raman spectroscopy (UVRS) to 

study the temperature dependence of the conformation of a 20-residue long mini-protein, 

Trp-cage synthesized by Neidigh et al30 which has the sequence 

N1LYIQWLKDG10GPSSGRPPPS.  Trp-cage was created during a de novo peptide 

design effort, which resulted from a study of a poorly folded 39 residue long saliva 

protein of a Gila monster.30  Using an iterative design effort with selective mutations and 

truncations, different protein variants were created and their folded states characterized 

using NMR and circular dichroism spectroscopy (CD).  Trp-cage, originally referred to as 

Tc5b, showed the most structure, displaying a cage of hydrophobic residues surrounding 

the Trp side chain.  Trp-cage was found to be 95% folded under physiological 

conditions.30  Trp-cage, which consists entirely of natural amino acids appears to exhibit 

elements of tertiary structure even though it has no disulfide bridges, metal ion chelation 

motifs, or stabilization through oligomerization.34  In addition, Trp-cage possesses a 
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hydrophobic core, which surrounds the Trp side chain and shields it from the aqueous 

environment.   

The NMR and CD Trp-cage data of Neidigh et al suggested a simple two-state 

unfolding mechanism.30  Qiu et al using the intrinsic fluorescence of Trp determined the 

folding time to be about 4 μs, which makes Trp-cage the fastest folding polypeptide 

possessing tertiary contacts.32   

This is especially noteworthy since the fundamental speed limit on protein folding has 

been estimated to give rise to a folding time of ~(N/100) μs, where N is number of 

protein residues.35-37  This would result in a theoretical folding speed limit for Trp-cage 

of ~0.2 μs, only 20 times faster than the experimentally determined folding time.  This 

implies an almost optimized energy landscape for this peptide, where folding is largely 

dominated by free polymer diffusion.32 

 Several groups recently reported theoretical simulations of Trp-cage folding.33,34,38-40  

For example, Simmerling et al33 in their all atom molecular dynamics simulation, 

presented a detailed molecular picture of Trp-Cage’s folding dynamics.  Their simulation 

calculated a native state topology consistent with the NMR structure of Neidigh et al30.  

Their simulation at 325 K, which modeled the folding of Trp-cage, found that the 

extended Trp-cage conformation converges to a native state topology within 20 ns.  Snow 

et al38 carried out stochastic dynamics simulations over a total modeled folding time of 

100 μs and found that the unfolded state retains features similar to the native state 

topology. 

In this work we used UV resonance Raman spectroscopy to examine the temperature 

dependence of the Trp-cage conformation.  We studied the protein secondary structure by 
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exciting within the amide π π* transition with 204-nm excitation,41 and used 229-nm 

excitation to excite within the aromatic ring π π* transitions to study the Trp42 and 

Tyr43,44 aromatic side chains.  Our results indicate that Trp-cage’s thermal unfolding is 

much more complex than suggested by previous studies. 

 

3.2 EXPERIMENTAL 

The UV resonance Raman (UVRR) spectrometer has been described in detail 

elsewhere.45  Briefly, 204-nm UV light was obtained by generating the fifth anti-Stokes 

Raman harmonic of the 3rd harmonic of a Nd:YAG laser (Coherent, Infinity).  The 229-

nm excitation was produced by an intracavity frequency doubling of an Ar+ laser 

(Coherent, FReD 400).  The sample was circulated in a free surface, temperature 

controlled stream.  A ~180o backscattering geometry was used for sampling.  The 

collected light was dispersed by a double monochromator onto a back thinned CCD 

camera (Princeton Instruments-Spec 10 System).  

Polyproline (M.W. 8900) and AcTrpEE (Trp monomer) were acquired from Sigma-

Aldrich and used at 12 and 2 μM concentrations, respectively for UV absorption 

measurements.  A solution of 112 μM polyproline, 50 μM Trp monomer, and 0.3 M 

ClO4
- was used for the 229 nm excited UVRR temperature dependence measurements.  

The 21-residue long alanine based helical peptide, AP25 was obtained from the Pittsburgh 

Peptide Synthesis Facility (PPSF, >95% purity) and used at 2 mg/ml concentrations for 



determining the 204-nm Raman cross sections.  1 mg/ml concentrations of Trp-cage 

(PPSF, >95% purity) at pH 7 were used for the 204-nm excitation temperature 

dependence study, while 2 mg/ml concentration was used for the 229-nm excitation 

temperature dependence study.  Previous work indicates there is no significant 

concentration dependence30 of Trp-cage’s conformation between 1 to 7 mg/ml at pH 7.  

Spectra measured at 20 °C subsequent to the elevated temperature measurements were 

essentially identical to those prior to the temperature increase, indicating no significant 

sample photo- or thermal degradation or irreversible aggregation.  Raman spectra were 

normalized relative to the peak height of the 932 cm-1 ClO4
– band.  0.1 M perchlorate 

concentrations were used in the Trp-cage samples, whereas, 0.2 M concentrations were 

used for the AP peptide samples.  The pH was adjusted by adding small aliquots of HCl 

or NaOH. 

3.3 RESULTS AND DISCUSSION 

3.3.1 204-nm Excitation Temperature Dependence 

We examined the temperature dependence of Trp-Cage’s backbone conformation by 

measuring 204-nm UV resonance Raman spectra between 4º and 70 ºC (Fig 3.1).  The 

spectra show bands mainly arising from amide vibrations, with smaller contributions 

from the Trp and Tyr aromatic ring vibrations.  The Amide I band (AmI) at ~1662 cm-1 is 

predominantly a C=O stretching vibration46,47 and occurs as a shoulder on the intense 
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aromatic amino acid band at ~1620 cm-1.  The Amide II band (AmII) at 1564 cm-1 

involves C-N stretching with some N-H bending. 46,47  The AmII' band of proline 

(AmII'p),48-53 located at 1474 cm-1 is almost a pure C-N stretch, while the Cα-H bending 

band is located at 1386 cm-1.  The presence of the resonance enhanced Cα-H bending 

band has previously been correlated with the presence of non-helical peptide bond 

conformations.54,55  

p

 

Figure 3.1: 204-nm UV resonance Raman spectra of Trp-Cage measured between 4º and 70 ºC.  

Three 5 min spectrum were summed and scaled to the intensity of 932 cm-1 perchlorate band.  The 

bands arise mainly from amide vibrations except for a few which derive from aromatic side chain 

vibrations. 

 

The Amide III region has recently been examined and reassigned.56-60  Trp-cage shows 

the following bands in this region: the Amide III3 band at 1264 cm-1 (predominantly C-N 
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stretching and N-H bending47,54,59), a shoulder at 1312 cm-1 (AmIII2), and an AmIII1 band 

at 1348 cm-1.  

 

Figure 3.2: Spectral deconvolution of 4 ºC 204-nm UVRR Trp-cage spectra with Voight bands.  The 

excellence of the fit is evident from the flat residual displayed underneath. 

 

We deconvoluted these measured spectra into a sum of a minimum number of Voight 

bands by using the peak fitting routine in Grams software (Galactic Industries 

Corporation, Grams version 5).  A typical example of such a fit is shown in Fig. 3.2 for 

the 4 °C 204-nm spectrum.  The assignments and frequencies of the deconvoluted bands 

are listed in Table 3.1.  

We observe numerous temperature-induced spectral changes.  For example the AmII'p 

band frequency downshifts from 1474 to 1464 cm-1 as the temperature increases from 4 

35 

 



36 

 

to 70 °C.  Furthermore, we find that the AmIII3 band monotonically downshifts from 

1264 cm-1 at 4 °C to 1256 cm-1 at 70 °C.  Previously, Lednev et al41  observed a similar 

temperature dependence of the AmIII3 band in AP peptide.29,41  As shown in detail by 

Mikhonin et al59 the AmIII3 band shift results from the weakening of the peptide bond-

water hydrogen bonding (N-H····O) at higher temperatures,29 similar to that observed in 

N-methyl acetamide.61-63  This is associated with the typical weakening of hydrogen 

bonding between the protein peptide bonds and the water environment which occurs as 

the temperature increases.29  

Table 3.1: Band assignment of Trp-cage's spectra 

Band Frequency (cm-1) 

Amide I 1662 

Aromatic I 1627 

Aromatic II 1611 

Amide II 1564 

Amide ? 1526 

Amide II'p1 1474 

Amide II'p2 1447 

Cα-H 1386 

Amide III1 1348 

Amide III2 

Amide III3 

1312 

1264 

Tyr (Y) sym stretch 1210 

Arg side chain 1178 
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The difference spectrum between the 4 and 70 °C spectra shown in Fig 3.3 shows a 

decrease in the intensity of a triplet of bands in the AmIII region centered at ~1300 cm-1 

which derives from the α-helical conformation.41,59  The decrease in the intensity of the 

triplet indicates partial melting of the α-helices as the temperature is increased from 4º to 

70 °C.  The trough in the CαH29,41,55 region at ~ 1386 cm-1 and the deep trough at ~ 1220 

cm-1 for the AmIII3 region further confirms the melting of α-helical residues to non-α-

helical conformations.29 

The difference spectra also indicate a 10 cm-1 downshift and a significantly decreased 

Raman intensity for the AmII'p band as the temperature is increased.  This suggests either 

an environmental64 or conformational48 change for the proline amide bond(s).  The 

frequency position of AmII'p has been thought to be indicative of cis-trans isomerization 

of the proline.  Caswell and Spiro48 reported that in polyproline, the AmII'p band 

downshifted from 1465 to 1435 cm-1 upon conversion of polyproline from the PPII 

(trans) to PPI (cis) conformation.  It should, however, be noted that their conclusions 

were disputed by Harhay and Hudson,52 who reported that at 200-nm excitation, simple 

X-Pro dipeptides did not show changes in their AmII'p band frequencies when their cis 

content was increased via a pH increase; furthermore, Harhay and Hudson52 attributed the 

decreases in AmII'p band intensities to pH induced bathochromic shifts in the UV 

absorption.  



 

Figure 3.3: 204-nm UV resonance Raman spectra of Trp-cage at 4 and 70 ºC and their difference 

spectra.  The difference spectra show a decrease in the intensity of a triplet in the AmIII frequency 

region indicating a loss of α-helix with increasing temperature.  The intensity of the AmII' of Proline 

also decreases with increasing temperature. 

 

An alternative interpretation of the AmII'p spectral frequency dependence was 

suggested by Takeuchi et al 64 who proposed that the observed shift in the band position 

could be due to differences in the hydrogen bonding environment of the proline.  The 

authors reported that in aprotic solvents such as acetonitrile the AmII'p band is 

downshifted by 25-30 cm-1 as compared to aqueous solution, suggesting solvent-amide 

hydrogen bonding is primarily responsible for the observed changes in band position.  In 

non-hydrogen bonding environments the AmII'p band occurs around 1440 cm-1 while 
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strong hydrogen bonding upshifts the band to 1480 cm-1. 64  Their results would suggest 

that at 4 ºC the Trp-cage’s prolines (1474 cm-1) are strongly hydrogen bonded, while at 

higher temperatures the amide-water hydrogen bonds are weakened.  

3.3.2 Proline-Trp Excitonic Interactions 

 

Figure 3.4: UV absorption spectra of Trp monomer (AcTrpEE), polyproline, and a solution of Trp 

(W) and polyproline, and the (Polyproline + Trp) – Trp difference spectrum.  Insert shows Trp 

monomer spectra and difference spectra of (Polyproline +Trp) minus 0.91* Polyproline. 

 

The decrease in the Raman intensity of the AmII'p appears to result from excitonic 

interactions between the Trp side chain and proline peptide bond.  As shown by the Fig 
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3.4 absorption spectrum of solutions of polyproline, the addition of Trp monomer 

decreases the polyproline’s 204-nm extinction coefficient by 6%.  Presumably this 

hypochroism results from interactions between the π→π* transition moments of the 

proline peptide bond and the π→π* transition moments of the Trp aromatic ring.  

We modeled the Trp-polyproline spectral changes by subtracting the absorption of 

polyproline from the Trp-polyproline mixture absorption spectrum.  As shown in the Fig. 

3.4 inset, a scaling of 0.91 for the subtracted polyproline spectrum allows us to recover 

the Bb absorption curve of Trp between ~204- and 229-nm (see below).  The impact of 

excitonic interactions occurs mainly below 204-nm and appears to involve mainly the 

polyproline transition.  It is clear from the inset difference spectrum that the ~220-nm Bb 

band of Trp is not affected by the excitonic interactions with proline.   

We, thus, expect changes in the excitonic interaction to have no significant impact on 

the Trp band intensities (to the extent resonance enhancement is dominated by the Trp’s 

Bb transition).  The situation, however, is somewhat complex for 204-nm excitation 

Raman spectra since this excitation occurs on the blue edge of the Bb absorption, between 

the Bb and Ba electronic transitions.42  This is a region where a minimum in intensities 

occurs and the excitation profile dispersion is small.42  Thus, excitation in this region is 

expected to be somewhat insensitive to shifts in absorption bands.  However, Sweeney 

and Asher42 noted evidence for destructive interference for Trp intensities due to the 

contribution of the higher energy Ba transition.  This would then lead to a dependence on 

absorbance changes for the Ba transition, which could be impacted by excitonic 

interactions with Pro.  Although the situation appears complex, the best overall estimate 

would be that the Trp intensities excited at 204-nm will show less intensity dependencies 



for change in excitonic interactions than would the proline Raman intensities.  In 

addition, the intensities will be relatively insensitive to Trp Bb absorption band shifts.   

 

Figure 3.5: A) Temperature dependence of 204-nm excited Raman intensity of proline AmII' band. 

B) Temperature dependence of the Cα-H symmetric bending band intensity and the α-helical AmIII 

band triplet intensity.  The triplet intensity is extracted from temperature difference spectrum.  

Increasing Cα-H and AmIII triplet intensities indicate loss of α-helicity at higher temperatures. C)  

Temperature dependence of the relative Raman intensities of different Trp bands: W18 (▼, 765 cm-

1), W17 (x, 884 cm-1), W16 (•, 1014 cm-1), W7 (◊, 1365 cm-1), W3 (▲1558 cm-1). D) 229 nm UV 

resonance Raman spectra of Trp monomers in polyproline solution at different temperatures.  The 

spectra show bands arising form the resonance enhanced Trp along with AmII' of proline which 

overlaps with W8a band of Trp.  Temperature dependence of W6 and W18 bands of Trp is displayed 

in the insert. 
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Fig 3.5A shows that the AmII'p band excited at 204-nm show a monotonic 33% 

intensity decrease as the temperature increases from 4º to 70 °C.  These results indicate 

that a gradual conformational change occurs that causes hypochromism of the AmII'p 

band’s intensities.  This probably results from an increase in Trp-proline excitonic 

interactions either because the proline(s) and tryptophan become situated closer together 

or because of a change in the alignments of proline and Trp transition dipole moments.65  

Most likely the packing of prolines about the Trp becomes tighter as the temperature 

increases.  As expected from the discussion above, for 204-nm excitation there are no 

intensity changes for the Trp Raman bands with temperature (not shown). 

3.3.3 α-Helix Melting  

Changes in the observed Raman intensity of the Cα-H bending and the AmIII3 band result 

from decreases in the number of α-helical amide bonds as the temperature increases 

(Figs. 3.3 and 3.5).  We can most easily estimate the change in the number of α-helical 

amide bonds from the increased intensity of the Cα-H bending band resonance Raman 

band, which only occurs in non α-helical conformations.29,55  This band is well isolated in 

the spectra.  A similar analysis using the decreased intensity of the AmIII bands is less 

reliable due to overlap of the AmIII bands from the folded and unfolded states.59  Little α-

helix melting occurs up until ~25 ºC and the melting curve shows a rough TM at ~ 40 ºC. 



 

Figure 3.6: 204-nm UV resonance Raman spectrum of AP peptide at 60º C.  The measured spectra 

are deconvoluted into a sum of Voight bands. At 60 ˚C AP is 95% PPII. 

 

We can quantitate the change in the number of α-helical amide bonds by using the 

Raman cross sections of the Cα-H bending band from a 21-residue, alanine based, mostly 

α-helical peptide known as AP41 (Fig 3.6); we are utilizing the assumption that the Trp-

cage’s unfolded segment Cα-H bending bands have Raman cross sections similar to those 

of the unfolded PPII conformation of AP.29  This is a reasonable estimate since Cα-H 

bending bands have similar cross sections in the PPII and extended β-sheet strand 

conformations;29,54,59 we expect similar coupling of Cα-H and N-H for peptide bonds with 

similar Ψ angles.66  
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AP is ~95% PPII at 60 ºC.29  Thus, the 204-nm excited 60º C AP spectra are dominated 

by the PPII conformation, with only small contribution from the α-helical state.  The 204 

nm AP spectrum in Fig 6 shows a single AmI band at ~ 1660 cm-1.  The AmII band is 

located at ~1555 cm-1, while the Cα-Hb appears as a Fermi doublet at 1370 and 1394 cm-1.  

The AmIII3 band is located at ~ 1250 cm-1, the AmIII2 band at 1304 cm-1, while the 

AmIII1 band is found at ~ 1336 cm-1.  The origins of the resonance enhanced amide III 

bands and PPII spectral markers have been extensively described by Mikhonin et al59 and 

Asher et al.29 

Using Dudik et al’s data67 for the absolute Raman cross section of the 932 cm-1 band of 

perchlorate at 204 nm excitation, we calculated the Raman cross sections for AP: 

σA = (I A NClO4- σClO4-) / (nA NAP I ClO4-)   (1) 

Where, σA and σClO4- are the Raman cross sections of an amide band and the 932 cm-1 

perchlorate band, respectively.  NClO4- and NAP are number of perchlorate and AP 

molecules in the scattering volume, respectively.  IClO4- is the perchlorate band (932 cm-1) 

intensity, while IA is the intensity of the amide band. nA is the number of amide peptide 

bonds in AP which contribute to the intensity IA of the concerned band.  The calculated 

cross sections of AP amide bands are listed in Table 3.2.   
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Table 3.2: Amide cross sections of AP 

Amide Band Band assignment of Trp-cage's spectra 

Amide II  17 

Amide III2 10 

Amide III3 20 

Cα-H (1370 cm-1) 14 

Cα-H (1394 cm-1) 12 

 

Using the CαH band cross sections we calculated the number of non-helical amide 

bonds in Trp-cage as: 

nA = (I CαH NClO4- σClO4-) / (σ CαH NP I ClO4-)   (2) 

Where, NP is the number of molecules of Trp-cage in the scattering volume. We estimate 

that at 4 ºC Trp-cage has six, non-prolyl, non-glycine amide bonds in a non-helical, PPII 

conformation.  Hence there are six non-prolyl, non-glycine amide bonds in an α-helical 

conformation.  From the spectral intensity changes plotted in Fig 3.5B we can calculate 

the number of α-helix peptide bonds which melt as: 

δnA = (-δI CαH NClO4- σClO4-) / (σ CαH NP)    (3) 

Where δnA is number of α-helical bonds lost or gained and δI CαH is the change in 

normalized Cα-H bending band intensity.  The 70% increase in the Cα-H bending band 

intensity suggests approximately four more amide bonds contribute to the Cα-H bending 

band intensity at 70 ºC then at temperatures below 30 ºC.  
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The observed decrease in the helical content is likely associated with a shift in the Trp-

cage equilibrium towards non-native, non-helical states, rather then a shortening of the α-

helices in their native conformation.  We envision that Trp-cage flickers between native 

and unfolded conformations and that the intensity decrease results from a smaller duty 

cycle for the native state α-helix length; very short α-helices are inherently unstable.41 

Our α-helix melting curve appears broader than the melting curve determined by 

Neidigh et al.30  Their CD and NMR data suggested a cooperative melting of the helix, 

while our UVRR spectra show a broader α-helix melting curve with little or no helix 

melting at temperatures below ~25 ºC.  The differences probably derive from the fact that 

their NMR data monitors the melting of both the amide backbone and the side chain 

conformations.  In addition, Neidigh et al’s CD data are confounded by contributions 

from the Trp side chain CD signals.30  In contrast, our 204 nm excitation data reports 

directly on the melting of the α-helices. 

3.3.4 Trp and Tyr water exposure 

We examined the environment of the Trp and Tyr residues of Trp-cage by measuring the 

temperature dependence of the 229-nm UVRR spectra of Trp-cage between 4 and 70 °C 

(Figs. 3.5 and 3.7).  The spectra are dominated by the in-plane aromatic ring vibrations of 

Trp and Tyr. The Trp bands appear at 766 (W18), 884 (W17), 1014 (W16), 1344 (W7), 

1363 (W7) and 1558 cm-1 (W3), while those of Tyr are observed at 863 (Y Fermi 

resonance49) 1183 (Y9a), 1212 (Y7a), and 1627 cm-1 (Y8a).  We do not observe any 

significant frequency shifts of the Trp and Tyr bands as the temperature increases. We 



determined the Trp and Tyr relative Raman cross sections from the ratio of the peak 

heights of the Trp and Tyr bands relative to that of the 932 cm-1 ClO4
- band.   

 

Figure 3.7: 229-nm UV resonance Raman spectra of Trp-Cage at different temperatures.  Three 

spectra accumulated for ten minutes each were summed and normalized to the 932 cm-1 perchlorate 

band intensity.  The spectra show bands arising form the resonance enhanced Trp and Tyr ring 

vibrations. 

 

The Trp-cage Tyr intensities do not vary by more than 5% from 4º to 70 ºC.  Boyden et 

a 68 previously reported that Tyr monomers in aqueous solutions show a cross section 

decrease with increasing temperature due to a temperature induced decrease in the molar 

absorptivity of the resonant 220-nm absorption band.74  The lack of an observed 

monotonic decrease in the Tyr intensities indicates a compensating Trp-cage 

conformation induced intensity increase.  However, we recently demonstrated that 
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interactions between Tyr and polyproline give rise to blue-shifts in the Tyr resonant 220-

nm absorption band.69  This suggests that these Tyr-proline excitonic interactions 

decrease as the temperature increases.   

As shown in Fig. 5C, the relative Raman intensities of the Trp bands increase by ~35% 

as the temperature increases from 4 oC to 20 oC and then steadily decrease as temperature 

further increases to 70 oC.  Boyden et al 68 showed that the Raman cross sections of 

monomeric Trp’s in pure water do not show any appreciable temperature dependence.  In 

contrast, we earlier demonstrated that the Raman cross sections of the Trp bands depend 

upon the exposure of the indole ring to water due to the blue shifting of the ~220-nm 

absorption band upon water exposure.44  Since 229-nm excitation occurs on the red edge 

of the Raman excitation profiles, a blue shift in the absorption band decreases the 229 nm 

Raman cross sections.44,68  This intensity dependence can thus be used to monitor the 

solvent exposure of Trp side chain by measuring changes in their relative Raman cross 

sections.44,70  

Since, as discussed above, we expect no impact on the Bb transition from proline 

excitonic interactions we expect that the Trp 229-nm intensity changes primarily result 

from changes in solvent exposure.  This is especially clear from the Fig. 3.5D 229-nm 

excited UV Raman spectrum of a sample containing Trp and polyproline which 

demonstrates a negligible Trp band temperature dependence.   

The W17 band of Trp has been shown by Miura et al71 to be sensitive to the hydrogen 

bonding of indole’s N-H. If the N-H is free of hydrogen bonding the W17 appears at 883 

cm-1, while strong hydrogen bonding of the indole N-H, downshifts the band to            

871 cm-1.71  At 4º C we observe the W17 band at 884 cm-1 which remains more or less 
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invariant as the Trp-cage is heated (Fig. 3.7).  The band frequency suggests that the 

indole does not hydrogen bond within the temperature range examined here.  

Furthermore, a lack of hydrogen bonding is known to blue shift the Trp excitation 

profiles, thereby diminishing the 229-nm excited UVRR intensities.72,73  This is 

consistent with our measured Trp Raman cross sections at 4 ºC which are lower than 

what would be expected even for a fully exposed Trp ring.    

The temperature induced intensity increases to 20 ºC followed by the decrease suggests 

that the Trp initially becomes less exposed to water and then as the temperature further 

increases, its water exposure increases.  This occurs in an environment where the Trp’s 

N-H is incapable of hydrogen bonding.  These changes are quite gradual with very broad 

transitions.  The loss of exposure to water was also evident in the apparent increased 

excitonic interactions which resulted in a smaller AmII'p intensity at higher temperatures 

as discussed above.  

The W7 band is a Fermi doublet with bands appearing at ~1360 and 1340 cm-1.  

The ratio of 1360/1340 cm-1 band intensities, the R value is known to be indicative of 

hydrophobicity of the Trp’s immediate environment.  R values greater than one suggest a 

hydrophobic environment akin to that of aliphatic alkanes.  A value of about one suggests 

an aromatic type environment, while values less than one suggest an aqueous 

environment.74-78  At 4 ºC the R value is around 1.8 (±0.1) and remains more or less 

invariant as the temperature is increased, suggesting an invariant hydrophobic 

environment persists in Trp-cage at all temperatures.   

Taken together the R-value analysis and the changes in the Trp band intensities 

tell us that the Trp ring is always in a hydrophobic environment which has a significant 
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solvent accessibility.  The Trp N-H is not hydrogen bonded at any temperature.  The 

minimum solvent accessibility occurs at ~20 °C.  The solvent accessibility at 70 °C is 

less than that at 4 °C.  

We also examined the W3 band of Trp side chain.  The position of this band correlates 

with the absolute value of the χ2 dihedral angle of the Trp side chain involving C2-C3-Cβ-

Cα linkage.79  The W3 band is positioned at 1558 cm-1 at 4 ºC and does not vary to any 

significant degree as the temperature is increased.  According to the data of Miura et al 79 

the band position here suggests a │χ2│ angle of ~110º.  The invariance of the χ2 suggests 

that Trp’s conformation does not vary to any significant extent as the temperature is 

increased.  This demonstrates that the indole’s geometry with respect to the linkage to the 

peptide backbone is constant.  

3.4 CONCLUSIONS 

Trp-cage was selectively probed using 204-nm and 229-nm UV Raman excitation. We 

observe a broad melting transition of the α-helix with no significant α-helix melting until 

~30 ºC.  On the average, four α-helical residues melt between 40–70 ºC.  Most likely, at 

higher temperatures, the Trp-cage conformation flickers between a native and a non-

native, non-helical state; The observed change in helicity is probably due to a smaller 

duty cycle for the native α-helix length.    

The decreased proline intensities indicate a strengthening of proline(s)-Trp excitonic 

interactions with temperature indicating a more compact hydrophobic core.  The 229-nm 



Trp Raman intensity changes are not monotonic.  They show a maximum at ~20 °C, 

which signals a minimum water exposure at this temperature.  Thus, there is a unique 

structure at ~20 °C which appears to melt at higher and lower temperatures.  According 

to the 229 nm Raman spectra the Trp (indole’s N-H group) does not hydrogen bond at 

any temperature.  Furthermore, the C2-C3-Cβ-Cα (χ2) dihedral angle appears constant over 

the 4-70 ºC temperature interval.  These results taken together indicate that much of the 

Trp-cage’s native state topology survives to higher temperatures, in agreement with the 

conclusions of Snow et al.38  

Our results indicate that the thermal unfolding of Trp-cage involves at least two 

uncoupled steps involving an intermediate state (Fig. 3.8).   The sequence of events 

leading to the unfolded/non-native state of Trp-cage is:  

 

Figure 3.8: A schematic representation of Trp-cage’s temperature dependent conformational 

changes. 

 

• As the temperature is increased from 4-20 ºC, Trp-cage adopts a compact, 

intermediate conformation that better shields the Trp side chain from water.   
51 
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o The 204-nm excited Cα-H bending band does not show any significant 

change in intensity, indicating no change in the α-helical content.  The 

first unfolding step may involve conformational changes around the two, 

glycine rich, turn/mobile regions: residues 9-10 and 15-17 (shown red in 

Fig 3.8) to form a tight core around the Trp to better shield it from the 

aqueous environment.  

• As the temperature is further increased from 20º to 70 ºC, the Trp intensities 

monotonically decrease, indicating an increased solvent exposure of the Trp ring.  

However, at 70 ºC the Trp intensity is still 6% greater then it was at 4 ºC, 

signifying that only a partial melting of the compact, intermediate state has 

occurred.   

• The Tyr cross sections do not decrease with temperature.  This suggests decreased 

excitonic interaction induced hypochromic shift, which suggest movement of Tyr 

away from the proline(s). 

•  During the same temperature interval the 204-nm excited AmII'p band undergoes 

a slow, monotonic, decrease in intensity indicating a gradual increase in the Trp-

proline excitonic interactions. 

• During this temperature increase from ~20-70 °C, the Cα-H bending band 

intensity increases indicating a loss of helicity with increasing temperature.   

Thus, our results in the 30-70 ºC temperature interval indicate a more global 

conformational change which partially melts the α-helix, while the proline amide bond(s) 

of polyproline and/or the 310 helix either align and/or brought closer to the Trp.  The 
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partial melting of the α-helix may allow the proline-Trp complex to open more easily to 

the solvent.   

It should be noted that at higher temperatures, Neidigh et al30 noted increasingly 

negative chemical shift deviations for the δ3 proton of Pro12 and α3 of Gly11.  This result 

was rationalized by arguing that the residual high temperature hydrophobic cluster 

between Trp6 and Pro12 placed these two protons further into the shielding region than 

their location in the native state.30  This indicates that the Gly11-, Pro12-Trp6 distances 

decrease with increasing temperature.  The conclusion drawn from the NMR study agrees 

with our UV Raman study.   

The UVRR data indicate that temperature dependence of the Trp-cage conformation 

involves a continuous conformational evolution with only partial helix melting at 

temperatures even as high as 70 ºC.  A straightforward interpretation of these data is that 

Trp-cage melts from a 20 ºC maximally compact state to molten globule-like states at 

both higher and lower temperatures.  Thus, we invoke cold denaturation of a maximally 

compact 20 ºC state.80-82  These changes apparently derive from changes in the protein-

water interactions. 81,83   

Qiu et al’s kinetic results found single exponential decay in the 4-70 ºC temperature 

range suggesting that Trp-cage behaves as a two-state folder.35  However, this 

miniprotein does not show a clear two-state behavior in our steady state studies.  Rather it 

shows a continuous distribution of steady state spectral parameters.  Only the α-helix 

melting curve even hint of a cooperative transition.  Possibly the previous kinetic results 

monitor only a small region of the Trp-cage which locally appears two-state.  This would 

then argue for spatially decoupled folding even for this small peptide. 



54 

 

 

ACKNOWLEDGMENTS:  The authors would like to thank Dr. Ivat Bahar, Dr. John 

Vires, Prof. A. E. Roitberg, and Prof. S. J. Hagen for helpful discussions and NIH grant 8 

RO1 EB002053021 for financial support. 

 



55 

 

3.5 REFERENCES  

(1) Anfinsen, C. B. Science 1973, 181, 223. 
(2) Chan, H. S.; Dill, K. A. Proteins: Struct. Funct. Genet. 1998, 30, 2. 
(3) Dill, K. A. Biochemistry 1990, 29, 7133. 
(4) Jewett, A. I.; Pande, V. S.; Plaxco, K. W. J. Mol. Biol. 2003, 326, 247. 
(5) Hardin, C.; Eastwood, M. P.; Prentiss, M.; Luthey-Schulten, Z.; Wolynes, P. G. J. 

Comp. Chem. 2002, 23, 138. 
(6) Cleland, J. Protein folding: in vivo and in vitro; American Chemical Society: 

Washingon D. C., 1993. 
(7) Dill, K. A.; Alonso, D. O. V.; Hutchinson, K. Biochemistry 1989, 28, 5439. 

(8) Glaser, R. Biophysics; Springer: New York, 2000. 
(9) Alm, E.; Baker, D. Proc. Nat. Acad. Sci. U.S.A. 1999, 96, 11305. 
(10) Wolynes, P. G.; Onuchic, J. N.; Thirumalai, D. Science 1995, 267, 1619. 
(11) Pappu, R. V.; Srinivasan, R.; Rose, G. D. Proc. Natl. Acad. Sci. U.S.A. 2000, 97, 

12565. 
(12) Myers, J. K.; Oas, T. G. Annu. Rev. Biochem. 2002, 71, 783. 
(13) Shortle, D. Curr. Opin. Struct. Biol. 1993, 3, 66. 
(14) Bryngelson, J. D.; Wolynes, P. G. J. Phys. Chem. 1989, 93, 6902. 
(15) Hao, M.-H.; Scheraga Harold, A. J. Phys. Chem. 1994, 98, 9882. 
(16) Dobson, C. M.; Salij, A.; Karplus, M. Angew. Chem. Int. Ed. Engl. 1998, 37, 868. 
(17) Eaton, W. A.; Munoz, V.; Thompson, P. A.; Henry, E. R.; Hofrichter, J. Acc. 

Chem. Res. 1998, 31, 745. 
(18) Munoz, V.; Henry, E. R.; Hofrichter, J.; Eaton, W. A. PNAS 1998, 95, 5872. 
(19) Dinner, A. R.; Lazaridis, T.; Karplus, M. PNAS 1999, 96, 9068. 
(20) Munoz, V.; Thompson, P. A.; Hofrichter, J.; Eaton, W. A. Nature 1997, 390, 196. 
(21) Thompson, P. A.; Eaton, W. A.; Hofrichter, J. Biochemistry 1997, 30, 9200. 
(22) Bolin, K. A.; Pitkeathly, M.; Miranker, A.; Smith, L. J.; Dobson, C. M. J. Mol. 

Biol. 1996, 261, 443. 
(23) Garcia, A. E.; Sanbonmatsu, K. Y. Proc. Nat. Acad. Sci. U.S.A. 2002, 99, 2782. 
(24) Andrew, C. D.; Warwicker, J.; Jones, G. R.; Doig, A. J. Biochemistry 2002, 41, 

1897. 
(25) Lednev, I. K.; Karnoup, A. S.; Sparrow, M. C.; Asher, S. A. J. Am. Chem. Soc. 

2001, 123, 2388. 
(26) Woutersen, S.; Hamm, P. J. Chem. Phys. 2001, 114, 2727. 
(27) Clarke, D. T.; Doig, A. J.; Stapley, B. J.; Jones, G. R. Proc. Nat. Acad. Sci. U.S.A. 

1999, 96, 7232. 
(28) Williams, S.; Causgrove, T. P.; Gilmanshin, R.; Fang, K. S.; Callender, R. H.; 

Woodruff, W. H.; Dyer, R. B. Biochemistry 1996, 35, 691. 



56 

 

(29) Asher, S. A.; Mikhonin, A. V.; Bykov, S. V. J. Am. Chem. Soc. 2004, 126, 8433. 
(30) Neidigh, J. W.; Fesinmeyer, R. M.; Andersen, N. H. Nature Structural Biology 

2002, 9, 425. 
(31) Gellman, S. H.; Woolfson, D. N. Nature Structural Biology 2002, 9, 408. 
(32) Qiu, L.; Pabit, S. A.; Roitberg, A. E.; Hagen, S. J. Journal of the American 

Chemical Society 2002, 124, 12952. 
(33) Simmerling, C.; Strockbine, B.; Roitberg, A. E. Journal of the American 

Chemical Society 2002, 124, 11258. 
(34) Chowdhury, S.; Lee, M. C.; Xiong, G.; Duan, Y. J. Mol. Biol. 2003, 327, 711. 
(35) Hagen, S. J.; Hofrichter, L.; Szabo, A.; Eaton, W. A. Proc. Nat. Acad. Sci. U.S.A. 

1996, 93, 11615. 
(36) Pascher, T.; Chesick, J. P.; Winkler, J. R.; Gray, H. B. Science 1996, 27, 1558. 
(37) Kubelka, J.; Hofrichter, J.; Eaton, W. A. Current Opinion in Structural Biology 

2004, 14, 76. 
(38) Snow, C. D.; Zagrovic, B.; Pande, V. S. J. Am. Chem. Soc. 2002, 124, 14548. 
(39) Zhou, R. Proceedings of the National Academy of Sciences of the United States of 

America 2003, 100, 13280. 
(40) Chowdhury, S.; Lee, M. C.; Xiong, G.; Duan, Y. J. Phys. Chem. B 2004, 108, 

13855. 
(41) Lednev, I. K.; Karnoup, A. S.; Sparrow, M. C.; Asher, S. A. J. Am. Chem. Soc. 

1999, 121, 8074. 
(42) Sweeney, J. A.; Asher, S. A. Journal of Physical Chemistry 1990, 94, 4784. 
(43) Ludwig, M.; Asher, S. A. Journal of the American Chemical Society 1988, 110, 

1005. 
(44) Chi, Z.; Asher, S. A. Journal of Physical Chemistry B 1998, 102, 9595. 
(45) Bykov, S. B.; Lednev, I. K.; Ianoul, A.; Mikhonin, A. V.; Asher, S. A. Appl. 

Spectrosc. 2005, 59, 1541. 
(46) Chi, Z.; Asher, S. A. Biochemistry 1998, 37, 2865. 

(47) Mirkin, N. G.; Krimm, S. Journal of Molecular Structure 1996, 377, 219. 
(48) Caswell, D. S.; Spiro, T. G. Journal of the American Chemical Society 1987, 109, 

2796. 
(49) Rippon, W. B.; Koeing, J. L.; Walton, A. G. J. Am. Chem. Soc. 1970, 92, 7455. 
(50) Mayne, L.; Hudson, B. J. Phys. Chem. 1987, 91, 4438. 
(51) Dorman, D. E.; Torchia, D. A.; Bovey, F. A. Macromolecules 1973, 6, 80. 
(52) Harhay, G. P.; Hudson, B. S. J. Phys. Chem. 1991, 95, 3511. 
(53) Swenson, C. A. Biopolymers 1971, 10, 2591. 
(54) Chi, Z.; Chen, X. G.; Holtz, J. S. W.; Asher, S. A. Biochemistry 1998, 37, 2854. 
(55) Wang, Y.; Purrello, R.; Jordan, T.; Spiro, T. G. Journal of the American Chemical 

Society 1991, 113, 6359. 
(56) Diem, M.; Lee, O.; Roberts, G. M. J. Phys. Chem. 1992, 96, 548. 
(57) Lee, S.-H.; Krimm, S. Biopolymers 1998, 46, 283. 
(58) Lee, S.-H.; Krimm, S. J. Raman Spectrosc. 1998, 29, 73. 
(59) Mikhonin, A. V.; Ahmed, Z.; Ianoul, A.; Asher., S. A. J. Phys. Chem. B 2004, 

108, 19020. 



57 

 

(60) Overman, S. A.; Thomas, G. J., Jr. Biochemistry 1998, 37, 5654. 
(61) Torri, H. J. Phys. Chem. A 2004, 108, 7272. 
(62) Besley, N. A.; Oakley, M. T.; Cowan, A. J.; Hirst, J. D. J. Am. Chem. Soc. 2004, 

126, 13502. 
(63) Triggs, N. E.; Valentini, J. J. J. Phys. Chem 1992, 96, 6922. 
(64) Takeuchi, H.; Harada, I. Journal of Raman Spectroscopy 1990, 21, 509. 
(65) Cantor, C. R.; R., S. P. Biophysical Chemistry; Freeman and Company: San 

Francisco, USA, 1980; Vol. 1. 
(66) Asher, S. A.; Ianoul, A.; Mix, G.; Boyden, M. N.; Karnoup, A.; Diem, M.; 

Schweitzer-Stenner, R. J. Am. Chem. Soc. 2001, 123, 11775. 
(67) Dudik, J. M.; Johnson, C. R.; Asher, S. A. Journal of Chemical Physics 1985, 82, 

1732. 
(68) Boyden, M. N.; Asher, S. A. Biochemistry 2001, 40, 13723. 
(69) Ahmed, Z.; Myshakina, N. S.; Asher, S. A. In Preparation 2006. 
(70) Chi, Z.; Asher, S. A. Biochemistry 1999, 38, 8196. 
(71) Miura, T.; Thomas, G. J., Jr. Subcell. Biochem. 1995, 24, 55. 
(72) Rodgers, K. R.; Su, C.; Subramaniam, S.; Spiro, T. G. J. Am. Chem. Soc. 1992, 

114, 3697. 
(73) Mukerji, I.; Spiro, T. G. Biochemistry 1994, 33, 13132. 
(74) Harada, I.; Miura, T.; Takeuchi, H. Spectrochim. Acta A: Mol. Spectrosc. 1986, 

42A, 307. 
(75) Hideo, I.; Nemoto, Y.; Harada, I. Biochemistry 1990, 29, 1572. 
(76) Kochendoerfer, G. G.; Kaminaka, S.; Mathies, R. A. Biochemistry 1997, 36, 

13153. 
(77) Hashimoto, S.; Obata, K.; Takeuchi, H.; Needleman, R.; Lanyi, J. K. 

Biochemistry 1997, 36, 11583. 
(78) Miura, T.; Takeuchi, H.; Harada, I. Biochemistry 1988, 27, 88. 
(79) Miura, T.; Takeuchi, H.; Harada, I. J. Raman Spectrosc. 1989, 20, 667. 
(80) Andersen, N. H.; Cort, J. R.; Liu, Z.; Sjoberg, S. J.; Tong, H. Journal of the 

American Chemical Society 1996, 118, 10309. 
(81) Privalov, P. L. Critical Reviews in Biochemistry and Molecular Biology 1990, 25, 

281. 
(82) Privalov, P. L.; Griko, Y. V.; Venyaminov, S. Y.; Kutyshenko, V. P. Journal of 

Molecular Biology 1986, 190, 487. 
(83) Urry, D. W. Journal of Physical Chemistry B 1997, 101, 11007. 
 

 

 

 



58 

 

 

 

 

 

 

CHAPTER 4 

 

 

 
UV-Resonance Raman Investigation of a 310 Helical Peptide 

Reveals a Rough Energy Landscape 
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4.0  UV-RESONANCE RAMAN INVESTIGATION OF A 310 HELICAL 

PEPTIDE REVEALS A ROUGH ENERGY LANDSCAPE 

 
We used UVRRS at 194- and 204-nm excitation to examine the backbone conformation 

of a 13-residue polypeptide (gp41659-671) that has been shown by NMR to predominantly 

fold into a 310-helix.  Examination of the conformation sensitive AmIII3 region indicates 

the peptide has significant populations of β-turn, PPII, 310-, and π-helix like 

conformations but little α-helix.  We estimate that at 1 ºC on average six of the twelve 

peptide bonds are in folded conformations (predominantly 310-, and π-helix) while the 

other six are in unfolded (β-turn/PPII) conformations.  The folded and unfolded 

populations do not change significantly as the temperature is increased from 1 ºC to 60 

ºC, suggesting a unique energy landscape where the folded and unfolded conformations 

are essentially degenerate in energy and show identical temperature dependence.   
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4.1 INTRODUCTION 

An understanding of the mechanisms of protein folding will enable the de novo design of 

proteins with profound commercial and medical applications.1-19  Over the last 50 years, 

significant efforts have been expended to elucidate protein folding and unfolding 

mechanisms.  Part of this effort has examined the thermodynamic and kinetics of small 

model systems such as beta hairpins 20-22 and alanine based α-helices. 23-33  These studies 

have provided detailed microscopic knowledge of the folding energy landscape of these 

isolated motifs.  Theoretical simulations have suggested that 310-helices and/or type III β-

turns may serve as intermediates in the α-helix folding pathway.34-39  The formation of 

kinetic intermediates such as β-turn or 310 helix lowers the entropic cost of nucleating the 

first helical residue, thus facilitating the helix folding transition.34,40,41   

The 310-helix is the fourth most common secondary structural motif in proteins.34-59  On 

average, in proteins, three to four percent of peptide residues occur in a 310-helix 

conformation.48  The 310-helix differs from an α-helix in that the tighter packing of the 

backbone forces the C=O…H-N hydrogen bonds to point outwards, away from the helical 

axis resulting in decreased stability of the 310-helix as compared to the α-helix.25,48   

Recent ESR 39,42 and NMR 43 work by Millhauser et al 41 suggests the presence of 310-

helix at the terminus of short alanine based helical peptides.  The authors proposed that 

310 helices are a relic of the folding process.  They reasoned that nascent helices contain 

mixtures of unfolded and turn conformations, specifically type III turns.  As folding 
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conditions begin to favor helical structures, the type III turn conformation (a single 310-

helix unit) propagates i.e. the chain adopts a 310-helix conformation.  As the helical 

domain lengthens the α-helix conformation competes with the 310-helix conformation.  

Finally, at longer helical lengths the α-helix conformation dominates.  Some 310-

helix/type III turn like conformations may survive at the termini.41   

It should be noted that Millhauser’s results have been disputed by Smythe et al 44 who 

argued that the rotational diffusion of the flexible labels used in Milhauser et al’s 41 ESR 

study confounded spectral interpretation.  Using Toac residues as ESR labels, Smythe et 

al found no evidence for a significant 310-helix population in a 17-residue, alanine based 

helical peptide.44   

The inability to characterize simple monomeric 310-helices is a major stumbling block 

in advancing our understanding of the α-helix (un)folding process; furthermore, the lack 

of such a model system has made unambiguous identification of a 310-helix spectroscopic 

markers difficult.  Schievano et al 45 recently reported the first water soluble 310-helix; 

however, this particular peptide consisted of unnatural amino acids.  Unfortunately, the 

conformation dynamics of peptides with unnatural amino acids may be irrelevant to the 

study of biological problems.  In this context, Biron et al’s recent discovery of an all 

natural amino acid tridecapeptide, gp41659-671 48 that folds into a 310-helix is of great 

significance since it enables the study of 310 helices.  

gp41659-671 is a thirteen-residue peptide of the sequence E659LLELDKWAS669LWN 

extracted from the glycoprotein gp41 of HIV-1 virus, corresponding to residues 659-671. 

NOE constraints indicate that in water at 277 K, the monomeric form of the peptide folds 

into a nine residue long 310-helix.48  Biron et al proposed that the 310-helix is stabilized by 
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favorable hydrophobic stacking interactions between L663, W666, L669 and W670.48  

Residues E662, K665, S668, and N671 form the polar face where E662 and K665 may 

engage in weak electrostatic interactions.  Burial of considerable hydrophobic surface 

area is proposed to favor the 310 helix over the α-helix conformation.48   

In this work, we used UV resonance Raman spectroscopy to examine gp41659-671’s 

conformation.  We studied the peptide secondary structure by exciting within the amide 

π π* transition with 204 nm and 194 nm excitation.  Our results indicate that the 310 

helix is in equilibrium with multiple secondary structures, namely the π-helix, β-turns and 

PPII conformation, creating an energy landscape where the folded and unfolded 

conformations are essentially degenerate in energy and show identical temperature 

dependence.   

4.2 EXPERIMENTAL 

The UV resonance Raman spectrometer has been described in detail elsewhere.60  

Briefly, 204 nm UV light was generated by generation of the fifth anti-Stokes Raman 

harmonic of the 3rd harmonic of a Nd:YAG laser (Coherent, Infinity).  The 194 nm deep 

UV light was generated as the (3ω+ω) fourth harmonic of a diode pumped Ti:Sapphire 

laser (Positive Light, Indigo-S).  The sample was circulated in a free surface, temperature 

controlled stream.  A 135o backscattering geometry was used for sampling.  The collected 

light was dispersed by a subtractive double monochromator onto a back thinned CCD 

camera (Princeton Instruments-Spec 10).  



63 

 

The gp41659-671 peptide was obtained from the Pittsburgh Peptide Synthesis Facility 

(>95% purity) and used at 1 mg/ml concentrations, at pH 7.  UVRR spectra measured at 

20 °C during and after the Raman measurements were essentially identical, indicating the 

lack of significant photo and/or thermal degradation.  Raman spectra were normalized 

relative to the peak height of the 932 cm-1 ClO4
– band.  0.05 and 0.1 M concentrations of 

ClO4
- were used for the 204- and 194-nm excited UVRR measurements.  Helix promoter 

TFE was acquired form Aldrich.  Solution pH was adjusted by adding small aliquots of 

dilute HCl or NaOH.  CD measurements were carried out on a JASCO 710 spectrometer 

using 0.3 mg/ml peptide concentration. 

4.3 RESULTS AND DISCUSSION 

4.3.1 204 nm excitation temperature dependence 

The 204 nm excitation Raman spectra (Fig 4.1) show bands arising from amide and to a 

lesser extent Trp vibrations.  In order to facilitate spectral interpretation we subtracted the 

Trp contribution from the temperature dependent 204-nm excited gp41659-671 spectra (Fig 

4.2).  The band intensities of the resulting spectra were normalized with respect to the 

AmI band intensity.  The spectra show an AmI vibration at 1668 cm-1 which is 

predominantly a C=O stretching vibration.61,62  The 1556 cm-1 molecular oxygen 

stretching band 32,63 overlaps with the 1558 cm-1 AmII band.  The AmII vibration 

involves C-N stretching with some N-H bending.61,62  The trough in the 1420-1500 cm-1 
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region is due to the 1483 cm-1 COO- stretching band from the Trp monomer which was 

subtracted from the original peptide spectra.64,65  

A weak 1355 cm-1 band (AmIII1/residual W7) appears as a shoulder on the 1390 

cm-1 Cα-H bending band.  The Cα-H bending band intensity derives from non α-helical 

peptide bond conformations.61,66   

A weak AmIII2 band is located at ~1320 cm-1.  A broad AmIII3 band (predominantly C-

Ns and N-Hb mode 61,66-69) at 1257 cm-1 shows additional features at 1293 and 1226 cm-1.  

Mikhonin et al 70 recently demonstrated that the “pure” α-helix UVRR spectra show a 

narrow AmIII3 band centered at 1260 cm-1 (Fig 4.2).  The presence of a broad AmIII3 

band here indicates the existence of multiple conformations in gp41659-671.   



 

Figure 4.1: 204- and 194-nm UV resonance Raman spectra of gp41659-671 measured at 1 ºC.  Also 

displayed are the 204-nm excitation UVRR spectra of Trp monomer, where the 1483 cm-1 

carboxylate stretching band overlaps with the W4 and W5 bands of Trp.  As compared to 204-nm, 

the 194-nm excited gp41659-671 spectra shows considerably less Trp spectral contribution.  The 

decreased Trp contribution allows us to resolve amide bands from overlapping Trp bands. 

65 

 



As the solution temperature is increased from 1 ºC to 30 ºC, the 1390 cm-1 Cα-Hb and 

the AmIII3 bands show a slight decrease in intensity (Fig 4.2).  A similar temperature 

induced intensity decrease was previously observed for a water exposed, PPII peptide 

whose conformation was temperature independent.24,67  The lack of conformation 

induced changes in the AmIII3 and Cα-Hb region suggest that gp41659-671 does not undergo 

a thermally induced helix melting transition between 1 ºC and 30 ºC.   

 

Figure 4.2: Upper traces are 204-nm UV-resonance Raman spectra of gp41659-671 measured between 1 

ºC and 30 ºC.  In order to facilitate spectral interpretation the Trp contribution was subtracted.  The 

resulting spectra show resonance enhanced amide vibrations.  Below, the green trace shows the 204-

nm excited pure α-helix spectra of AP peptide (adapted from ref 70) which shows its characteristic 

narrow AmIII3 band at 1260 cm-1. 
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We can quantitate the number of helical amide bonds by using the Raman cross section 

of the Cα-H bending band from a 21-residue, alanine based, mostly α-helical peptide 

known as AP 24; we are utilizing the assumption that the gp41659-671’s unfolded segment 

Cα-H bending bands have Raman cross sections similar to those of the unfolded/PPII 

conformation of AP.  This is a reasonable estimate since Cα-Hb bands have similar cross 

sections in the PPII and extended β-sheet strand conformations 61; we expect similar 

coupling between Cα-Hb and N-Hb for peptide bonds with similar Ψ angles,69  Since the 

α-helix and the 310-helix conformations have similar Ψ angles, 45 we assume that as in the 

α-helix, the putative 310-helix will show a negligible Cα-H band intensity.  Thus we use 

the Cα-H band intensity to estimate the number of bonds in PPII conformation.  Based on 

the Cα-H band cross sections of the alanine based, mainly α-helical peptide AP (see ref 

19), we calculate the number of non helical amide bonds in gp41659-671 as: 

nA = (I CαH NClO4- σClO4-) / (σ CαH NP I ClO4-)   (1) 

Where, σCαH and σClO4- are the Raman cross sections of the Cα-H band and the 932 cm-1 

perchlorate band, respectively.  NClO4- and NP are number of perchlorate and gp41659-671 

molecules in the scattering volume, respectively.  IClO4- is the perchlorate band (932 cm-1) 

intensity, while ICαH is the intensity of the Cα-H band. nA is the number of amide peptide 

bonds in gp41659-671 which contribute to the intensity ICαH.  We calculate that at 1 ºC six of 

12 peptide bonds are in a PPII-like conformation while six peptide bonds adopt α-helix 

like conformations.   

As noted above, gp41659-671 does not show a temperature dependent decrease in 

helicity.  The observed behavior can be rationalized by requiring the folded and unfolded 



state ensembles to be nearly degenerate in energy and equally disordered i.e. the number 

of conformations comprising the folded and unfolded state are nearly equal.  Under such 

circumstances the peptide has an equal probability of populating either helix or unfolded 

state, and as such their relative population distribution would not be impacted by 

increasing temperature.  These results are consistent with Biron et al’s study that reported 

a lack of 310-helix melting with increasing temperature.48   

 

Figure 4.3: 204-nm UV-resonance Raman spectra of gp41659-671 in pure water, 10 % and 30% v/v 

TFE concentration at 1 ºC.  The TFE contribution has been subtracted from the spectra.  The 

resulting spectra show bands arising from amide and Trp vibrations.  In 10% TFE the presence of 

Cα-Hb band indicates ~55% helicity, whereas in 30% TFE the Cα-Hb band shows negligible band 

intensity indicating a 92% helical content.  Insert shows CD spectra of gp41659-671 in water, 10% and 

30% v/v TFE solutions.  As discussed in the text these CD spectra show the peptide’s 310-helix 

content increases with TFE concentration. 
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The gp41659-671 peptide, however, does show a conformation change in TFE-water 

solutions (Fig 3).  Manning and Woody 71 proposed that the CD spectra of 310- and α-

helix should show different values of R = Θ222/Θ207.  The 310-helix is expected to show a 

lower R-value (R~0.3) as compared to the α-helix (R ~1).  Additionally, the 310-helix is 

expected to show a weak positive band at ~195-nm, while the α-helix shows a relatively 

strong positive band at ~195-nm.59,71  As shown in Fig 4.3 (inset), the CD spectra show 

an R-value of ~0.3 in water and water-TFE solutions indicating the presence of 310-

helices.   In water we observe a negative maximum at 200-nm without a trough at 222-

nm.  This suggests a significant population of unfolded conformations; UVRR indicates 

only 50% helicity in water.  Our CD spectra of gp41659-671 differs from Biron et al’s in 

that their peptide spectra in pure water shows greater 310-helix content.  We do not know 

the reason for differences in the two measurements.  Addition of 10% TFE does not 

impact the position of the 200-nm negative band, but 30% TFE red shifts the band 

maxima to 205-nm, indicating increased 310-helix content.  These results are confirmed 

by our UVRR measurements where the peptide spectra in 10% TFE show ~55% helicity, 

whereas, in 30% TFE the peptide shows negligible Cα-Hb band intensity, indicating ~ 

92% helicity (Fig 4.3).  The TFE stabilized helix does not show any appreciable melting 

with increasing temperature (not shown).   

It should be noted that our UVRR results do not necessarily suggest that a single, 

continuous 310-helix of six-peptide bonds exists in water.  Recently, Mikhonin and 

Asher72 demonstrated that the resonance enhanced AmIII and Cα-Hb bands scatter 
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independently i.e. there is negligible coupling between adjacent peptide bonds.  Hence, 

the UVRR spectra in the AmIII and Cα-Hb region can be regarded as a linear sum of 

individual peptide bonds.  We therefore envision a scenario where in water the peptide is 

flickering between folded and unfolded conformations; the observed Cα-H band intensity 

is therefore, a measure of the peptide’s residence time in extended PPII like 

conformations.  Hence, the observed 50% helical content could indicate that during the 

measurement period a peptide bond has an equal probability of being in the folded or 

unfolded/extended conformation regions of the Ramachandran space.   

4.4 CONFORMATION ANALYSIS 

The conformational space sampled by gp41659-671 peptide in water can be quantitatively 

analyzed by an examination of the AmIII3 region.  The subtraction of the Trp 

contribution, however, results in a noisy spectrum which complicates assignment of the 

AmIII3 bands.  Previously, Fodor et al73 reported that Trp cross sections weaken at 

shorter excitation wavelengths.  Thus by exciting at 194-nm we are able to selectively 

enhance the amide vibrations relative to Trp vibrations and acquire spectra dominated by 

amide vibrations.   

We deconvoluted the measured 194-nm excitation spectrum into a sum of a minimum 

number of Voight bands by using the peak fitting routine in Grams software (Galactic 

Industries Corporation, Grams version 5, Fig 4.4).  The 194 nm excitation UVRR spectra 

show an AmI band at 1664 cm-1 with a weak aromatic stretching band at 1665 cm-1.  The 



decreased aromatic stretching band intensity allows us to resolve the AmI band.  

Increased contribution from diatomic oxygen interferes with the AmII band located at 

~1556 cm-1.  The W4 and W5 Trp bands are located at 1491 and 1437 cm-1.  An intense 

Cα-H bending band located at 1394 cm-1 shows only a negligible temperature induced 

decrease in intensity (Fig 4.5).  A small AmIII1 band at 1340 cm-1 overlaps the W7 band 

of Trp, while a weak AmIII2 band is observed at ~1300 cm-1.  As with 204 nm excitation 

we observe AmIII3 bands at 1293, 1254, and 1224 cm-1.  As the temperature is increased 

from 1 to 60 ºC, the AmII band intensity decreases while the band position downshifts 

from 1560 to 1557 cm-1 (Fig 4.5).  The AmIII1, AmIII2, and the 1293 cm-1 AmIII3 band 

remain more or less invariant with increasing temperature.  The broad 1254 cm-1 AmIII3 

band downshifts, while the 1224 cm-1 AmIII3 band shows increased band intensity with 

increasing temperature.   

 

Figure 4.4: Spectral deconvolution of 1 ºC 194-nm UVRR gp41659-671 spectra with Voight bands.  The 

excellence of the fit is evident from the flat residual displayed underneath 
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Figure 4.5: 194-nm UV resonance Raman spectra of gp41659-671 measured between 1 ºC and 60 ºC.  

Three 10 min spectra were summed and scaled to the intensity of 932 cm-1 perchlorate band.  The 

bands arise mainly from amide vibrations except for those that derive from Trp ring vibrations. 

 

Recently, Mikhonin et al 74 quantitatively demonstrated that the AmIII3 band frequency 

depends upon the ψ dihedral angle and the hydrogen bonding state of the amide bond 

ψ.67,74  Using their methodology for correlating the ψ dihedral angle with the AmIII3 band 

position, we determine that the 1224 cm-1 band could originate from either the distorted 

β-sheet (ψ = +40º) or β-turn like (ψ = -3º) conformations.   

In the 277 to 302 K temperature interval, Biron et al 48 using analytical ultra 

centrifugation did not observe any significant aggregation or dimerization products of 

gp41659-671.  We therefore conclude that the 1224 cm-1 band originates from β-turn 
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conformations and assign the 1224 cm-1 band as the β-turn amide III3 (AmIII3
t).  The ψ 

dihedral angle of -3º indicated by the AmIII3
t band position suggests the presence of type 

I turns.   

The 1293 cm-1 AmIII3 band does not show any significant temperature dependent shift 

in band position indicating a conformation dominated by intra-peptide hydrogen bonds.  

According to the data of Mikhonin et al 74 the band position likely correlates to ψ = -75º, 

suggesting the presence of a π-helix like conformation.  Previous studies of peptides with 

significant 310 helix populations found appreciable π-helix populations in equilibrium 

with the native helix38,46  MD simulations suggest that the π-helix may serve as an 

intermediate in the α-helix folding pathway.38  Alternatively, Cartailler and Luecke 

suggest π-helices exist as defects in α-helices where the presence of a π-helix like 1 5 

hydrogen bond (π-bulge) introduces a kink in the α-helix.75   

The broad 1254 cm-1 AmIII3 band is composed of overlapping helical and PPII 

conformations. The 1254 cm-1 band maximum indicates a dominant 310-helix 

conformation, though it should be noted that the type III turn conformation (a single 310 

helix unit) is expected to contribute in this frequency region as it populates similar 

dihedral angles.41  Typical α-helical peptides show an AmIII3 band maximum at         

1263 cm-1.  The 9 cm-1 shift in the AmIII3 band position of gp41659-671 as compared to 

typical α-helical peptides such as the AP peptide 24 indicates the average ψ angle of 

gp41659-671 deviates from the typical α-helix conformation by +10º.  This result 

demonstrates that UVRR can discriminate between conformationally similar α- and 310-

helicies. 
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Recent MD simulations have suggested that distorted α-helices exist in a rapid 

equilibrium with the 310-helix conformations.76  While we do not find any definitive 

evidence for significant concentration of α-helix conformation, the broad width of the 

AmIII3 band suggests that a small α-helix population may exist (see Fig. 4.2).   

4.5 CONCLUSIONS 

We examined the secondary structure of gp41659-671 by exciting the backbone at 204 and 

194 nm.  Our results indicate that six of the 12 peptide bonds adopt helical conformations 

(predominantly 310- or π-helix).  An examination of the conformation sensitive AmIII3 

region indicates gp41659-671 shows a broad distribution of conformations that includes 

PPII, β-turn, 310-, and π-helix conformations but little α-helix; furthermore, we 

demonstrate that the AmIII3 band position can be used to distinguish a 310-helix from an 

α-helix conformation.  A lack of temperature induced change in the AmIII3 band 

intensities indicates an energy landscape where the helical and unfolded conformations 

occupy degenerate energy levels with similar entropies.  This allows for nearly equal 

population of both the helical and unfolded conformations, as evidenced by the Cα-H 

band intensity which indicates a 50% helical content, independent of temperature.   
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5.0  CIRCULAR DICHROISM AND UV-RESONANCE RAMAN 

INVESTIGATION OF THE TEMPERATURE DEPENDENCE OF THE 

CONFORMATIONS OF LINEAR AND CYCLIC ELASTIN 

We used electronic circular dichroism (CD) and UV resonance Raman (UVRR) 

spectroscopy at 204-nm excitation to examine the temperature dependence of 

conformational changes in cyclic and linear elastin peptides.  We utilize CD spectroscopy 

to study global conformation changes in elastin peptides, while UVRR is utilized to probe 

the local conformation and hydrogen bonding of Val and Pro peptide bonds.  The UVRR 

amide spectral features of Gly are conformation insensitive.  Our results indicate that at 

20 ºC cyclic elastin predominantly populates distorted β-strand, β-type II and β-type III 

turn conformations.  At 60 ºC, the β-type II turn population increases while the distorted 

β-strand population decreases.  Linear elastin predominantly adopts distorted β-strand 

and β-type III turn conformations with some β-type II turn population at 20 ˚C.  

Increasing temperature to 60 ˚C, results in a small increase in the turn population.  Our 

UVRR results suggest that the higher turn content likely arises due to 

conformation/hydration changes at the proline peptide bonds. 
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5.1 INTRODUCTION 

In recent years the unique elasticity and resilience of elastin-based peptides has drawn 

interest from both the biophysics and material science communities.1-16  Elastin is an 

important structural peptide that enables elastic deformations of biological assemblies. 

Biological motion, for example, is enabled by elastin’s unique ability to repetitively and 

reversibly deform upon stress.  We each benefit from the elastic properties of elastin, 

where, hopefully, our aorta reversibly contracts and expands 109 times during our lives.  

Biochemical, genetic and structural analysis of elastin fibers has demonstrated that the 

elastin found in skin, blood vessel walls and lung tissue is a composite of an amorphous 

component (elastin) and a microfibrillar component (fibrillin).  Elastin mimetic peptide 

(VPGXG)n-where n is the number of repeat pentamers, is widely used as a model system 

for studying elastin’s remarkable viscoelastic properties. 

Over the years, considerable effort have been expended to elucidate the mechanism of 

elastin’s unique elasticity.3-13,17-26  The elastic properties are thought to be associated with 

or a consequence of elastin’s unusual phase transition behavior, which closely resembles 

that of the thermal volume phase transition behavior of poly(N-isopropylacryamide) 

(PNIPAM).27-39  PNIPAM polymers contain both hydrophilic and hydrophobic regions 

whose exposure to the aqueous medium may change as the polymer collapses at high 

temperature.  The transition temperature of PNIPAM polymers is determined by a 
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delicate balance between amide-water hydrogen bonding, isopropyl group-water 

interaction, and van der Waals interactions between the hydrophobic groups.30   

Elastin exists as a highly mobile expanded chain below a certain characteristic 

temperature that the elastin literature refers to as the “critical temperature, Tc”.  Above Tc, 

the peptide chain adopts a compact conformation resulting in a significantly decreased 

radius of gyration and reduced chain mobility.24  The elastin literature calls this thermal 

behavior an “inverse temperature transition”.20,40  Just as for PNIPAM,29,30 the transition 

temperature of elastin peptides can be tuned by changing the hydrophobicity of the 

polymer.  In the (VPGXG)n system we can substitute at the X residue.41   

The remarkable viscoelastic properties of elastin peptides are thought to arise from 

weakening of peptide-water interactions at elevated temperatures which results in a 

hydrophobic collapse of the peptide 15,24,40  The balance between enthalpy and entropy 

determines the critical temperature.  Below Tc, the favorable enthalpic contribution from 

amide-water hydrogen bonds and/or charged side chain-water interactions compensate 

for the unfavorable entropy arising from solvation of hydrophobic groups.24  The relative 

importance of this enthalpy advantage is decreased at higher temperatures.  Part of this 

loss results from increased thermal fluctuations which weaken peptide-water hydrogen 

bonds.  The  loss of water-peptide hydrogen bonding-derived stabilization forces the 

extended peptide chains to contract to minimize the impact of the unfavorable entropy.24  

Increased librational entropy 42-45 of the released water molecules reduces the entropic 

cost of hydrophobic solvation and compensates for the loss of configuration entropy 

incurred upon elastin’s transition. 3,4,22,23   
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Unfortunately, there are no high resolution NMR or X-ray structures of elastin 

because of the high mobility of the peptide’s backbone.40  This lack of detailed 

knowledge regarding conformational transitions in elastin has significantly impeded 

efforts for establishing a clear link between structure and function of elastin peptides.  

Based on spectroscopic studies, Venkatachalam and Urry 23 proposed that that upon an 

increase in temperature, the highly mobile peptide chains adopt a rigid, well ordered β-

spiral conformation.  A β-spiral is composed of repetitive β-type II turns, which form a 

helix-like structure without inter-turn (i – i + 4) hydrogen bonds.17,22,23,46  This model is 

supported by NMR and Raman studies.47  These spectroscopic studies found that the 

collapsed state of the polymer resembles the structure of cyclic (VPGVG)3 peptide 

crystallized from a mixed water/D2O-methanol solvent.17,18,22,23   

Below Tc, the cyclic peptide exists in a β-type II turn conformation which at high 

concentrations precipitates at elevated temperatures, presumably into an ordered β-spiral-

like conformation.23  Reiersen et al 40 used CD spectroscopy to demonstrate that the 

transition is independent of chain length.  The smallest cooperative unit appears to be the 

pentamer (VPGXG), indicating that long range interactions do not play a significant role 

in elastin’s inverse transition.  The authors demonstrate that small elastin peptides show a 

broad transition between 1 and 77 ºC where the CD global minimum (200 nm) decreases 

with increasing temperature.  The temperature-dependent behavior of (VPGVG)-repeat 

elastin peptides appears to be pH-independent.40  

While Venkatachalam and Urry’s β-spiral model is consistent with some of the 

spectroscopic studies, it does not agree with studies of tissue-derived, water-swollen 

elastin fibers, which indicate that elastin collapses to a random coil-like conformation.48-
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51  Recent molecular dynamics simulations by Li et al 3,4 suggest that the collapsed state 

of elastin is best described as a “compact amorphous structure”.  The MD study found 

that when starting from an idealized β-spiral conformation at low temperatures, the 

expanded peptide chain retained significant β-spiral population.  At high temperatures, 

however, β-turns and β-strand-like conformations dominate.  These results suggest that 

the collapsed state of elastin may be best described as a molten globule where the peptide 

chain locally adopts a short-range β-spiral-like conformation.3,4 

In this work we used CD and UVRR to examine temperature-dependent conformation 

changes in cyclic and linear elastin.  Our results indicate that the cyclic peptide 

predominantly populates distorted β-strand, β-type II and type III turn conformations.  In 

contrast, linear elastin predominantly populates β-type III turn and distorted β-strand 

conformations, with a minor β-type II turn population, as well.   

5.2 EXPERIMENTAL  

The UV resonance Raman spectrometer has been described in detail elsewhere.52  

Briefly, 2 mw of 204 nm UV light was generated by Raman-shifting the 355 nm 3rd 

harmonic output of an Nd:YAG laser (Coherent, Infinity) in H2 gas.  These UV pulses 

were then focused at ~45 degrees from the normal to produce a sub-mm spot near the 

interior surface of a rotating fused silica NMR tube (Wilmad) filled with ~1 mL of the 

sample solution.  A 135o backscattering geometry was used for collecting the Raman 

scattered light, which was then dispersed by a custom-made subtractive double 
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monochromator onto a back thinned CCD camera (Princeton Instruments-Spec 10 

System).52  

The 15-residue long cyclic (VPGVG)3 and linear elastin GVG(VPGVG)2VP were 

obtained from the Pittsburgh Peptide Synthesis Facility (PPSF, >95% purity) and used at 

1 mg/ml concentrations at pH 7.  The cyclic peptide was prepared by cyclization of the 

linear variant (PPSF, >95% purity).  Raman spectra (average of three five-minute spectra) 

were normalized relative to the peak height of the 0.1 M perchlorate’s 932 cm-1 band.  

Three replicate measurements of separately prepared elastin solutions were recorded to 

ensure measurement reproducibility.  Solution pH was adjusted by adding small aliquots 

of HCl or NaOH.  Temperature-dependent CD spectra (average of 10 spectral 

accumulations) of similarly prepared solutions (pH ~5) at 1 mg/ml were measured on a 

Jasco-715 spectropolarimeter using a 200 μm path length quartz cell. CD and Raman 

spectra of linear elastin measured at 20 °C subsequent to the elevated temperature 

measurements were similar to those measured prior to the temperature increase, 

indicating the absence of significant photo- or thermal degradation or irreversible 

aggregation.  The CD spectrum of cyclic elastin shows a slight overall decrease in 

amplitude after heating.  This change likely derives from temperature-induced 

degassing/bubble formation on cell walls at high temperatures.   
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5.3 RESULTS AND DISCUSSION 

5.3.1 Cyclic Elastin   

We examined the temperature dependence of cyclic elastin’s conformation by measuring 

the circular dichroism (CD) spectra between 0 and 50 ºC (Fig 5.1).  At 0 ºC the cyclic 

elastin spectrum shows a negative maxima at ~222 nm, a maximum at ~207-nm and a 

global minimum below 200 nm.  Previous studies indicate that in elastin peptides the 

presence of a relatively weak negative maxima at ~222 nm is indicative of the presence 

of β-type I/III turn conformation, while the maximum at ~207 nm is indicative of a β-type 

II turn conformation.24,40,53  It should be noted that typically a negative maxima at 222 nm 

is associated with either an α-helix- or 310-helix-like conformation.  However, in such 

cases the global minimum is located above 200 nm, typically around 205-207-nm.53-55  In 

cyclic elastin the global minimum is located below 200 nm, which indicates a significant 

random coil population, thus excluding the possibility that the feature at 222 nm arises 

from either α-helix or 310 helix-like conformations.  These results indicate the global 

conformation of cyclic elastin contains significant random coil and β type II and β-type 

III turn conformations.  As the solution temperature is increased, the global minimum 

value becomes less negative (Fig 5.2).  A decreased global minimum is regarded as a 

hallmark of elastin’s inverse temperature transition.24,56,57  No significant changes are 

observed in either the 222- or 207-nm region (Fig 5.1).  



 

Figure 5.1: Temperature dependent CD spectra of cyclic elastin.  The insert shows the 20 ºC CD 

spectra of cyclic elastin during and subsequent to heating.  The CD spectrum subsequent to heating 

(20 ºCb) shows a slight overall decrease in spectral intensity after heating.  This change likely derives 

from temperature induced degassing/bubble formation on cell walls at high temperatures.   
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Figure 5.2: Temperature dependent changes in the mean residue ellipticities of cyclic and linear 

elastin at 200 nm 

 

We further probed the temperature dependence of cyclic elastin’s backbone 

conformation by measuring the 204-nm-excited UV resonance Raman spectra at 20 ºC 

and 60 ºC (Fig 5.3).  There are only three unique types of peptide bonds in elastin, those 

involving Gly, Pro and Val.  The Raman amide bands significantly differ for these 

peptide bonds such that they are easily differentiated.   
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Figure 5.3: 204-nm UV resonance Raman spectra of cyclic elastin measured at 20 and 60 ºC 

normalized to the intensity of 932 cm-1 perchlorate band.  The difference spectrum shows 

temperature dependent changes in the conformation-sensitive AmIII3 region, as well as intensity 

changes in the Cα-Hb region. The AmII'p narrows at 60 ˚C suggesting the proline peptide bonds 

adopt a more well-defined conformation at higher temperatures.  The trough in the AmII region is 

an artifact that derives from over-subtraction of the interfering O2-stretching vibration at 1560 cm-1 

when the NMR tube contribution was subtracted from the measured spectrum. 

 

Proline forms a tertiary amide where the pyrrolidine ring side chain loops back onto the 

backbone.  Consequently, Pro peptide bond lacks the amide hydrogen (NH) 58,59 and all 

the C-N stretching motion is concentrated in a single Raman band labeled AmII'p (amide 
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II' of proline).60  The AmII'p band is thought to be sensitive to local conformation and/or 

hydrogen bonding of the Pro peptide bond.61-63 

In secondary amides such as those formed by Val and Gly, the amide hydrogen’s 

bending motion (NHb) couples with the C-Ns and CαHb motion, resulting in a complex 

spectrum that shows multiple bands, namely the AmII (C-Ns with some NHb at ~1550 

cm-1), CαHb (1380 cm-1), and various AmIII bands (predominantly C-Ns and NHb, 

between ~1200 cm-1 and 1280 cm-1).   

The Gly peptide bond spectrum spectroscopically differs from other non-prolyl peptide 

bonds due to its two low mass hydrogen atom side chains.  The Gly peptide bonds show a 

single AmIII band at 1284 cm-1 (AmIIIG) in the amide III region.64,65  In contrast the Val 

peptide bonds show typical Raman spectra in the AmIII region comprising of the AmIII1, 

and AmIII2 bands along with the conformationally sensitive AmIII3 band.  The 

conformation sensitivity of the AmIII3 band arises due to Ψ-angle-dependent coupling 

between NHb and CαHb motions.66  In extended PPII-like conformations the NH and CαH 

hydrogens are cis allowing for a maximum coupling between NHb and CαHb motions.  

However, in α-helical conformations the NH and CαH hydrogens are trans which results 

in insignificant coupling.67  In Gly, this conformation sensitivity may be lost or decreased 

due to the presence of two Cα hydrogens (CαH2) which allows for some coupling with 

CαH for all accessible Ψ angles.   

Thus, for elastin peptides we use the AmII'p and the Val AmIII3 bands to probe the 

conformation and/or hydrogen bonding state of Pro and Val peptide bonds.  We utilize 



CD spectroscopy along with the UVRR information on the Val and Pro peptide bonds to 

infer Gly peptide bond conformation. 

 

Figure 5.4: Spectral deconvolution of 20 ºC 204 nm UV resonance Raman spectra of cyclic elastin 

with mixed Gaussian and Lorentzian bands.  The quality of the fit is evident from the flat residual 

displayed underneath. 

 

As shown in Fig 5.4, we deconvoluted the measured 204-nm excited UVRR spectrum 

into a sum of a minimum number of mixed Gaussian and Lorentzian bands by using the 

peak fitting routine in Grams (Galactic Industries Corporation, Grams version 5).  The 

broad ~1660 cm-1AmI band (predominantly C=Os) is composed of two overlapping 

bands centered at 1674 and 1635 cm-1.  Thomas et at have reported that the amide I 

90 

 



91 

 

region of crystalline cyclic elastin suspended in its mother liquor shows two prominent 

AmI bands at ~1652 and 1676 cm-1.  These authors suggest that both the 1652 and 1676 

cm-1 AmI bands likely derive from β-type II turn conformations.47  However, the origin 

of the frequency difference between these two AmI bands was not discussed. 

The two underlying AmI components (1674 and 1635 cm-1) do not result from 

intrinsically different frequencies for the amide I bands of the Val, Gly and Pro peptide 

bonds.  Polyproline peptides show AmI bands in the region between 1640 cm-1 and 1650 

cm-1
, while polyglycine peptides show AmI bands at ~1650 cm-1.65,68,69  The typical non-

prolyl, non-glycyl peptide bonds in unfolded peptide conformations typically show a 

single broad amide I band at 1665 cm-1.70,71  This frequency spread would not typically 

result in two overlapping AmI bands at 1635 and 1674 cm-1. 

The frequency differences observed for the amide I band either results from 

significantly different amide bond conformations or from different carbonyl hydrogen 

bonding.  Lazarev et al68 reported that the IR absorption spectra of Z-(Gly1-Pro2-Gly3)4-

OMe peptide in D2O shows a broad AmI band that appears to be composed of three 

different AmI components located at 1632 cm-1, 1650 cm-1 and 1669 cm-1.  These authors 

attributed the high frequency 1669 cm-1 AmI component to the dehydrated/weakly 

hydrogen-bonded carbonyl of Gly3.
68  Recently Spiro and coworkers reported observing a 

similar high frequency UVRR AmI band in the PPII (1677 cm-1) and β-sheet (1670 cm-1) 

conformation of polyK peptide.72  Boury and coworkers73 suggest that a similar high-

frequency AmI component in Gliadin and Globulin proteins derives from random coil 

and/or β-turn conformations.   
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Our CD results indicate that the cyclic elastin peptide predominantly adopts an 

extended β-strand-like conformation with some β-turn character, discounting the 

possibility that the high frequency AmI component derives from β-sheet-like 

conformations.  We therefore, conclude that the broad 1635 cm-1 AmI component of 

elastin likely derives from hydrogen-bonded peptide bonds, whereas the 1674 cm-1 

component of elastin derives from dehydrated or weakly hydrogen bonded peptide bonds. 

The peptide bond dehydration may correlate with weak amide-amide hydrogen bonding 

in β–turn-like conformations.  X-ray studies of cyclic elastin peptide (VPGVG)3 indicate 

three β-type II turns.  The β-turn spans the VPGV unit and includes a hydrogen bond 

between the two Val peptide bonds.  The other Gly residue appears to serve as a bridge 

between adjacent turns.47,74  It is likely that in aqueous solutions, the weakly hydrogen-

bonded turn conformation is stabilized against strong peptide-water hydrogen bonding by 

the bulky β-branched side chains of Val which are known to restrict water access to the 

peptide backbone.75  A lack of significant change in elastin’s AmI region at high 

temperatures (Fig 5.2) suggests minimal changes in elastin’s hydrogen bonding state.  

Similar results were reported by Thomas et al. who did not observe any significant 

change in the amide spectra upon the phase transition.47  A lack of significant change in 

the AmI region at high temperatures suggests the inverse temperature transition of elastin 

does not significantly impact the hydrogen bonding state of the peptide backbone.   

The AmII band at ~1558 cm-1 involves C-N stretching with some N-H bending.71  The 

trough in the AmII region (Fig 5.3) is an artifact from over-subtraction of the interfering 

molecular oxygen vibration at 1560 cm-1. 
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The AmII' band of Pro (AmII'p)60 located at 1466 cm-1 is predominantly a C-N stretch 

which is thought to be sensitive to local conformation and/or hydrogen bonding of Pro’s 

peptide bond.  The AmII'p downshifts from 1466 to 1460 cm-1 and its band width 

(FWHM) appears to narrow from 50 cm-1 to 47 cm-1 as the solution temperature is 

increased from 20 to 60 ˚C (Fig 5.3).  We recently demonstrated that the AmII'p band 

frequency is sensitive to the peptide backbone conformation of proline.61  The narrowing 

of the AmII'p band at high temperatures indicates a narrower conformational distribution 

of the proline peptide bond at 60 ºC. 

Takeuchi et al62 suggested that the AmII'p frequency depends on the hydrogen bonding 

state of Pro.62,76  If that were true then the observed changes in the AmII'p frequency 

would suggest weakening of amide-water hydrogen bonds at high temperature.  

However, we see little evidence from the AmI band for peptide bond dehydration.   

The CαHb band is located at 1385 cm-1.  The presence of the resonance-enhanced CαHb 

band is correlated with the presence of non α-helical conformations.70,77  In elastin 

peptides the CαHb intensity derives only from the Val and Gly peptide bonds, although as 

discussed above, we expect that the impact of Val peptide bond conformational changes 

on the CαHb band intensity would be more than what would occur for the Gly peptide 

bond.   

The Amide III region has recently been examined and reassigned.78-82  The AmIII1 

band is located at 1346 cm-1
, while a weak AmIII2 band is located at ~1322 cm-1.  In 

cyclic elastin these bands derive only from Val peptide bonds.  The 1287 cm-1 AmIII 

band likely derives from glycine peptide bonds.  The broad AmIII3 band located at ~1246 
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cm-1 is composed of two overlapping bands at ~1251 and ~1233 cm-1 (Fig 5.3) which 

derive from the Val peptide bonds.  

Recently, Mikhonin et al 83 quantitatively demonstrated that the AmIII3 band frequency 

depends upon the ψ dihedral angle and the hydrogen bonding state of the amide bond.78,83  

Furthermore, Mikhonin and Asher 84 demonstrated that the resonance enhanced AmIII 

and CαHb bands each scatter independently i.e. there is negligible coupling between 

adjacent peptide bonds.  The UVRR spectra in the AmIII and CαHb region can therefore 

be regarded as a linear sum of individual peptide bonds.  Hence, the AmIII3 spectra 

represent the time-averaged conformation distribution of the peptide bonds.54,85 

Using Mikhonin et al’s83 methodology for correlating the ψ dihedral angle with the 

AmIII3 band position, we find that the 1251 cm-1 band could originate from either a β-

type III turn-like conformation (ψ ~ -35º) or a distorted β-strand-like conformation (ψ ~ 

+165º, see Table 5.1).  The presence of a strong CαHb band indicates the existence of 

significant non-α-helical conformations.  As discussed above, the presence of a minimum 

at 222 nm along with a global minimum below 200 nm in the CD spectra (Fig 1) 

indicates that some fraction of cyclic elastin exists in a β-type III turn conformation with 

a significant content of random-coil like conformation.  We therefore conclude that the 

1251 cm-1 Raman band of cyclic elastin likely contains contributions from both the 

distorted β-strand and type-III turn like conformations.  Similarly, Mikhonin et al’s data 

suggest the 1233 cm-1 AmIII3 band could originate from either anti-parallel β-sheet (ψ = 

+135º) or β-turn (ψ = 0º) conformations.  Taking our cue from previous elastin studies 23 

we assign the 1233 cm-1 AmIII3 band to β-type II turn conformations of the Val peptide 

bonds.   
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Table 5.1: Conformation Distribution of Linear and Cyclic Elastin 

Band Position (cm-1) Ψ Angle (degree)  Conformation 

   Cyclic Elastin 

1251 -35º 

+165º 

β-Type III turn 

Distorted β-strand 

1233 0º β-Type II turn 

   Linear Elastin 

1250 -35º  

+165º 

β-Type III turn 

Distorted β-strand 

1230 0º β-Type II turn 

 

The spectra in the CαHb and AmIII3 region show some changes in band intensities and 

position as the temperature is increased from 20 to 60 ˚C.  The frequency of the CαHb 

band is temperature independent.54,78,86  The CαHb band region in the difference spectrum 

shows a small positive peak; decrease in the CαHb band intensity at high temperatures 

indicates a decrease in the extended state (distorted β-strand) population (Fig 5.3).  The 

AmIII3 band appears to show increased band intensity at 60 ˚C, as indicated by a trough 

in the difference spectrum at ~1235 cm-1, which suggests an increased β-type II turn 

population.   

 



5.3.2 Linear Elastin  

At 20 ºC, the 204-nm UVRR spectrum of linear elastin (Fig. 5.5A) resembles the 20 ºC 

cyclic elastin spectrum—suggesting that the ensemble conformations of linear elastin’s 

Val and Pro peptide bonds are similar to their counterparts in cyclic elastin.  The cyclic 

and linear elastin peptides have similar sequences, although the cyclic peptide has an 

extra peptide bond (P-G) due to cyclization of the linear variant and has no charged 

groups.   

 

Figure 5.5: A) 204-nm UV resonance Raman spectra of linear and cyclic elastin at 20 ºC and their 

difference spectra.  The featureless difference spectrum indicates that the cyclic and linear peptides 

have similar conformations. B) CD spectra of linear and cyclic elastin at 20 ºC.  Cyclic elastin shows 

a more prominent positive feature at ~207 nm, indicating a greater population of β-type II turns in 

the cyclic peptide. 

 

The CD spectrum shows a smaller β-type II turn population for linear elastin than for 

cyclic peptide as indicated by a less prominent band maximum at ~207-nm (Fig 

5.5B).12,24,40  A lack of significant difference in the UVRR spectra of linear elastin versus 
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cyclic elastin suggests that the increased turn population is localized in conformational 

changes at the Gly peptide bonds.  Previous studies suggested that linear elastin’s Gly 

residues are highly mobile.87 

The CD spectra of linear elastin show little temperature dependence at 222- and 207-

nm (Fig 5.6), whereas the global minimum below 200 nm becomes less negative with 

increasing temperature (Fig 5.2 and 5.6).  The linear slope of the melting curve indicates 

a non-cooperative transition (Fig 5.2).  The presence of a negative maxima at ~222 nm 

indicates the presence of β-type III turn conformation, while a weak maximum at ~207- 

nm is indicative of some β-type II turn conformation.40  Presence of the global minimum 

below 200 nm indicates a significant random coil population.40,53   

 

Figure 5.6: Temperature dependent CD spectra of linear elastin.  The insert shows the 20 ºC CD 

spectra of cyclic elastin during and subsequent (20 ºC) to heating. 
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The mean residual ellipticity (MRE) of linear elastin at 198 nm of ~4000 

deg*cm2*residue-1*dmol-1 at 0 ºC is significantly smaller than the values reported by 

Reiersen et al 40 for short elastin-like peptides.  Although, the sequence of peptides in the 

two studies differs (our peptides have extra Val and Pro residues at the N-terminus) both 

Reiersen et al’s and our study show similar spectral features.  The relatively small MRE 

indicates greater β-turn character 40 for our peptide, which likely arises due to the 

presence of hydrophobic terminal Val and Pro residues.  Our CD results indicate that the 

linear elastin peptide predominantly populates random coil and β-type III turn-like 

conformations along with a small population of β-type II turns.   

As shown in Fig. 5.7, spectral deconvolution of the UVRR spectrum of linear elastin 

at 20 ºC reveals a similar AmI region as cyclic elastin’s with AmI bands at ~1635 cm-1 

and 1672 cm-1.  The trough in the AmII region is an artifact arising due to over-

subtraction of the 1560 cm-1 molecular oxygen contribution.  The AmII'p is located at 

1463 cm-1, while the resonance-enhanced CαHb 
70,77 is located at 1383 cm-1.  The AmIII1 

band is located at 1348 cm-1 while a weak AmIII2 band is located at 1318 cm-1.  The 

AmIIIG is located at ~1285 cm-1.  The conformation-sensitive AmIII3 region (deriving 

from Val) shows a broad band at ~ 1247 cm-1 that is likely composed of two overlapping 

bands located at ~1250 and ~1232 cm-1 (Fig 5.7).  According to Mikhonin et al 83 the 

1232 cm-1 band likely derives from β-type II turn like conformations (ψ ~ 0º), while the 

1250 cm-1 band likely derives from distorted β-strand (ψ ~ +165º) and β-type III turn-like 

conformations (ψ ~ -35º, see table 1). 



 

Figure 5.7: Spectral deconvolution of 20 ºC 204 nm UV resonance Raman spectra of linear elastin 

with Gaussian and Lorentzian bands.  The quality of the fit is evident from the flat residual. 

 

Recently, Ohgo et al 88 utilized solid-state NMR techniques in conjunction with a 

statistical analysis of Brookhaven Protein Databank (PDB) to estimate the angular 

distribution of the two central Val peptide bonds (Val 14 and 16) in an isotope-labeled 

(VPGVG)6 lyophilized peptide.  The authors found that Val-14 shows a bimodal 

distribution of (Φ,Ψ) values at: (-110 ± 20º, 130 ± 20º) and (-75 ± 15º, -15 ± 15º) which 

constitutes 70% and 30% of total population, respectively.  Val-16 residue adopts the 

(Φ,Ψ) values of (-90 ± 15 º, 120 ± 15º).  A bimodal distribution was also observed for the 

central Gly and Pro peptide bonds suggesting that elastin conformation is an ensemble of 

multiple conformations with some minor β-spiral contribution.  Ohgo et al’s 88 calculated 
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Ψ angle values for Val are similar to our UVRR-derived Ψ angles.  The slight differences 

in Ψ angle values likely derive from increased peptide backbone mobility in our aqueous 

phase experiment.  This suggests that the aqueous conformations observed in our UVRR 

experiment also occur in the lyophilized solid-state samples of Ohgo et al. 88 

As the solution temperature is increased from 20 to 60 ˚C, the AmIII3 band shows a 

small increase in band intensity as indicated by a trough in the difference spectrum at 

~1237 cm-1, suggesting an increased β-type II turn population (Fig 5.8).  The AmII'p band 

narrows (ΔFWHM = 2 cm-1) as the solution temperature is increased from 20 to 60 ˚C, 

suggesting a narrower conformation distribution at 60 ºC, although the narrowing in 

linear elastin (ΔFWHM = 2 cm-1, Fig 5.8) is just a little less than in cyclic elastin 

(ΔFWHM = 3 cm-1, Fig. 5.2).  Furthermore, unlike in cyclic elastin, the band position of 

the AmII'p band in linear elastin remains invariant with temperature.  This suggests that 

unlike the prolines of cyclic elastin, linear elastin’s prolines do not undergo a significant 

conformation change with increasing temperature.   



 

Figure 5.8: 204-nm UV resonance Raman spectra of linear elastin measured at 20 and 60 ºC.  The 

difference spectrum shows narrowing of the AmII' band width at 60 ºC which is indicative of a 

transition to a relatively well-defined conformation.  The trough in the AmII region is an artifact that 

derives from over-subtraction of the interfering O2 stretching vibration at 1560 cm-1 when the NMR 

tube contribution was subtracted from the measured spectra 

5.4 CONCLUSION 

We utilize electronic circular dichroism (CD) and UV resonance Raman spectroscopy at 

204-nm excitation to examine the temperature dependence of conformational changes in 

cyclic and linear elastin peptides.  We use CD spectroscopy to examine global 

conformation changes in elastin peptides, while UVRR probes the local conformation and 
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hydrogen bonding of Val and Pro peptide bonds.  Our results indicate that the cyclic 

peptide predominantly populates distorted β-strand, β-type II and β-type III turn 

conformations at 20 ºC.  At 60 ºC, the β-type II turn population increases somewhat while 

the distorted β-strand population decreases as indicated by changes in the AmIII3 and 

CαHb regions.   

The ensemble population of linear elastin is predominantly β-type III turn and distorted 

β-strand with some β-type II turn population regardless of solution temperature.  

Increasing temperature results in a small increase in the β-type II turn population; 

furthermore, we observe narrowing of the AmII'p band with increasing temperature 

which suggests a narrowed conformation distribution at high temperatures. 

Our CD spectra of linear elastin vs. cyclic elastin indicate a greater β-type II-turn 

population for cyclic elastin.  However, the UVRR of cyclic and linear elastin do not 

show any significant differences.  This result suggest that the increased type II turn 

content of cyclic elastin is likely due to cyclization induced conformation changes at Gly 

peptide bonds.  

Our results demonstrate that for both cyclic and linear elastin the global conformation 

changes are predominantly driven by conformation changes at the proline and glycine 

peptide bonds, whereas the Val peptide bonds show relatively little conformation changes 

with increasing temperature.  However, the Val peptide bonds are probably not mere 

spectators; they likely play a pivotal role in the inverse temperature transition of elastin 

peptides.   

We find that both the cyclic and linear elastin peptide show a broad AmI band which is 

likely composed of two overlapping bands at ~1674 and 1635 cm-1.  The 1635 cm-1 
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component derives from hydrogen-bonded peptide bonds, whereas the ~1674 cm-1 

component likely derives from dehydrated/weakly hydrogen-bonded peptide bonds that 

are likely engaged in weak intra-molecular hydrogen bonding as part of a local β-turn 

conformation.47  The weakly hydrogen-bonded β-turn is likely protected against amide-

water hydrogen bonds by the bulky β-branched side chains of Val, which are known to 

shield the peptide backbone from water molecules.75  The absence of some peptide-water 

hydrogen bonds in the extended conformation of elastin as compared to typical unfolded 

peptides such as the XAO peptide which predominantly adopts a PPII conformation,71,89-

91 reduces the enthalpic advantage of the elastin’s extended state over its entropically 

unfavorable collapsed state and narrows the free energy gap between the extended and 

collapsed states such that a temperature increase induces the inverse transition.   

A lack of significant change in the AmI region at high temperature suggests the inverse 

temperature transition of elastin does not significantly impact the hydrogen bonding state 

of the peptide backbone.  Furthermore, small intensity changes in the AmIII and CαHb 

band region indicate that elastin’s phase transition is accompanied by only a small 

conformation change resulting in increased β-turn population.  The increased β-turn 

content does not appear to impact the hydrogen bonding state of elastin.  It is likely that 

the phase transition in elastin peptides is primarily driven by changes in conformation 

and/or hydration of the alkyl side chains.   
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UV-Resonance Raman Reveals Temperature-Induced 
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6.0  UV-RESONANCE RAMAN REVEALS TEMPERATURE-INDUCED 

HYDROPHOBIC COLLAPSE IN POLYPROLINE PEPTIDE 

We utilized UV-resonance Raman (UVRR) measurements and density functional theory 

(DFT) calculations to relate that the AmII'p frequency to the Ψ-angle.  The AmII'p 

frequency shifts by ~ 25 cm-1 as the Ψ-angle is varied over allowed angles of the pro 

peptide bond.  The AmII'p frequency does not show any significant dependence on  the 

Φ-dihedral angle.  We use this AmII'p frequency dependence on the Ψ-angle to 

demonstrate that the polyproline peptide undergoes a temperature-induced hydrophobic 

collapse.  The temperature-induced 7 cm-1 downshift in the AmII'p frequency of the 

polyproline peptide results from a 45º rotation of the Ψ dihedral angle from Ψ = 145º 

(ideal PPII conformation) to Ψ = 100º (collapsed PPII conformation).  The resulting 

hydrophobic collapse of polyproline is driven by changes in peptide-water interactions.  

The collapsed polyproline peptide is ~26% shorter in length, which results in a ~25% 

decrease in its solvent accessible surface area 
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6.1 INTRODUCTION 

The unique pyrrolidine ring side chain of the proline amino acid loops back onto itself to 

form a tertiary amide that imposes significant restrictions on the N-Cα (Φ) bond 

rotation.1-5 The reduced conformational freedom of pro residues enforces local order in 

proteins and peptides which is often utilized in the nucleation and control of secondary 

structure motifs.1-10  Lacking an amide hydrogen, pro residues cannot engage in more 

than one inter-peptide hydrogen bond.8,9,11-14  Consequently, pro residues are typically 

found at the start of α-helices, the edges of β-sheets, and most frequently, loops, 

unordered, and turn regions1.  When located in the middle of stable helices, such as in 

trans-membrane proteins, pro residues induce a kink along the α-helical axis.15,16 

The pro peptide bond’s cis-trans isomerization can influence protein conformation 

during folding, as it often controls the rate limiting step.17,18  For example, in refolding of 

ribonuclease T1, the pro cis-trans isomerization rate constant is estimated to be          

1x103 s-1.19  In contrast, a typical protein such as cytochrome b562 has a refolding rate of  

2 x 105 s-1.20-22 

Given the important impact of pro peptide bond isomerization on folding kinetics, it is 

important to identify spectroscopic markers that can differentiate between cis and trans 

isomers of the pro peptide bond.  While, it is possible to differentiate isomeric states of 

pro by 13C-NMR spectroscopy,23-26 no such clear-cut quantitative markers yet exist in 

IR27 or Raman spectroscopy.28,29  Recent Raman studies have investigated the AmII' band 

of pro (AmII'p) as a possible marker for pro isomerization.29-34  
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The AmII'p vibration is similar to the AmII' vibration of deuterated amide bonds in that 

it involves significant C-N stretching.35-38  The Raman AmII'p frequency and intensity 

has been experimentally observed to depend upon protein conformation.31-33 In addition, 

the band frequency appears to depend on the identity of the neighboring (i-1) residue.34  

These studies also led to the suggestion that the AmII'p frequency was sensitive to the 

isomeric state of the pro peptide bond.  However, significant disagreements exist in the 

literature over the quantitative interpretation of the AmII'p band frequency      

dependence.31-34   

Caswell and Spiro reported that in polyproline the AmII' band downshifts from 1465 to 

1435 cm-1 upon conversion of polyproline from the PPII (trans) to the PPI (cis) 

conformation.31  However, Harhay and Hudson30 reported that at 200-nm excitation, 

simple X-Pro dipeptides did not show any changes in the AmII'p band frequencies when 

their cis content was increased via pH increases.  These authors also attributed the 

observed decrease in the AmII'p band intensity to a pH induced bathochromic shift of the 

UV absorption.30  

An alternative interpretation of the AmII'p spectral frequency dependence was 

suggested by Takeuchi and Harada34 who proposed that the shift in the band position 

observed during denaturation of proteins could be due to changes in the hydrogen 

bonding of the pro peptide bond.  The authors reported that in aprotic solvents such as 

acetonitrile, the AmII'p downshifts by ~25 cm-1 as compared to aqueous solution, 

suggesting that solvent-amide hydrogen bonding is primarily responsible for the observed 

changes in band position.34 
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Takeuchi and Harada’s34 hydrogen bonding mechanism, however, fails to reconcile the 

frequency differences observed in small, solvent accessible, X-Pro dipeptides where the 

band positions are known to differ by as much as 10 cm-1 depending upon the identity of 

the neighboring residue (i-1).  Jordon et al39 suggested that the side chain modes of the i-

1 residue likely couple with the C-Ns vibration of the pro peptide bond.   

A more recent study by Triggs and Valentini however, directly contradicts 

Takeuchi and Harada’s34 interpretation of the AmII'p frequency shift.40  In their UV-

Raman study, utilizing pre-resonance enhancement, Triggs and Valentini systematically 

examined the impact of solvation and hydrogen bonding by using model peptide bonds of 

ε-caprolactam, N,N-dimethylacetamide (DMA) and N-methylacetamide (NMA) in the 

liquid, aqueous and gaseous phases.40  Their results demonstrate that the AmI (C=Os) 

frequency is sensitive to hydrogen bonding.  However, the frequency of the AmII'-like 

vibrations of DMA (a tertiary amide) and ε-caprolactam (a cis amide) show no significant 

dependence on hydrogen bonding.40   

In a recent theoretical study of NMA and NMA-water complexes (and their 

deuteratred isotopomers) we recently demonstrated that the AmII and AmII' like 

vibrations of NMA and d-NMA lack significant dependence on C=O hydrogen bonding 

because the C-Ns motion makes a relatively small contribution to the AmII (~25%) and 

AmII' like vibrations (~8%).41  In contrast the hydrogen bond dependent AmI C=O’s 

vibration is > 75% C=Os.  The hydrogen bond dependence of the AmII (C-Ns and NHb) 

vibration of NMA derives from its N-Hb component which makes up to 50% of the AmII 

normal mode composition.41   



113 

 

The apparent lack of an AmII'p hydrogen bonding frequency dependence obscures our 

understanding of AmII'p frequency shifts.  In particular, it frustrates our understanding of 

conformation/hydration changes in pro rich peptides such as the pro rich elastin peptides.  

These biologically important peptides undergo a large volume-change in response to 

specific stimuli such as temperature or ionic strength.42 

Here we systematically examine the conformation, isomerization and hydrogen bond 

dependence of the AmII'p frequency of various pro derivatives using a combination of 

UV resonance Raman (UVRR) measurements and density functional theory (DFT) 

calculations.  Our results indicate that the AmII'p band position is insensitive to changes 

in amide-water hydrogen bond strength.   

The frequency of the cis and trans conformers differs by ~8 cm-1.  We find that the 

AmII'p band position is very sensitive to non-planarity of the pro peptide bond as 

measured by its Θ-dihedral angle.  The peptide bond non-planarity is modulated by 

conformation changes that alter the Ψ-angle such that the amide nitrogen is pushed out of 

the peptide bond plane.  This result allows us to correlate the AmII'p Raman band 

frequency to the local conformation of the pro peptide bond.   

We correlate a temperature-induced 7 cm-1 downshift in the AmII'p frequency of the 

polyproline peptide to conformational changes deriving from a 45º rotation of the Ψ-

dihedral angle from Ψ = 145º (extended PPII conformation) to Ψ = 100º (collapsed PPII 

conformation).  The collapsed polyproline peptide is ~26% shorter in length, which 

reduces its solvent accessible surface area by ~25%.   
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6.2 EXPERIMENTAL 

The UV resonance Raman (UVRR) spectrometer has been described in detail 

elsewhere.43  Briefly, 204 nm UV light was obtained by generating the fifth anti-Stokes 

Raman harmonic of the 3rd harmonic of a Nd:YAG laser (Coherent, Infinity) in H2 gas.  

The sample was circulated in a free surface, temperature controlled stream.  A 165o 

backscattering geometry was used for sampling.  The collected light was dispersed by a 

subtractive double monochromator onto a back thinned CCD camera (Princeton 

Instruments-Spec 10 System).43  

Ac-Pro and X-Pro dipeptides (X = Trp, Ala, Gly, Val, Leu, Ser, and Phe) were acquired 

from Bachem, while polyproline (m.w. = 5800), sodium perchlorate and D2O were 

acquired from Sigma-Aldrich.  The chemicals were used as received.  1 mg/ml of peptide 

concentration in 0.2 M sodium perchlorate solution were used for UVRR measurements.   

6.2.1 Computational details 

All calculations were performed using the Gaussian’0344  calculation package at the 

DFT45-47 level of theory employing the B3LYP48-50 combinational functional and 6-

311+G* basis set. Calculated frequencies were scaled by a 0.98 scaling factor.51,52 The 

Polarizable Continuum Model (PCM) as implemented in Gaussian’03 was utilized to 

account for solvent effects.  We optimized the geometry and calculated the harmonic 

vibrational frequencies of the following species: 
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1. The cis and trans isomers of Ac-Pro-Me, where the cis and trans isomers were 

defined by the ω torsional angle C'-N-C-C''.  During geometry optimization this 

torsional angle was fixed at 180° for the trans conformer and 0° for the cis-

conformer. 

2. The frequencies of the optimized trans zwitterionic ala-pro molecule (Φ = -90º, Ψ 

= 145º) were calculated in vacuum (ε = 1.00) and in water (ε = 78.39), acetonitrile (ε 

= 36.64), and heptane (ε = 1.92) to probe the impact of the dielectric constant on the 

AmII'p vibrational frequency.  Similarly, we calculated the frequency of trans 

zwitterionic ala-pro in water (PCM) hydrogen bonded to an explicit water molecule at 

the C=O site.  The angle between the water molecule and the C=O group was fixed at 

180º during optimization. 

3. A series of zwitterionic ala-pro conformers with the Φ-dihedral angle fixed at -

80° and Ψ = -90°, -70°, -60°, -50°, -45°, 60°, 90°, 120°, 140°, 145°, 150° were 

calculated in water.  In heptane (PCM) only Ψ = -90°, -60°, -45°, 60°, 120°, 145°, 

160° values were calculated.  In gas phase calculations ala-pro conformers were 

calculated for Φ = -80° and Ψ = -90°, -60°, -45°, 60°, 120°, 145°. 

4. A series of zwitterionic ala-pro conformers with Ψ = 145° and Φ = -60°, -90°, -

100° and -120° were calculated for ala-pro in water and in the gas phase.  In heptane 

and acetonitrile, we calculated conformers with Φ = -60°, -90° and -120°.  To prevent 

any impact from possible charge transfer/electrostatic interactions between the C=O 

and the N-termini, we froze the NH3
+ rotation during the geometry optimization.  



The structures of a 10-mer collapsed polyproline (Φ = -80º, Ψ = 100º) and canonical 

PPII polyproline (Φ = -80º, Ψ = 145º) were calculated by utilizing the protein utility in 

Tinker53 and visualized using VMD software.54  End-to-end distance and radii of the two 

polymers were estimated using CACheTM (Fujitsu).  Solvent accessible surface area of 

both polymers was calculated using the Spacefill utility of Tinker utilizing a 1.4 Å radius 

probe to calculate the accessible and excluded volumes. 

6.3 RESULTS AND DISCUSSION 

6.3.1 Impact of cis-trans isomerization  

cis- trans-

1.368Ǻ 1.364Ǻ

υ(AmII’p)=1390 cm-1 υ(AmII’p)=1398 cm-1

cis- trans-

1.368Ǻ 1.364Ǻ

υ(AmII’p)=1390 cm-1 υ(AmII’p)=1398 cm-1
 

Figure 6.1: The calculated structures of cis and trans isomers of Ac-Pro-Me.  The C-N bond length 

elongates (0.004 Å) in the cis conformation resulting in an 8 cm-1 downshift of the AmII'p vibration.  

The C=O bond length contracts by 0.003 Å which results in a 13 cm-1 upshift of the AmI' vibration. 
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We examined the impact of cis-trans isomerization on the AmII'p frequency by 

calculating the vibrational spectra of the cis and trans conformers of methylated Ac-Pro 

(Fig. 6.1).  Our calculations show that trans→ cis isomerization results in a slight 

elongation of the C-N bond length (~ 0.004 Å) and a nearly equal contraction of C=O 

bond length (0.003 Å).  The elongation of the C-N bond length results in an 8 cm-1 

downshift of the cis-AmII'p vibration, while the cis-AmI' vibration upshifts by 13 cm-1.  

Changes in the calculated peptide bond geometry likely derive from differences in 

electron distribution between the cis and trans conformers.  According to Hinderaker and 

Raines,56 the PPII conformation of proline peptides is stabilized by n  π* interactions 

which result in delocalization of a nonbonding pair of electrons from the amide oxygen’s 

n orbital to the neighboring amide oxygen’s  π* orbital.56  The authors suggest that 

significant n→π* interactions occurs when the Oi-1…Ci distance is  ≤3.2 Å and the         

Oi-1…Ci=Oi angle falls between 99° and 119°.56  As shown in Table 6.1 only the 

calculated trans proline geometry satisfies these criteria. 

Table 6.1: Calculated geometric parameters of cis- and trans-conformer of Ac-Pro-Me 

 Trans-Proline Cis-Proline 

d(C-N), Å 1.364 1.368 

d(C=O), Å 1.227 1.223 

d(Oi-1…Ci), Å 3.045 4.393 

∠ (Oi-1…Ci=Oi), ° 102.51 78.27 

d(Ci-1=Oi-1),Å 1.211 1.209 
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The n→π* interaction results in re-distribution of electronic density away from the 

oxygen’s lone pair orbital.56  Therefore, in the trans PPII conformer, the C=O double 

bond character decreases, while the C-N bond order increases.  Lacking this n→π* charge 

transfer cis-proline has a lower C-N bond order, which gives rise to the calculated 8 cm-1 

downshift of the AmII'p vibration upon trans  cis isomerization.  

6.3.2 The impact of hydrogen bonding 

As discussed above, the work of Triggs and Valentini40 contradicts Takeuchi and 

Harada’s34 suggestion that the AmII'p frequency is sensitive to the hydrogen bonding 

state of the pro peptide bond.  The frequencies of the AmII'-like vibrations of tertiary 

(DMA) and cis (ε-caprolactum) amides do not a show significant sensitivity to hydrogen 

bonding.40   

Here we re-examine the impact of water-peptide hydrogen bonds by examining 

the temperature dependence of the Raman spectra of Ac-Pro, Ala-Pro, Gly-Pro, Phe-Pro, 

Ser-Pro and Val-Pro dipeptides.57-60  The AmII' vibration of N-deuterated NMA (d-

NMA) in D2O shows a significant temperature dependence (-0.07 cm-1/ºC).57  If the 

observed frequency shift of the  AmII' band of N-deutertated-NMA (d-NMA) primarily 

derives from hydrogen bonding changes at the carbonyl then the AmII'p should show a 

similar temperature dependence (~4 cm-1 shift over a 60 ˚C interval).  However, if the 

temperature dependence of the AmII' band of d-NMA derives from its small N-Db 

component (5%),40,61,62 as suggested by Triggs and Valentini40 then the AmII'p, which 



altogether lacks the N-H bond, will not be significantly impacted by changes in carbonyl 

hydrogen bonding. 

 

Figure 6.2: The 204-nm excited AmII'p band of Ala-Pro (1mg/ml) shows an insignificant change in 

frequency (Δν = 1 cm-1) as the temperature is increased from 4 to 65 ºC.  The band intensity however, 

shows a 22% decrease with increasing temperature. 

 

As shown in Fig 6.2, the frequency of the AmII'p of ala-pro barely downshifts 

from 1488 cm-1 to 1487 cm-1 as the solution temperature increases from 4 to 65 ºC.  The 

band intensity however, shows a ~22% decrease.  We observe similarly insignificant 

temperature-induced frequency shifts in other pro dipeptides (Table 6.2).  These results 
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clearly indicate that changes in hydrogen bond strength do not significantly impact the 

AmII'p frequency. 

 

 

Table 6.2: Temperature dependence of AmII'p frequency 

Peptide AmII'p frequency  
4 ºC (cm-1) 

AmII'p frequency  
65 ºC (cm-1) 

Δν/ ºC  
(cm-1/ºC) 

Ala-Pro 1488 1487 -.017 

Gly-Pro 1486 1485 -.017 

Ser-Pro 1482 1480 -0.03 

Val-Pro 1476 1475 -0.017 

 

Our recent theoretical study of NMA-water complexes demonstrated that C=O-

water hydrogen bonding impacts the peptide bond geometry resulting in the elongation of 

the C=O bond and contraction of the C-N bond.41  The AmII and AmII'-like vibrations of 

NMA and d-NMA however, lack significant dependence on C=O hydrogen bonding 

because C-Ns motion makes a relatively small contribution to the AmII (~25%) and the 

AmII' like vibrations (~8%).41  In contrast, the C=O hydrogen bond sensitive AmI 

vibration is 75% C=Os.   

A lack of significant hydrogen bond strength dependence of the AmII'p frequency 

in small, water accessible pro dipeptides suggests that the normal mode composition of 

the AmII'p vibration contains relatively little C-Ns.  Indeed our theoretical calculations of 

Ala-Pro immersed in PCM water indicate that the AmII'p normal mode composition 
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contains only ~26-28 % C-Ns motion (Table 6.3).  A relatively small C-Ns contribution 

minimizes the impact of hydrogen bond induced peptide bond geometry changes. 

The ~25 cm-1 downshift in the AmII'p frequency observed by Takeuchi and 

Harada34 in acetonitrile cannot mainly result form cis-trans isomerization of the proline 

peptide bond.  As discussed above we calculate that the cis conformer downshifts 8 cm-1 

from that of the trans conformer.  Takeuchi and Harada’s34 25 cm-1 downshift of AmII'p 

frequency could derive from conformational alterations about the Φ,Ψ angles.  

Alternatively, the AmII'p frequency downshift may derive from differences in the solvent 

dielectric constant.63 For the AmI vibration, previous studies indicate that the hydration 

induced frequency downshift requires both the solvent dielectric constant increase (bulk 

water) and explicit hydrogen bonding of the peptide bond.63-65  The  frequency 

downshifts of the AmI vibration in NMA observed in protic solvents (explicit hydrogen 

bonding) are far larger those observed in aprotic solvents with similar dielectric 

constants.63,64  

Table 6.3: Calculated normal mode composition of ala-pro (Ψ = 145º). 

Conformation Gas Phase PED (>5%) Water PED(>5%) 
υ(AmII'p)  υ(AmII'p)  

Φ = -60º 1442 CH3 sym def 
(25) -C-N s (21) 
-C=O s (10) C-C 
s (8) CH3 asym 
def’ (6) –C=O 
inp b (6) 
 

1470 C-N s (28) -CH3 
asym def’ (23) -
C-C s (8) C=O s 
(7) C=O inp b (6) 

Φ = -90º 1457 C=O s (20) C-N 
s (19) -CH3 
asym def’ (8) -
C-C s (8) -CH3 
sym def (7) C=O 

1471 CH3 asym def’ 
(26) -C-N s (26) 
C-C s (7) -C=O s 
(7) - C=O inp b 
(6) 
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inp b (6) 
 

 

Our temperature dependent UVRR experiment (Fig 6.2) directly probes the 

impact of hydrogen bond strength on the AmII'p frequency.  Dielectric constant changes 

are relatively minor.  In contrast, Takeuchi and Harada’s34 experiment replaces water 

with acetonitrile as the solvent media, incurring large changes in the both the dielectric 

constant and the hydrogen bonding state of the peptide bond.  Such large changes in the 

environment may impact the peptide bond geometry and/or the normal mode composition 

of the AmII'p vibration. 

We evaluated the impact of the dielectric constant changes on AmII'p frequency 

of ala-pro by using DFT calculations in PCM water (ε = 78.39), acetonitrile (ε = 36.64), 

heptane (ε = 1.92) and vacuum (ε = 1.00).  Our results indicate that the AmII'p frequency 

downshifts by 5 cm-1
, whereas, the AmI' frequency upshifts by 42 cm-1 as the dielectric 

constant decreases from 78.39 (water) to 1.92 (heptane, Table 6.4).  The calculated 9 cm-1 

difference in the AmII'p frequency between the gas phase and heptane derives from the 

PCM perturbation to the AmII'p mode composition.  The relative change in the AmII'p 

frequency between water and acetonitrile is negligible, which suggests that the 25 cm-1 

downshift in the AmII'p frequency observed by Takeuchi and Harada34 does not derive 

from differences in the solvent dielectric constant.   
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Table 6.4: Ala-Pro (Φ = -90º, Ψ = 145º) AmII'p frequency dependence on solvent dielectric 

effect and hydrogen bonding 

Solvent media Dielectric constant AmII'p frequency/ cm-1 AmI' frequency/ cm-1

Water 78.39 1471 1661 

Water+H2O a 78.39 1470 1648 

Acetonitrile 36.64 1472 1664 

Heptane 1.92 1466 1703 

Vacuum 1.00 1457 1715 

a  Ala-Pro hydrogen bonded to an explicit water molecule, immersed in PCM water. 

We examined the impact of local hydrogen bonding on the AmII'p frequency by 

calculating the frequency of the AmII'p vibration of Ala-Pro in PCM water (ε = 78.39), 

versus ala-pro in PCM water but hydrogen bonded to an explicit water molecule.  The 

presence of an explicit water molecule has a negligible impact on the AmII'p frequency 

indicating that the AmII'p vibration does not show any significant dependence on water-

C=O hydrogen bonding (Table 6.4).  This result is in agreement with our UVRR results 

(Fig 2) which indicate the frequency of AmII'p is insensitive to C=O hydrogen bonding. 

Our results, thus, indicate that hydrogen bond strength and solvent dielectric 

effect have a negligible impact on the AmII'p frequency.  We therefore conclude that the 

25 cm-1 downshift in the AmII'p frequency observed by Takeuchi and Harada34 likely 

derives from (Φ,Ψ) conformational changes in the pro peptide bond. 



6.3.3 Ψ-angle dependence 

We explore the impact of Ψ-angle rotation on the AmII'p frequency by calculating 

vibrational frequencies for a series of zwitterionic ala-pro conformers spanning the 

allowed Ψ-angles at a fixed Φ = -80° (Fig 6.3).  To simplify the discussion, we divide all 

calculated conformers into two groups: helical conformers (Ψ ≤ 0˚) and extended 

conformers (Ψ > 0˚).   
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Figure 6.3: Calculated conformational dependence of AmII'p frequency of ala-pro on Ψ-dihedral 

angle in water, heptane and gas phase (insert). 

Analysis of the zwitterionic ala-pro reveals that the calculated AmII'p frequencies 

of extended conformers upshift by ~25 cm-1 when the Ψ-angle is varied from 60º to 150º. 

In contrast, the AmII'p frequency of helical conformers shows a weak Ψ-angle 
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dependence.  The AmII'p frequency downshifts by 4 cm-1 as the Ψ-angle is varied from -

90° to -45° (Fig. 6.3).  The AmII'p frequency shift in both the helical and extended 

conformation linearly correlates with changes in C-N bond length (Fig. 6.4).   
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Figure 6.4: Calculated Ψ-dependence of the (A) C-N bond length (B) and C=O bond length of ala-pro in 

water, heptane and gas phase.  C) Calculated dependence of ala-pro AmII'p frequency and C-N bond length 

in water (grey circles) and gas phase (black squares). D) Calculated Ψ-dependence of the peptide bond 

planarity angle (Θ) in water, heptane and gas phase 

 

Our calculations reveal that the C-N bond length changes derive from changes in 

planarity of the peptide bond which can be monitored by the torsional angle Θ.66,67 

πωω ++−=Θ 1  

where the ω1 torsional angle in the pro peptide bond is defined by atoms Cα, C, N, and C*, where 

C* is the carbon atom of the pyrrolidine ring (Fig. 6.5).  The magnitude of Θ correlates with the 

extent of peptide bond nitrogen pyramidalization.  Large Θ values indicate more extensive 

pyramidalization due to rehybridization of the amide nitrogen.66-75   

The pyramidal nitrogen is sp3 hybridized, while the planar nitrogen corresponds to sp2 

hybridization.  Rehybridization directly impacts the C-N bond length.  Structures with more sp3 
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hybridization have longer C-N bond lengths then the shorter C-N bond lengths of sp2–like 

structures.66-75  Figure 6.4d displays the dependence of Θ upon Ψ rotation.  As the Ψ-angle is 

varied, Θ changes, indicating that the Ψ conformation changes directly impact the non-planarity 

of the peptide bond.  The C-N bond length change deriving from increased non-planarity of the 

peptide bond correlates with changes in the AmII'p band frequency (Fig 6.4). 

ω’ω’ω’

 

Figure 6.5: The torsional angle ω’ of ala-pro is defined as a rotation around C-N bond in the dihedral plane 

defined by the C-C(O)-N-C* atoms.   

 

Our results are in agreement with recent statistical analyses of protein conformation and 

its correlation with the ω-angle.  Previously, MacArthur and Thornton’s70 statistical analysis of 

85 high resolution x-ray structures of proteins from the protein databank (PDB) indicated a 

systematic dependence of the ω-angle on the (Φ,Ψ) angles.  Recently, Esposito et al’s76 

statistical analysis of 163 high resolution protein x-ray structures from the PDB suggested that 

the ω-angle values are strongly correlated with the Ψ-dihedral angle.  In contrast, the ω-angle 

values shows an insignificant dependence on the Φ-dihedral angle.76   
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It should be noted that ab initio calculations of Asher et al77 indicate that the frequency of 

the AmIII3 vibration (C-Ns with in-phase NHb) sinusoidally depends on the Ψ-dihedral angle.  

Recently, Mirkin and Krimm’s78 DFT calculations indicate that the N-Hs (amide A) frequency is 

also conformation sensitive.  These authors attribute the conformation sensitivity of the N-Hs 

vibration to conformation-induced pyramidalization of the amide nitrogen.78   

The conformational sensitivity of the various amide vibrations all appear to derive from 

the pyramidalization of the amide nitrogen, which directly impacts the amide bond geometry, 

resulting in significant changes in the amide vibrational frequencies.  The general trend relating 

vibrational frequencies to (Φ,Ψ) conformation changes however, shows differences between the 

different amide vibrations.  A lack of uniform conformation sensitivity amongst the various 

amide vibrations is due to differences in normal mode composition, e. g. the AmIII3 frequency 

sinusoidally depends on the Ψ-dihedral angle, while the AmII'p frequency does not show such a 

simple Ψ-dependence.  Normal mode composition analysis of non-pro, non-gly peptide bonds 

indicate that in addition to amide nitrogen pyramidization, Ψ-angle changes impact the coupling 

of Cα-Hb to N-Hb which significantly impact the AmIII3 frequency.77  The AmII'p vibration lacks 

the amide NH. 

We probe the impact of solvent dielectric effect on the calculated Ψ-angle dependence of 

the AmII'p frequency by computing the AmII'p frequency of various ala-pro conformers in 

vacuum, water, heptane, and acetonitrile utilizing the PCM model.  Our results indicate that 

changes in the dielectric constant of the surrounding media do not significantly impact the 

general trend relating the  Ψ-angle to the AmII'p frequency (Fig 6.3 and 6.4).  However, the 

frequency shifts are larger in low dielectric environments like heptane (fig 6.3).  This effect 
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derives from stabilization of the non-planar peptide bond in low dielectric environments.  

Consequently, the deviations from peptide bond planarity are larger in low dielectric 

environments. 

The stabilization of the non-planar peptide bond in low dielectric environments can be 

understood from the solvent’s impact on the peptide bond’s resonance structure.  In polar 

solvents, the high dielectric environment stabilizes the charged form of the peptide bond [-

O(C)N+H].41,79  In this charged state, the carbonyl bond is elongated whereas, the C-N bond 

contracts as its double bond character increases.  The increased sp2 character of the C-N bond in 

the charged state results in a more planar peptide bond.41  Thus, in polar solvents the non-planar 

peptide bond is energetically unfavorable.   

In the gas phase the general trend relating the  Ψ-angle changes to the AmII'p frequency, 

however appears to deviate at  Ψ >120º.  This deviation in the AmII'p frequency derives from the 

terminal NH3
+ group’s attempt to donate a proton to the peptide bond C=O.  Enol formation is 

unfavorable in aqueous solutions.   

Our investigation of the conformation and solvent-dependence of the AmII'p frequency 

indicate that the Ψ-angle and environment-dependence of various amide vibrations derive from 

pyramidalization of the amide nitrogen.  Deviations from planarity whether induced via Ψ-angle 

conformation changes or changes in solvent dielectric constant, impact the planarity of the 

peptide bond.  Consequently, as the sp2 character of the amide nitrogen decreases, the C-N bond 

elongates whereas the C=O bond contracts.  Consequently, those amide vibrations containing 

significant contributions from the nitrogen stretching (AmII, AmII', AmII'p, AmIII and N-Hs 

vibrations) show a frequency downshift, while the C=Os (AmI) show frequency upshifts.     



131 

 

6.3.4 Φ-angle dependence 

We calculated the Φ-dependence of the AmII'p frequency for zwitterionic ala-pro conformers in 

water, spanning the Φ-angle from -60˚ to -120˚ with Ψ = 145˚.  Within this range of Φ, the 

AmII'p frequency varies by ~2 cm-1 (Fig 6.6), indicating the AmII'p frequency does not show any 

significant dependence on the Φ dihedral angles.  We calculate similar results for ala-pro 

conformers in acetonitrile.  This result is not surprising.  As discussed above, Esposito et al’s76 

statistical analysis of 163 high resolution protein x-ray structures from the PDB indicates the 

variations in the ω angle do not show a significant correlation with the Φ-dihedral angle.   
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Figure 6.6: Calculated Φ-dependence of ala-pro (A) AmII’p frequency (B) C-N bond length (C) and the Θ 

planarity angle in water, heptane, acetonitrile and gas phase.  (D) The calculated ala-pro AmII'p frequencies 

and C-N bond lengths in water (grey circles) and gas phase (black squares) are linearly correlated. 
134 
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In low dielectric constant media like heptane and vacuum the calculated AmII'p 

frequency shows a small dependence on the Φ-dihedral angle.  In particular, the AmII'p 

frequency dramatically decreases as the Φ-dihedral angle decreases from -90º to -60º (Fig 6.6). 

However, at high dielectric constant as in water or acetonitrile, there is no change in the AmII’p 

frequency over this range of Φ-angles. This can be explained by the normal mode composition 

analysis (Table 6.3). In the gas phase, the normal mode composition of the AmII'p vibration of 

the Φ = -60˚conformer contains significant amounts (25%) of methyl symmetric deformation.  

At higher dielectric constant the AmII'p normal mode composition changes because methyl 

symmetric deformation is replaced by methyl asymmetric deformation.  This normal mode 

composition change results in an increase in the AmII'p frequency of the Φ = -60˚ ala-pro 

conformer in water as compared to ala-pro in heptane or gas phase. 

6.3.5 Temperature Dependent Spectra of Polyproline  

As shown in Fig 6.7, the AmII'p band of polyproline downshifts from 1472 to 1465 cm-1 as the 

solution temperature is increased from 5 to 65 ºC.  The 7 cm-1 downshift derives from either a 

nearly 100% conversion from the trans to cis conformation or a conformation change along the 

Ψ-dihedral angle.   

As shown in Fig 6.7 (insert) the CD spectra of polyproline at both 5 and 50 ºC show a 

small positive peak at 225 nm and a global minima at ~205 nm indicating a predominantly trans 

(PPII) conformation80-84 at both temperatures.  We do not observe any spectral features 

corresponding to the cis (PPI) conformation, which is known to show a medium intensity 

negative band at 198-200 nm, a strong positive band at ~214 nm and a weak negative band at 



~231 nm.84  These features are clearly lacking in the polyproline spectra at either temperature 

(Fig 6.7, insert).   

Our CD results demonstrate that the temperature induced downshift in the Raman AmII'p 

frequency of polyproline (Fig 6.7) does not derive from isomerization of the pro peptide bond.  

Furthermore, the AmI' of polyproline does not show any significant change in band position with 

increasing temperature.  As discussed above a trans  cis isomerization is expected to upshift the 

AmI' band by ~13 cm-1.   

 

Figure 6.7:  Polyproline shows a 7 cm-1 downshift in the AmII'p band frequency as the temperature increases 

from 5 to 65 ºC.  The CD spectra (insert) of polyproline at 5 and 50 ºC shows characteristic features of the 

PPII conformation, indicating a lack of significant trans to cis isomerization with increasing temperature. 
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Our theoretical results, discussed above, indicate that the observed temperature induced 

downshift in the AmII'p frequency of polyproline is due to a small conformation change that 

distorts the native PPII conformation.  As shown in Fig 6.3, starting from an ideal PPII 

conformation (Φ = -80º, Ψ = 145º) the observed 7 cm-1 shift could result from a 45º rotation of 

the Ψ angle from Ψ = 145º to Ψ = 100º.  Previously, Swenson and Formanek85 had suggested 

that the temperature-induced upshift in the AmI' frequency of polyproline may derive from slight 

changes in the Ψ-angle.  These authors attributed the observed changes in polyproline to a 

temperature-induced disruption of pro-water interactions.85 

Our results suggest that at high temperatures polyproline adopts a distorted PPII-like 

conformation that is more compact than the low temperature ideal PPII-like conformation (Fig 

6.8).  Our modeling of polyproline suggests that the distorted or compact PPII conformation 

should be ~26 % shorter than the ideal PPII conformation, which results in a ~25% decrease in 

the solvent accessible surface area of the collapsed polymer.   



PPII
Φ = -80º, Ψ = 145º

Distorted PPII
Φ = -80º, Ψ = 100º

 

Figure 6.8: The structure of ideal PPII pro peptide (left) and the proposed structure of collapsed polyproline 

(right).   

 

Fig 6.8 shows that the C=O bonds in the PPII conformation all line-up along the helical 

axis in an extended, water-exposed conformation.  Water molecules can, thus, form an extensive 

hydrogen bonded network giving rise to an extended solvation shell.  Explicit solvent Monte 
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Carlo simulations of Rose and co-workers86 indicate that the more negative peptide-water 

stabilization interaction energy favors the PPII conformation over the β-strand conformation.86   

Higher temperatures disrupt the favorable peptide-water/solvation shell interactions.  

Consequently, the polyproline peptide adopts a more compact conformation that significantly 

reduces its solvent accessible surface area.  In the collapsed state of the polyproline peptide the 

amide C=O’s are buried in hydrophobic crevices which cannot stabilize bridging water clusters 

or shells.86  The attendant decrease in well-ordered water molecules in the solvation shell about 

pro’s hydrophobic side chains results in increased entropy of the system, thus, stabilizing the 

peptide in its collapsed state.  

6.4 CONCLUSIONS 

Utilizing UVRR experiments and DFT calculations we systematically examined the dependence 

of the AmII'p frequency on hydrogen bonding, cis-trans isomerization, and conformation 

changes. Our UVRR results show that the AmII'p does not show any significant change in 

frequency with increasing temperature.  These results indicate that the frequency of the AmII'p is 

not sensitive to changes in carbonyl-water hydrogen bonding.40  Our theoretical calculations, 

indicate the AmII'p band frequency shows an 8 cm-1 downshift upon trans to cis isomerization of 

the peptide bond.  This frequency dependence arises due to a slight elongation of the C-N bond 

in the cis conformer. 

Our results indicate the AmII'p frequency is most sensitive to the planarity of the pro peptide 

bond as measured by its Θ dihedral angle.  The peptide bond non-planarity can be modulated by 
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Ψ angle changes that push the amide nitrogen out of the peptide bond plane.  The non-planar 

amide bond has a larger sp3 character at the amide nitrogen and hence shows a larger C-N bond 

length as compared to the planar amide bond.  The change in C-N bond length directly correlates 

with changes in the AmII'p frequency.   

Our calculations indicate that in the allowed region of the Ramachandran space, the AmII'p 

frequency shows the largest variation in the extended state (PPII/β-strand) region, whereas the 

AmII'p frequency shows only a weak conformational dependence when it occurs within the α-

helical region.  Conformational changes causing alterations of the Φ-dihedral angle do not 

significantly impact the AmII'p frequency. 

These results allow us to correlate changes in AmII'p frequency with conformation 

changes at the pro peptide bond.  We calculate that the ~25 cm-1 downshift in the AmII'p 

frequency of pro-pro dipeptide between water and acetonitrile observed by Takeuchi and 

Harada34 likely derives from a ~85º rotation of the Ψ-dihedral angle from Ψ ~ 60º to Ψ~145º.   

We correlate the 7 cm-1 downshift in the AmII'p frequency of polyproline to a 

temperature-induced distortion of the native PPII structure (Ψ = 145º).  At high temperatures the 

polyproline peptide adopts a compact PPII structure with Ψ = 100º, which results in a 25% 

decrease in its solvent accessible surface area, while its end-to-end distance decreases by ~26%.  

The hydrophobic collapse in polyproline is driven by a temperature-induced loss of favorable 

interactions between pro and its solvation shell.   
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7.0  UV-RESONANCE RAMAN DETERMINATION OF MOLECULAR 

MECHANISM OF POLY(N-ISOPROPYLACRYLAMIDE) VOLUME PHASE 

TRANSITION HYDROPHOBIC COLLAPSE 

 

Poly(N-isopropylacrylamide) (PNIPAM) is the premier example of a macromolecule that 

undergoes a hydrophobic collapse when heated above its lower critical solution temperature 

(LCST).  Here we utilize, dynamic light scattering, H-NMR, steady-state and time-resolved 

UVRR measurements to determine the molecular mechanism of PNIPAM’s hydrophobic 

collapse.  Our steady-state results indicate that in the collapsed state the amide bonds of 

PNIPAM do not engage in inter-amide hydrogen bonding, but are hydrogen bonded to water 

molecules.  At low temperatures, the amide bonds of PNIPAM are predominantly fully water 

hydrogen bonded, whereas, in the collapsed state one of the two normal C=O hydrogen bonds is 

lost.  The NH-water hydrogen bonding, however, remains unperturbed by the PNIPAM collapse.  

Our kinetic results indicate a mono-exponential collapse with τ~360 (±85) ns.  The collapse rate 

indicates a persistence length of n~10.  At lengths shorter than the persistence length the polymer 

acts as an elastic rod, whereas, at lengths longer than the persistence length the polymer 

backbone conformation forms a random coil.  Based on these results we propose that at low 

temperatures PNIPAM adopts an extended, water-exposed conformation that is stabilized by 
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favorable NIPAM-water solvation shell interactions which stabilize large clusters of water 

molecules.  At elevated temperatures, thermal agitation disrupts these interactions.  The 

PNIPAM+water polymer undergoes a volume phase transition, expels water and shrinks to a 

compact conformation that reduces its hydrophobic solvent accessible surface area.  In this 

compact state, PNIPAM forms small hydrophobic nano-pockets where the (i, i +3) isopropyl 

groups make hydrophobic contacts.  A persistent length of n~10 suggests a cooperative collapse 

where hydrophobic interactions between adjacent hydrophobic pockets stabilize the collapsed 

PNIPAM. 

 

7.1 INTRODUCTION  

Poly(N-isopropylacrylamide) (PNIPAM) is the premier example of a macromolecule that 

undergoes a hydrophobic collapse when heated above its lower critical solution temperature 

(LCST).1-17  Below its LCST, PNIPAM exists in a swollen, well-hydrated state that is nearly 

refractive index matched to water; the polymer weakly scatters light.1-6,18,19  At the transition 

temperature (Tt~32-35 ˚C) the polymer undergoes a hydrophobic collapse, expels water and 

adopts a compact state3,5,6 and shows a dramatic increase in turbidity.   

This temperature dependent PNIPAM collapse, which in the physics community is called 

a “volume phase transition” (VPT) 1-6,19 gives rise to very large volume changes for cross-linked 

PNIPAM, which can be used to actuate chemical and physical phenomena.  This VPT has been 

utilized in drug delivery,20,21 synthesis22,23 (where PNIPAM serves as a nanoreactor) and sensor 
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development.3,24,25  For these applications, PNIPAM nanogels are functionalized such that 

environmental changes induce PNIPAM chemical changes (e.g. deprotonation of a carboxylic 

acids) that shift the PNIPAM’s critical transition temperature. The PNIPAM hydrophobic 

collapse can thus be designed to occur in response to a specific chemical stimulus such as pH 

changes.26-29 

The PNIPAM hydrophobic collapse results from the temperature dependence of 

PNIPAM-water interactions.27,28,30-33  Presumably, at low temperatures the favorable enthalpy of 

amide-water hydrogen bonding stabilizes the swollen state of PNIPAM by overcoming the 

unfavorable entropy of water solvation of the isopropyl hydrophobic groups.34  As the 

temperature increases towards the VPT the unfavorable hydrophobic solvation entropy 

eventually dominates, forcing the PNIPAM collapse, releasing water into the bulk.  Recent 

dielectric relaxation studies suggest that the average number of hydrating water molecules per 

NIPAM group falls from 11 to ~ 2 upon the hydrophobic collapse.35,36   

The temperature dependence of the entropy-enthalpy balance determines the critical VPT 

temperature.  This VPT is similar to the “inverse temperature transition” of elastin-like peptides 

that undergo well-known transitions from an extended, highly mobile conformation to a 

collapsed molten globule-like conformation at higher temperatures.37-41  This VPT of PNIPAM 

and elastin-like peptides is related to the cold-denaturation42-48 phenomenon observed in proteins 

such as myoglobin.  Proteins typically undergo a transition from a native compact state to 

disordered, expanded state as the solution temperature decreases.49,50  Protein cold denaturation 

appears also to be driven by the temperature dependence of the free energy of solvation of the 

hydrophobic groups.50  At higher physiological temperatures, the low hydrophobic solvation 

entropy favors compact or folded protein conformations where hydrophobic groups are protected 
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from water.  At lower temperatures expanded conformations with hydrophobic groups exposed 

to water become stabilized over the folded, compact conformations.42-50   

There is intense interest in developing a molecular understanding of the molecular 

mechanism of PNIPAM’s VPT. In the work here, we probe this VPT using monodisperse, highly 

charged PNIPAM nanogels which undergo the VPT.3,51  This simple homogeneous system can 

be straight-forwardly studied and the VPT here is not confounded by processes such as polymer 

aggregation.   

Kinetic studies of macroscopic PNIPAM hydrogels find that the rate of polymer collapse 

should scale as l-2, where l is the smallest dimension of the material.52,53  Thus, PNIPAM 

nanogels are expected to show relatively fast collapse kinetics, as compared to macroscopic gels 

that take hours or days.3  Indeed, Wang et al’s1 T-jump kinetic turbidity measurements of ~400 

nm diameter PNIPAM nanoparticles showed a single exponential collapse with an apparent time 

constant of ~390 ns.  In addition, Reese et al3 utilized kinetic turbidity measurements following a 

laser induced T-jump to examine the collapse of ~350 nm diameter PNIPAM nanogels and 

observed a multi-exponential process with a major component occurring in less than 1 μs.3  

Reese et al3 also showed that individual PNIPAM nanoparticles show an apparent single 

exponential collapse with τ ~ 120 ns.   

To date most spectroscopic studies of the PNIPAM’s hydrophobic collapse have focused 

on its steady state behavior.  Utilizing FTIR,34,54-59 ATR/FTIR60 and Raman 

spectroscopy27,28,30,31,33 several groups independently determined that PNIPAM’s hydrophobic 

collapse disrupts the hydration of both hydrophobic and hydrophilic groups.  In particular, 

FTIR34,54-59 and ATR/IR60 studies focusing on the AmI region (C=O stretch) showed that 

hydrogen bonding of the amide carbonyl changes with temperature.  The consensus appears to be 
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that the hydrogen bonds present at low temperatures are disrupted upon the higher temperature 

PNIPAM hydrophobic collapse.   

In this study we utilize steady-state and time-resolved UV resonance Raman (UVRR) 

spectroscopy to directly examine the equilibrium and kinetics of amide dehydration during the 

PNIPAM’s hydrophobic collapse.  Our results indicate that the amide dehydration is complete 

within ~1 μs.   

7.2 EXPERIMENTAL 

The ~170 nm diameter PNIPAM nanoparticles (Tt ~33 ºC) were synthesized using previously 

published techniques.51  Briefly, the PNIPAM particles were synthesized by dispersion 

polymerization. 1.40 g NIPAM (Aldrich, used after recrystallization), 0.0242 g 2-acrylamido-2-

methyl-1-propanesulfonic acid (ionic co-monomer, Aldrich), 0.0659 g N, N´-

methylenebisacrylamide (cross-linker, Fluka), 0.036 g sodium dodecyl sulfate (surfactant, 

Aldrich) and 0.088 g ammonium persulfate (initiator, Sigma-Aldrich) were added to 100 mL 18 

MΩ deionied water and reacted at 70 ˚C for 4 hr under stirring.  The crude product was filtered 

by glass wool and dialysized against DI water by using a SnakeskinTM dialysis tube (10,000 

MWCO) for 2 weeks to remove impurities such as unreacted NIPAM monomers, dodecyl sulfate 

and single chains.  Deuterium labeled d7-PNIPAM monomers (the isopropyl group hydrogens 

are deuterated) were acquired from Cambridge Isotopes and used to synthesize ~100 nm 

diameter d7-PNIPAM particles.  Temperature dependent changes in particle size were measured 

by dynamic light scattering (ZetaPALS, Brookhaven Instruments Corporation). 
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The solid sample of dried PNIPAM nanoparticles was prepared by allowing a sample of 

PNIPAM particles to slowly dehydrate at room temperature under a steady flow of dry nitrogen 

gas. 

The hydrogen-deuterium exchange (HDX) studies were carried out on a 300 MHz H-

NMR instrument (Bruker).  A 100 μl solution of 0.73% wt/vol of PNIPAM in water at 20º and 

55 ºC was diluted with D2O (at 20º and 55 ºC, respectively) to a final volume of 1 ml.  All H-

NMR spectra were immediately acquired following solution preparation at 20º and 55 ºC, except 

for one room temperature H-NMR spectra which was allowed to sit for 24 hr to rule-out any 

slow exchange.  The time between solution preparation and spectral acquisition was less then 5 

min.  The 20 ºC NMR spectra of PNIPAM in H2O only was acquired utilizing 850 μl of stock 

PNIPAM solution with 50 μl of CD3CN for deuterium locking.   

A home built UV resonance Raman (UVRR) spectrometer was used for both steady-state 

and kinetic measurements.61  The T-jump results were obtained with a home-built nanosecond 

pump-probe setup. The probe laser was a 1 kHz repetition rate Photonics Industries Ti:Sapphire 

laser which produced ~204-nm laser light with an average energy of 2.4 μJ per pulse and a pulse 

width (FWHM) of 14 ns. The output beam was collimated and focused to a spot size of ~ 100 

μm at the sample.   

The pump laser was a 1 kHz repetition rate Photonics Industries YLF-pumped OPO, 

which produced 1.9 μm pulses with an average energy of 1 mJ per pulse and a pulse width of 13 

ns.  The IR beam was collimated, made collinear with the UV beam and focused to a spot size of 

~165 μm at the sample. The pump and probe lasers were synchronized and a variable delay was 

obtained by using a digital pulse generator (DG535, Stanford Research systems, Inc). These 
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delay times were confirmed by measuring reflections of the pump and probe pulses with fast 

photodiodes by using an oscilloscope (TDS 3054B, Tektronix). 

 A 10 ml solution of 0.73% wt/vol PNIPAM nanoparticles was circulated in a free surface, 

temperature controlled stream.  The concentration of PNIPAM was chosen to match the sample 

absorption for both the UV probe (OD204 nm = 156) and IR pump laser.  This ensures that during 

the T-jump experiment, the UV laser probes the heated volume of the sample stream.62   

A ~165o laser excitation backscattering geometry was used for sampling.  The collected 

light was dispersed by a subtractive double monochromator onto a back thinned CCD camera 

(400 B Princeton Instruments-Spec 10 System).61  Four 2 min. spectra were averaged. 

 The magnitude of the T-jump was determined from the UVRR water O-H stretching 

region which is highly temperature dependent.62,63  T-jump spectra were compared to 

equilibrium spectra taken at different temperatures (data not shown), demonstrating a ~15 °C T-

jump from the initial equilibrium temperature of 30 ºC to a final temperature of 45 ºC. 

 The steady-state UVRR spectra were acquired on the same spectrometer by using only 

the probe laser.  The UVRR PNIPAM spectra in the amide region taken with and without T-

jumps were normalized to the intensity of the isopropyl group’s CH3 deformation band at ~1460 

cm-1 and subtracted from the equilibrium 30 °C spectrum.   

The transient difference feature in the AmI region was fitted to the convolution of a 

Gaussian instrument function with the sum of a step function and an exponential rise.  The step 

function accounts for the essentially instantaneous spectral changes due to the T-jump which 

were not associated with PNIPAM structural changes, while the exponential rise time derives 

from the dynamics of the polymer structural collapse. The 22 ns width of the Gaussian 

instrument function is due to the pump and probe laser pulse widths and the 15 ns timing jitter.  



The instrument function was determined by fitting the difference Raman signal in the water O-H 

stretching region around 3300 cm-1. The T-jump gives rise to an essentially instantaneous 

temperature change, since thermalization of near-IR laser excitation in water is known to occur 

on the psec timescale.63   

7.3 RESULTS AND DISCUSSION: 

7.3.1 DLS measurements 

 

Figure 7.1: Temperature dependent DLS measurements show that PNIPAM particles collapse between 20 ºC 

and 40 ºC with a transition temperature of ~33 ºC 
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The Fig 7.1 temperature dependent DLS measurements indicate that between 4 ºC and 45 ˚C the 

particle size collapses from 167 nm to 80 nm, with a transition temperature Tt ~ 33 ºC.  The 

PNIPAM particles undergo a hydrophobic collapse from a high-volume water-swollen state to a 

9-fold smaller volume, compact state.3,5,6  The volume change suggests an ~88% reduction in 

water molecules inside the PNIPAM particles, which represents a loss of ~8.7*107 water 

molecules for the ~2.4*106 amide bonds in the nanogel particles, a ratio similar to the 81% loss 

in water hydration estimated by Ono et al.36 

7.3.2 UVRR spectral band assignments 

The 204-nm excited UVRR spectra of PNIPAM (Fig 7.2) resemble the typical amide spectra 

seen for proteins.  We observe a broad AmI band (predominantly C=Os)64-66 at 1625 cm-1 while, 

the AmII band (predominantly C-Ns with NHb)66,67 is located at 1565 cm-1.  The resonance 

enhanced CαHb band68-70 is located at 1387 cm-1.  Two weak AmIII bands are observed at 1345 

and 1321 cm-1, whereas, a strong AmIII band (C-Ns with NHb)66,67 located at 1258 cm-1 shows 

shoulders at 1284 cm-1 and ~1230 cm-1.  It should be noted that a similar molecule, N-

methylacetamide shows only a single intense AmIII band at 1315 cm-1.66,67,71  Likely, the 

multiple AmIII bands in PNIPAM arise due to coupling between the AmIII vibration (C-Ns with 

NHb) and isopropyl group vibrations. 



 

Figure 7.2: 204 nm excited UV Raman spectra of PNIPAM and d7-PNIPAM at 5 ºC.  Both spectra were 

normalized to the peak intensity of their AmIII bands.  The difference spectrum was obtained by subtracting 

the PNIPAM spectra from that of d7-PNIPAM. 

 

In order to ascertain the impact of the pendent isopropyl group on amide vibrations we 

examined the 204-nm excited UVRR spectra of deuterium labeled d7-PNIPAM.  In d7-PNIPAM 

the seven hydrogen atoms of the isopropyl group have been replaced with deuterium atoms (Fig 

7.3).  The largest impact of deuterium labeling is observed in the AmII region (Fig 7.2) where 

deuterium labeling broadens and downshifts the AmII band (ΔFWHM = 2 cm-1, Δν = 7 cm-1).  

This result indicates that the normal mode composition of the AmII vibration in PNIPAM 

contains significant contribution from the isopropyl group motion.   
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Figure 7.3: The structure of PNIPAM and its deuterated isotopomers, d7-PNIPAM.  The Cα-hydrogen that 

gives rise to the resonance enhanced CαHb band at ~1387 cm-1 is highlighted.  The curved arrow highlights 

the Ψ dihedral angle rotation around the Cα-C(O) bond.  The AmIII band frequency is sensitive to the 

Ramachandran Ψ angle rotation around the Cα-C(O) bond. 

 

Upon deuteration, the weak ~1460 cm-1 band of PNIPAM is replaced by a broad low 

intensity feature centered around ~1445 cm-1 (d7-PNIPAM, Fig 7.2).  The 1460 cm-1 band of 

PNIPAM derives from a non-resonant enhanced CH3 deformation mode of the isopropyl group.72   

Deuterium labeling decreases the 1387 cm-1 CαHb band intensity but does not 

significantly impact the band frequency.  The 1387 cm-1 band in the natural abundance NIPAM 

has a ~50% contribution from isopropyl CH3 umbrella motion.  The d7- PNIPAM completely 

derives from the amide CαH bending vibration (Fig 7.3).   
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In the AmIII region deuterium labeling appears to only impact the AmIII bands at 1300 

cm-1, 1345 cm-1 and 1321 cm-1.  The frequencies of the strong AmIII band centered at 1258 cm-1 

and its shoulders at ~1284 cm-1 and 1230 cm-1 are not impacted by isopropyl group deuteration 

(Fig 7.2).  Upon deuteration both the 1345 cm-1 and 1321 cm-1 AmIII bands of PNIPAM appear 

to have been replaced by a single band located at ~1341 cm-1 (Fig 7.2).  The difference spectrum 

between d7-PNIPAM and PNIPAM shows a positive peak at ~1300 cm-1. 

This result indicates that the 1345 cm-1, 1321 cm-1 and 1300 cm-1 AmIII bands contain 

significant contribution from isopropyl vibrations.  We, therefore, conclude that the 1345 cm-1 

and 1321 cm-1
 AmIII bands of PNIPAM are not the same vibrations as the AmIII1 and AmIII2 

vibrations observed in peptides which derive from coupling between the AmIII vibration and the 

heavy atom vibrations of the peptide backbone.67 

As noted above the frequencies of the AmIII bands located in the region of 1200-~1290 

cm-1 are not impacted by deuterium labeling of PNIPAM’s isopropyl group (Fig 7.2).  This result 

indicates that the AmIII bands located in this region do not contain a significant contribution 

from the isopropyl group, and, thus, derive from the “classical AmIII” vibration67 which is 

predominantly a C-Ns stretching coupled with in-phase NHb motion.66,67  Extensive Raman 

studies indicate that the “classical” AmIII vibration is sensitive to hydrogen bonding and 

dihedral angle changes around the Cα-C bond length (see Fig 7.3).67,69,73  In peptides this 

vibration is referred to as the AmIII3 vibration.67  In subsequent discussion, we refer to this band 

as simply the AmIII band. 
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7.3.3 Temperature dependence of PNIPAM 

As the temperature is increased from 4 to 65 ˚C the AmI band of PNIPAM shows a ~28 cm-1 

upshift from 1623 to 1651 cm-1 and its intensity increases by ~15% (Fig 7.4) suggesting a Tt ~ 37 

ºC.  We can model the spectral changes in the AmI region by using three Gaussian bands located 

at 1624 cm-1, 1655 cm-1 and 1700 cm-1 (Fig 7.5).  The low intensity 1700 cm-1 AmI feature likely 

derives from dehydrated amides, while the 1624 cm-1 band derives from fully hydrogen bonded 

amides at least 2 waters hydrogen bonded at the C=O (hydrogen bonded at sites A and C, Fig 

7.5A) and one water hydrogen bonded at the N-H site (hydrogen bonded at the B site).74,75  The 

1655 cm-1 AmI band, which occurs ~30 cm-1 to higher frequency from the fully hydrogen 

bonded AmI band, probably derives from an intermediate hydrogen bonded state, with only two 

hydrogen bonded waters, one each at the C=O and N-H sites74,75 (hydrogen bonded at the A and 

B sites).   



 

 

Figure 7.4: Temperature dependence of the 204 nm excited UVRR spectra of PNIPAM.  The AmI band 

intensity increases and upshifts with temperature, while the AmII band intensity decreases. and downshifts 

with temperature.   
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Figure 7.5: 204-nm excited UVRR spectra of PNIPAM at (A) 4 ºC and (B) 45 ºC the spectra were decomposed 

into a minimum sum of mixed Lorentzian and Gaussian bands.  The AmI region was fit to Gaussian bands.  

The measured and modeled spectra overlap almost completely.  The different amide-hydrogen bonding sites 

are shown in the Fig 5A insert. 
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Figure 7.6: The intensity ratio of the 1655 cm-1/1624 cm-1 AmI bands shows an abrupt increase between 30 ºC 

and 40 ºC. 

 

The AmI spectral changes result from changes in the intensity ratio of the 1624 cm-1 and 

1654 cm-1 AmI bands over the 30-40 ºC temperature range (Fig 7.6).  Obviously, the PNIPAM’s 

hydrophobic collapse decreases the hydration of the pendent amide bonds increasing the 

intensity of the higher frequency 1654 cm-1 AmI band.  At low temperature the 1624 cm-1 band 

dominates indicating that most of the amide bonds are fully hydrogen bonded at all three sites 

(A, B, and C), while above 30 ºC the amides predominantly show A and B hydrogen bonding.  

Our spectral modeling suggests (assuming similar Raman cross sections) that the PNIPAM 

collapse results in a hydration change, where at low temperature fully hydrated amides, which 
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constitute ~60 % of the population decreases to ~40 % of the population at the higher 

temperature. The less hydrated A and B site hydrogen bonded amide population increases from ~ 

30 % to 50 % of the population. The fully dehydrated amide population decreases only slightly.  

The presence of multiple AmI bands-representing various degrees of amide hydrogen bonding 

even at low temperatures, indicates that pockets of collapsed polymer, hydrophobic domains are 

present at all temperatures.   

The intensity ratio of the (1655/1624) cm-1 AmI bands does not show any significant 

change until the solution temperature increases above 30 ºC.  Light scattering (Fig 7.1), in 

contrast, shows a ~24% decrease in particle diameter (and a 56% volume decrease) between 15 

ºC and 30 ºC.  This indicates that a large particle volume decrease occurs due to the temperature 

increase to 30 ºC, in the absence of any obvious Raman changes in the amide hydration level.   

Previously, Manas et al76 utilizing IR spectroscopy demonstrated that burial of an amide 

bond inside protein’s hydrophobic core upshifts the AmI band by ~26 cm-1 as compared to a 

water-exposed amide.76  This upshift in the AmI band frequency derives from a weakening/loss 

of hydrogen bonding64,76-78 and a decrease in the dielectric constant of the surrounding media.78,79  

Theoretical studies suggest that the dielectric constant in the protein’s hydrophobic interior is ε ~ 

4-20.80-82   

Recently, Iwai et al25 utilized a florescent dye, 9,-(4-N, N-

dimethylaminophenyl)phenanthrene to probe the local dielectric constant in a PNIPAM 

hydrogel.  These authors interpreted the temperature induced shift in λmax of the fluorescence as 

arising due to a change in the dielectric constant of the surrounding media.  They suggest that at 

40 ºC (above the LCST) the local dielectric constant in the collapsed state of PNIPAM is ~17, 

while at 15 ºC  the local dielectric constant is ~ 63, close to that of pure water.25  The relatively 
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high dielectric constant of the high temperature PNIPAM nanoparticles indicates significant 

water penetration of the collapsed particle’s interior.   

Recently, Ono et al36 utilized dielectric relaxation methods to estimate that in the 

collapsed state of PNIPAM the number of hydrating water molecules is  ≤ 2 per NIPAM group.  

In contrast, the low temperature hydrated state boasts ~11 water molecules per amide group.36   

The loss/weakening of amide hydrogen bonding observed in the AmI region is confirmed 

by spectral changes in the AmII and AmIII region.  The AmII band systematically loses 10% of 

its intensity while the AmI band intensity shows a ~15% increase as the temperature increases 

from 4 to 65 ºC.  Previously, Triggs and Valentini83 observed that upon water hydrogen bonding, 

the AmI band intensity of N-methylacetamide (NMA), a model amide bond, decreases while the 

AmII band intensity increases.  The ratio of the AmI to AmII intensity also increases as the 

solvent polarity increases.70,83,84  These authors suggest that hydrogen bonding stabilizes the 

charged resonance form of the amide bond [-O(C)=NH+].  This makes the ground state geometry 

more like that of the excited state along the C=O coordinate and less like that of the excited state 

along the C-N coordinate, thus diminishing the displacement along the C=O bond and increasing 

the displacement along the C-N bond.  Consequently, hydrogen bonding results in a relatively 

smaller resonance enhancement of the AmI vibration and a greater enhancement of the AmII 

vibration.83 

The AmII and AmIII band frequencies downshift with increasing temperature.  The AmII 

band downshifts from 1565 to 1558 cm-1 while the AmIII band downshifts from 1258 to 1252 

cm-1 as the temperature increases from 4 to 65 ºC (Fig 7.4).  Similar temperature-dependent 

changes in the AmII and AmIII frequencies have been observed for water-exposed peptide 
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bonds67,85,86 and attributed to temperature induced weakening and/or loss of amide-water 

hydrogen bonding.62,67,76  

It should be noted that changes in AmII and AmIII frequencies are ~5 times smaller then 

the upshift in the AmI frequency.  This result is highly unusual.  Typically, the temperature 

induced frequency shifts are largest for the AmII vibration (-0.11 cm-1/ºC), followed by the 

AmIII vibration (-0.09 cm-1/ºC) with the AmI vibration showing a smaller upshift.67   

Utilizing high level density functional theory calculations of NMA and NMA-water 

complexes we recently demonstrated that the AmI vibration is predominantly sensitive to 

changes in hydrogen bonding at the C=O, while the AmII vibration is almost exclusively 

sensitive to hydrogen bonding at the N-H site.   

Assuming the amide vibrations in PNIPAM and NMA have similar normal mode 

compositions we can conclude that the AmI frequency shift indicates an increase in the A (C=O) 

and B (N-H) site water hydrogen bonded amide population.  A lack of significant change in the 

AmII frequency indicates little or no change in hydrogen bonding at the B site.  The results 

drawn from both the AmI and AmII frequency shifts indicate little or no change in N-H 

hydrogen bonding, while a decrease in hydrogen bonding occurs at the C=O. 

We also examined the exposure of the amide groups by measuring their hydrogen-

deuterium exchange rates at room temperature and 55 ºC. We found that all the amide N-H were 

exchanged within the ~5 min it took to prepare and measure the H-NMR spectra (data not 

shown).  This result clearly indicates that the collapsed PNIPAM does not significantly hinder 

diffusion of D2O into the collapsed particle.  This result, thus, indicates that in the collapsed state 

of PNIPAM, the amide bonds are hydrogen bonded to water and not to each other.   
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The 1387 cm-1 CαHb bending band shows no significant temperature-induced frequency 

or intensity change.  Previous studies indicate that the CαHb band intensity is greatest when the 

CαH and amide N-H bonds are cis, which allows for maximum coupling.69,87  However, in the 

trans conformation the two bonds lie far from each other giving minimal coupling.  In proteins, 

the cis Cα-H bond conformation corresponds to an extended β-strand while the trans 

conformation corresponds to α-helix-like conformation.69  The lack of change in the CαHb band 

during PNIPAM’s hydrophobic collapse thus indicates essentially identical Ramachandran Ψ 

angles for the collapsed and fully hydrated PNIPAM conformations.  Further, the AmII and 

AmIII features at both low and high temperatures demonstrate that the amide bond conformation 

remains in the trans amide form throughout the VPT. 

We compared the collapsed form of PNIPAM in water to that of fully dried PNIPAM 

prepared by flowing dry nitrogen over the sample.  As compared to the collapsed particles in 

water (45 ºC), the dry, solid PNIPAM at room temperature AmI band intensity is dramatically 

increased and its frequency is upshifted by 7 cm-1, while its band width (ΔFWHM = 5 cm-1) 

significantly narrows (Fig 7.7).  The solid PNIPAM AmII vibration shows a 7 cm-1 downshift in 

the dry, solid state whereas, the AmIII vibration downshifts by only ~4 cm-1.  The magnitude of 

the AmII frequency downshift between the dry, solid and the collapsed 45 °C aqueous PNIPAM 

nanogel is similar to the temperature induced frequency shift observed for the AmII vibration 

between 4º and 45 ºC (Δν = 6 cm-1), indicating weakening of NH-water hydrogen bonding.  The 

impact of particle dehydration on the AmI frequency is relatively small as compared to the large 

upshift observed in the PNIPAM nanogel in water between 4º and 45 ºC.    Spectral modeling of 

the AmI region with three Gaussians indicates that the 7 cm-1 upshift in the AmI region derives 



from a ~49% increase in the A and B hydrogen bonded amides (1654 cm-1 peak) as compared to 

the collapsed 45 ºC aqueous state (Fig 7.7).   

 

Figure 7.7: PNIPAM spectra in water (45 ºC) and in the solid dehydrated state normalized to the peak 

intensity of the AmIII bands show significant differences in the amide band frequencies.  In particular, the 

AmI vibration upshifts while, the AmII vibration downshifts by 7 cm-1 upon PNIPAM dehydration.  The 

insert shows the results of spectral decomposition in the AmI and AmII region of the dry, solid PNIPAM 

which show increased band intensity for the 1654 cm-1 AmI region. 

The CαHb band intensity is slightly greater in the solid state as compared to the collapsed 

aqueous phase (Fig 7.7).  The CαHb band intensity is sensitive to changes in coupling between 

the CαH and N-Hb motions.  The strength of coupling between the two motions in inversely 

correlated with the distance between the two hydrogens.88  Thus, the increased CαHb band 

intensity indicates that the conformation of the amide bonds in the solid, dry state differs 
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somewhat from their aqueous counterparts in that its ensemble structure favors a more extended 

conformations.  There are also changes in the AmIII band shape which also indicates some  Ψ-

conformation alterations for some of the pendent amides. 

The presence in dry PNIPAM of 1654 cm-1 AmI band which we observed for A and B 

hydrogen bonded peptide bonds in water probably derives from inter-chain hydrogen bonding 

between pendent amides.  The formation of hydrogen bonded inter-chain aggregates is likely 

responsible for conformation changes at the amide bond as indicated by increased CαHb band 

intensity in the dry solid.   

7.3.4 A Model of PNIPAM Collapse 

In PNIPAM, our results indicate that at low temperatures the amide bonds are predominantly 

water-exposed.  Likely at low temperatures the amides of PNIPAM are in an extended, trans 

amide conformation, as indicated by a strong CαHb band (Fig 7.4), that allows for favorable 

interactions between the amide and a surrounding hydration shell.89  In the extended state the 

exposed amide bonds provide three hydrogen bonding sites where three water molecules localize 

and serve as nucleating sites for formation of large water clusters i.e. the hydration shells.  The 

formation of these water cluster is highly cooperative, e.g. cooperative effects in a water 

pentamer cluster result in hydrogen bonds energies that are almost twice as large as the linear 

hydrogen bonded dimmer.90  Presumably, by providing a nucleation site the amide bond lowers 

the free energy barrier to formation of large water clusters.  The free energy gained via formation 

of large water-clusters stabilizes the well-hydrated extended PNIPAM conformation. 



At elevated temperatures, increased thermal agitation disrupts the extensive hydrogen 

bonding network that stabilizes these large water clusters.  The loss of favorable interactions 

destabilizes the exposed PNIPAM conformation with its significantly exposed hydrophobic 

surface area.  PNIPAM then collapses to a compact conformation that reduces its hydrophobic 

solvent accessible surface area.  Such a compact state may be formed by pushing the i, i+3 

isopropyl groups closer together to form local hydrophobic pockets where the C=O groups are 

located inside the hydrophobic core (Fig 7.8) which results in a large upshift of the AmI band.  

Nearer-neighbor interactions are sterically forbidden. 

 

Figure 7.8: A cartoon of collapsed and extended conformation of PNIPAM (side-view) as drawn in Material 

Studio software.  Note that the carbonyl groups are fully exposed in the extended conformation but are 

located inside the hydrophobic pocket in the collapsed state.  The carbonyl oxygens are colored red while, the 

nitrogens are blue. 

The formation of a collapsed hydrophobic cluster or a nano-pocket reduces PNIPAM’s 

exposed hydrophobic surface area.  The loss of well-ordered water molecules from the 

hydrophobic group’s solvation shell into the bulk increases the system entropy, thus stabilizing 

the compact PNIPAM conformation.  Previously, Okada and Tanaka’s numerical simulations of 

PNIPAM in water indicate the temperature of LCST depends upon the hydration cooperativity.91 
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Daggett and co-workers91b found that the hydrophobic collapse of elastin peptides is also driven 

by changes in water’s orientation entropy.   

 

Figure 7.9: Single chain PNIPAM shows a ~20 cm-1 upshift in the AmI vibrational frequency upon PNIPAM 

collapse.  Spectral decomposition of the AmI and AmII regions at 24 and 42 ºC are shown in inserts. 

 

As shown in Fig 7.9, we observe similar temperature-induced spectral changes for single 

PNIPAM polymer chains (m.w. ~25, 000) as observed for cross-linked PNIPAM nanoparticles.  

Utilizing the same band decomposition routine used for PNIPAM nanogels (Fig 7.5) we find that 

a temperature increase form 24 ºC to 42 ºC results in an A and B hydrogen bonded population 

increase from ~33% to 47%, while the fully hydrated population shows an equivalent decrease.  
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This result indicates that the VPT evident for PNIPAM nanoparticles also occurs in single 

PNIPAM polymer chains.   

7.3.5 Kinetics of PNIPAM’s hydrophobic collapse 

We examined the dynamics of the VPT to see if the dynamics would give insight into the VPT 

reaction coordinate.  As shown in Fig 7.10A, a 15 ˚C T-jump results in prompt changes in the 

PNIPAM amide UVRR spectra which occur at the shortest delay times resolved.  As in the 

equilibrium spectra the spectral changes are most prominent for the AmI band. The difference 

spectra at longer times resemble the equilibrium difference spectrum (Fig 7.10A). The kinetic 

changes in the AmI region can be accurately modeled as a single exponential process which 

yields a time constant of 360 ± 85 ns (Fig 7.10B).   
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Figure 7.10: Time resolved 204-nm UVRR (hot – 30 ºC) difference spectra at different delay times. The AmI 

band shows the largest spectral shift. B)  The peak-to-peak AmI band amplitude in the (hot – 30 ºC) transient 

difference spectra at different delay time is used to model the kinetics of the PNIPAM’s hydrophobic collapse.  

All changes in the AmI region are complete within 1 µs; we do not observe any significant changes in the AmI 

region at longer timescales (insert).  The amide band intensity in the difference spectra shows a small 

decrease at 100 μs which indicates sample volume cooling due to equilibration. 

 

The PNIPAM amide dehydration appears complete within 1 µs; we do not observe any 

significant change in the AmI region at longer time scales (Fig 7.10B insert).  The prompt 

spectral changes in the AmII and AmIII regions are very similar to features observed by Lednev 

et al62 in T-jump Raman measurements of an α-helical polyala peptide.  They demonstrated that 
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these changes derived from the temperature-induced frequency shifts independent of peptide 

structural changes.62 

Our success in modeling the transient spectral changes as a single exponential indicates 

that at least kinetically the PNIPAM collapse occurs as a two-state process with no significant 

intermediates observed.  Previous steady-state light scattering studies of single PNIPAM chains 

indicate the polymer collapse involves at-least two-intermediate states as suggested by small but 

significant temperature-dependent changes in <Rg/Rh>.92  Our steady-state (Fig 7.6) and kinetic 

(Fig 7.10) results indicate that these intermediates do not significantly impact PNIPAM 

hydration during the polymer collapse. 

Our results are consistent with previous kinetic studies of Wang et al1 and Reese et al3 

that indicate a single exponential collapse of free PNIPAM particles with relaxation times of 

~390 ns and ~120 ns, respectively.  The observed time for the PNIPAM’s hydrophobic collapse 

is similar to the folding time observed for small α-helical peptides62 and some designed ultra-fast 

folding mini-proteins,86,93,94 where folding is regarded as being essentially limited by solvent 

friction.93,95-102  The rate of collapse in PNIPAM may also be limited by polymer and water 

diffusion.   

Polymer collapse is likely limited by the rate at which distant part of the polymer can 

form contacts.103-106  The rate of intra-chain contact formation or the rate of loop formation has 

been extensively studied in the context of protein folding.103-106  These studies indicate that the 

rate of loop formation is limited by solvent viscosity and chain stiffness. For short peptide chains 

(<10 mers) in water the rate of loop formation appears to be ~107
 s-1.104,106  The rate of loop 

formation decreases with increasing chain length but due to chain stiffness which limits the 
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conformation space available to the polymer chain, the rate of loop formation levels off at ~105 s-

1 for n> 20.106   

Assuming amide dehydration in PNIPAM is limited by the rate of polymer collapse, the 

observed collapse rate in PNIPAM (106 s-1) suggests an average persistence length in PNIPAM 

of n~10.104,106  At lengths shorter than the persistence length the polymer acts as an elastic rod, 

whereas, at lengths longer than the persistence length the polymer backbone conformation forms 

a random coil.  The estimated persistent length is roughly three times longer than the smallest 

possible PNIPAM length required to form a local hydrophobic nano-pocket.  This suggests that 

probably the adjacent hydrophobic pockets coalesce via hydrophobic interactions to stabilize the 

collapsed particle. 

PNIPAM chains as small as a 10-mer is thus expected to show a temperature induced 

hydrophobic collapse.  It should be noted that a 10-mer is also the minimum length required for a 

polypeptide to fold into a stable α-helix conformation 

7.4 CONCLUSIONS 

PNIPAM has long been utilized as a model system for understanding temperature-induced 

polymer hydrophobic collapse.  Here we utilize DLS, H-NMR, and steady-state UVRR 

measurements to determine that in the collapsed state the amide bonds of PNIPAM do not 

engage in inter-amide hydrogen bonding.  Our measurements clearly indicate that above Tt the 

amide bonds of PNIPAM are predominantly hydrogen bonded on average to two water 
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molecules each, with one water-peptide hydrogen bond at the C=O and N-H site each.  In 

contrast, at low temperatures the C=O is hydrogen bonded to two water molecules.   

Based on our spectroscopic data we propose that at low temperatures the PNIPAM-water 

interactions stabilize an extended water-exposed conformation.  At elevated temperatures, 

thermal agitation disrupts the solvation shell around N-isopropylacrylamide (NIPAM).  The loss 

of favorable NIPAM-water solvation shell interactions forces the PNIPAM chain to adopt a 

compact conformation, forming local hydrophobic pockets that significantly reduce the solvent 

exposure of its pendent NIPAM amide groups.  The resulting decrease in hydrophobic solvation 

increases the system entropy which stabilizes the compact/dehydrated state of PNIPAM.   

Steric constraints prevent hydrophobic contacts between nearest neighbors.  The (i, i+3) 

is the nearest neighbor pair that can form hydrophobic contacts free of steric clashes (Fig 8).  The 

formation of local hydrophobic clusters results in a loss on average of one C=O-water hydrogen 

bond, which results in a 28 cm-1 upshift in the average AmI frequency.  This provides a 

convenient marker for examining the temporal evolution of the PNIPAM collapse.    

Our time-resolved UVRR measurements indicate that the changes in C=O-water 

hydrogen bonding can be modeled as a mono-exponential collapse with a time constant of 360 (± 

80) ns.  Changes in the AmII region are complete within 60 ns, indicating the AmII frequency 

shifts derive from temperature induced weakening of NH-water hydrogen bonds.  Similar 

temperature induced changes in the amide band frequencies were observed by Lednev et al1 in 

their T-jump study of a mainly α-helical peptide.  Thus, the NH hydrogen bonding does not 

appear to significantly change. 

Assuming the PNIPAM collapse is diffusion limited, the rate of collapse (106 s-1) 

suggests a persistence length of n~10.  The estimated persistence length is ~3-times longer than 
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the shortest polymer length that is sterically allowed to form a hydrophobic cluster.  This 

suggests that the hydrophobic collapse is a cooperative process where probably adjacent 

hydrophobic pockets coalesce via hydrophobic interactions to stabilize the collapsed particle.   

The hydrophobic collapse of PNIPAM is driven by changes in polymer-water 

interactions.  In the extended state, favorable interactions between the amide and a surrounding 

hydration shell.  At high temperatures, increased thermal agitation disrupts the NIPAM-water 

solvation shell interactions, reducing the favorable free energy of the system.  Aqueous PNIPAM 

compensates for the loss of favorable amide-water interactions by adopting a compact 

conformation which reduces its solvent accessible surface, resulting in the loss of well-ordered 

water molecules solvating the hydrophobic isopropyl groups.  This results in a significant 

increase in the entropy, thus, favoring the compact state of PNIPAM.   

Previously, Daggett and co-workers2 found that the hydrophobic collapse of elastin 

peptides is also driven by changes in water’s orientation entropy.  Our results here suggest that 

PNIPAM hydrophobic collapse is driven by temperature induced changes in water hydrogen 

bonding. 
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8.0  CONCLUSIONS 

Our initial work with the Trp-cage peptide (chapter 3) and elastin-based peptides (chapter 5) 

highlighted the dearth of knowledge about pro peptide bonds and 310-helix.  In chapter 3 we 

assumed that 310-helix being conformationally similar to an α-helix would show similar spectral 

features in the AmIII3 and CαHb regions.  This assumption was based on previous theoretical 

work by Asher and co-workers1 that relates the resonance CαHb intensity to coupling between the 

CαHb and NHb motions.  In non-α-helical conformations like the PPII conformation, the CαH 

and the NH hydrogens are in cis position, which allows for maximum coupling.  In α-helix like 

conformations the two hydrogens are in trans position and hence do not couple strongly.1  We 

therefore assumed that being conformationally similar the α-helix and 310-helix should show 

similar spectral features.  The significance of any spectral differences between the α- and 310-

helix deriving from a small Ψ-angle difference between the two conformations was however, not 

clear. 

Similarly, in chapter 3 we note that the AmII'p downshifts by 10 cm-1 as the Trp-cage 

peptide undergoes thermal denaturation over the temperature range 4-70 ºC.  The pro literature, 

fraught with disagreements suggested that the AmII'p frequency shifts may be attributed to either 

cis-trans isomerization or peptide bond hydrogen bonding.  
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We therefore initiated a focused research effort to fill in these gaps in our knowledge.  In 

specific we focused our efforts to a) identify UVRR spectroscopic markers of 310-helix and b) 

understand the significance of pro peptide bond’s most prominent spectroscopic signature the 

AmII'p. 

We examined the temperature-dependent conformation of a model 310-helix peptide 

gp41659-671 (chapter 4).  Our results clearly indicate that UVRR spectroscopy can discriminate 

between the conformationally similar 310- and α-helix.  Our temperature-dependent UVRR 

measurements indicate that gp41659-671 peptide has a rough energy landscape where the folded 

and unfolded conformations are equally populated at all temperatures. 

Having determined the spectroscopic markers for 310-helicies we turned our attention to 

pro peptides.  Utilizing DFT calculations and UVRR measurements we developed a 

methodology that allows us to correlate changes in AmII'p frequency to changes in Ψ-dihedral 

angle at the pro peptide bond (chapter 6).  Using this methodology we correlate a 7 cm-1 

downshift in the AmII'p frequency of polyproline peptide to a 45º rotation in the Ψ-angle from Ψ 

= 145º to Ψ = 100º.  Molecular modeling reveals that the Ψ = 100º conformation corresponds to 

a more compact, less water-accessible PPII structure.  This result indicates that polyproline 

peptides undergo a temperature-induced hydrophobic collapse that results in a significant 

decrease in its end-to-end distance and solvent exposure. 

Recent Monte Carlo work from Rose lab2 indicates the extended water-exposed PPII 

conformation is stabilized by favorable interactions between the peptide and its first water-

solvation shell.  Our results suggest that the temperature-induced hydrophobic collapse in 

polyproline peptide is driven by temperature-induced disruption of the pro-water interactions.  At 

elevated temperatures increased thermal agitation disrupts the extensive hydrogen bonding 
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network between the pro peptides and surrounding water molecules.  The system (peptide + 

water) attains equilibrium by increasing its entropy which compensates for the loss of favorable 

peptide-water solvation shell interactions.  This is accomplished when the peptide chain adopts a 

more compact conformation that significantly reduces its solvent accessible surface area 

(SASA), thus reducing the number of well-ordered water molecules in the solvation shell around 

hydrophobic groups.  The release of water molecules from the well-ordered solvation shell of 

hydrophobic groups results in an increase in the overall entropy of the system which stabilizes 

the peptide’s compact conformation.  We therefore conclude that entropy changes in water 

solvation shell are responsible for pro hydrophobic collapse. 

We further investigate the role of solute-water interactions in driving polymer collapse by 

examining the temperature-induced hydrophobic collapse of PNIPAM nanogels (chapter 7).  

PNIPAM has long been utilized as a model system for understanding temperature-induced 

polymer hydrophobic collapse.  We utilize steady-state UVRR, DLS and H-NMR measurements 

to determine that in the collapsed state the amide bonds of PNIPAM do not engage in inter-

molecular hydrogen bonding.  Our measurements clearly indicate that above Tt the amide bonds 

of PNIPAM are predominantly hydrogen bonded to two water molecules each, with one water-

peptide hydrogen bond at the C=O and N-H site each.  At low temperatures the amide bond is 

fully hydrogen bonded with two C=O-water hydrogen bonds and one NH-water hydrogen bond.   

Based on our results we propose that at low temperatures the PNIPAM-water interactions 

stabilize an extended water-exposed conformation.  At elevated temperatures, thermal agitation 

disrupts the solvation shell around the N-isopropylacrylamide (NIPAM).  The loss of favorable 

NIPAM-water solvation shell interactions forces the PNIPAM chain to adopt a compact 

conformation, forming local hydrophobic pockets that significantly reduce the solvent exposure 
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of its pendent NIPAM group.  Decrease in hydrophobic solvation increases system entropy and 

stabilizes the compact/dehydrated state of PNIPAM.  The formation of local hydrophobic 

pockets between the (i,i+3) groups results in the dehydration of the C=O group which results in a 

loss of one C=O-water hydrogen bond. 

The loss of C=O-water hydrogen bond in the collapsed PNIPAM results in a 28 cm-1 

upshift in the AmI frequency.  This provides a convenient marker for examining the temporal 

evolution PNIPAM collapse.    

Our time-resolved UVRR measurements indicate the amide dehydration is complete 

within 1 μs.  Spectral modeling indicates that changes in C=O-water hydrogen bonding can be 

modeled as mono-exponential collapse with a time constant of 360 (± 80) ns.  Changes in the 

AmII region are complete within 60 ns, indicating the AmII frequency shifts derive from 

temperature-induced weakening of NH-water hydrogen bonds.   

The rate of collapse of PNIPAM (106 s-1) suggests a persistent length of ~10 for PNIPAM 

polymers.  This suggests the PNIPAM collapse is a cooperative process where hydrophobic 

interactions between the adjacent hydrophobic pockets are needed to stabilize the collapsed 

PNIPAM.  It should be noted that a 10-mer is also the minimum length required for a 

polypeptide to fold into a stable α-helix conformation.   

Our results in chapter 6 and 7 have highlighted the role, changes in water solvation shell 

play in driving protein hydrophobic collapse.  These results indicate that in order to obtain a 

more complete understanding of protein folding we need to understand the role of water during 

protein folding.  Up till now the role of water molecules as been largely ignored, in favor of the 

solute i.e. the peptide chain.  Research efforts have almost exclusively (and rightly so) focused 
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on developing novel spectroscopic tools for determining protein conformation.  These efforts 

have greatly improved our understanding of some of the earliest events in protein folding. 

Our results, however, indicate that a similar effort is now needed to understand the 

structure of water in response to protein conformation changes.  The developments of new 

spectroscopic tools and methodologies that allow us to correlate changes in vibrational spectra to 

structural/entropy changes in water will greatly enhance our understanding of the basic physics 

underlying protein folding.   

Our UVRR and DFT results in chapter 5 indicate the changes in AmII'p frequency are 

correlated to Ψ-angle changes.  In future work we need to further refine this relationship to allow 

experimentalist to directly correlate the AmII'p frequency to the Ψ-angle of the pro peptide bond.  

This will be accomplished by growing x-ray quality crystals where a single pro peptide bond is 

limited to a specific Ψ-angle.  By examining an extensive series of crystal structures with 

varying Ψ-angles we can quantitatively establish a direct correlation between the AmII'p 

frequency and its Ψ-angle.  Similar approaches have been successfully utilized in correlating the 

W3 band frequency to the Trp  χ2 angle3 and the AmIII3 band frequency to the Ψ-angle1 of non-

pro, non-gly peptide bonds.  This will allow future workers to directly and quantitatively track 

conformation changes in the pro peptide bond during protein folding and/or protein-protein and 

protein-ligand interactions.   
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